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Abstract 

Various biological responses occur when cells are exposed to endogenous and 

exogenous stress such as DNA damage, replication stress, and oxidative stress. To 

maintain genome stability, mammalian cells have developed intricate molecular network 

including DNA damage response (DDR), replication stress response as well as the 

oxidative stress response. Defects in these responses lead to several human diseases, such 

as neurodegeneration disorder and cancer, therefore elucidating the mechanism of these 

stress responses and function of related genes is crucial for understanding not only the 

pathophysiological mechanisms of how disease progress but also for developing a novel 

therapeutic modality. To gain novel insights regarding these disorders and mechanisms, 

I focused on MRE11, which is an activator for a critical DDR enzyme ATM kinase, and 

SLFN11, which is known to accelerate chemotherapeutic response. 

In chapter 2, I examined whether MRE11 participates in ATM activation during 

oxidative stress. Both Ataxia-telangiectasia (AT) and MRE11-defective Ataxia-

telangiectasia-like disorder (ATLD) patients show progressive cerebellar ataxia because 

of neurodegeneration. ATM, mutated in AT, can be activated in response to oxidative 

stress as well as DNA damage, which could be causal for neurodegeneration. However, 

the role of MRE11 in oxidative stress responses has not been defined. I discovered that 

MRE11, but not NBS1 and RAD50 (these are components of the MRE11 complex), are 

indispensable for ROS-induced ATM activation. I also identified FXR1 as a novel 

MRE11-binding partner by mass spectrometry. FXR1 could bind with MRE11 and 

showed that both localize to the cytoplasm. Notably, both MRE11 and FXR1 partly 
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localize to the mitochondria, which are the major generators of ROS. The contribution of 

FXR1 to DNA damage response seemed minor and limited to homologous recombination 

(HR) repair, since depletion of FXR1 perturbed chromatin association of HR repair 

factors and sensitized cells to camptothecin. During oxidative stress, depletion of FXR1 

by siRNA reduced oxidative stress responses and increased the sensitivity to pyocyanin, 

a mitochondrial ROS inducer. Collectively, these findings suggest that MRE11 and FXR1, 

as a cytoplasmic complex, contribute to the activation of ATM kinase and cellular defense 

against mitochondrial ROS. 

 In chapter 3, I examined a role of SLFN11, a member of the long-form SLFN 

family, in replication stress response. SLFN11 now attracts attentions from cancer 

researchers since its expression impacts cell fate decisions following chemotherapy. 

Although SLFN11 harbors the N-terminal ribonuclease (RNase) domain and the C-

terminal helicase/ATPase domain, how these domains contribute to the mechanisms of 

chemotherapeutic response remains poorly understood. Our lab has previously reported 

that SLFN11 accelerates stalled fork degradation in response to DNA damage and 

replication stress in a manner dependent on the helicase domain. To clarify the role of 

RNase domain in SLFN11, I expressed wild-type and mutated on RNase domain of 

SLFN11 into previously generated SLFN11-defective HAP1 cells. I found that the RNase 

domain mutant was still able to suppress DNA damage tolerance and destabilize the 

stalled replication forks. I next found the fork degradation is dependent on both DNA2 

and Mre11 nuclease, but not on FXR1. Unexpectedly, I observed that the exogenous 

expression of not only the RNase-deficient but also wild-type SLFN11 downregulated 

the protein levels of ATR kinase, which is a critical regulator for replication stress 

response. Finally, I clarified that ATR inhibitor treatment accelerated the stalled fork 
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degradation. Collectively, these results supported the view that a critical role of SLFN11 

in cancer chemotherapy may involve the regulation of ATR levels, and SLFN11 may 

emerge as a novel modifier of ATR function. 

In conclusion, the functional analyses of FXR1 and SLFN11 have provided novel 

insights in regulation of critical kinases in DNA damage response and replication stress. 

These results deepened current understanding of the mechanism of cellular response to 

genotoxic stress in diseases, such as cancer and neurodegenerative disorders.  
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Abbreviations  

AT Ataxia-telangiectasia 

ATLD Ataxia-telangiectasia-like disorder 

ATM Ataxia-Telangiectasia mutated 

ATR ATM-and Rad3-related 

ATRIP ATR-interacting protein 

BER Base excision repair 

BRAC2 Breast cancer susceptibility 2 

CHK1 Checkpoint kinase 1 

CHK2 Checkpoint kinase 2 

CPT Camptothecin  

DDA DNA damage agents 

DDR DNA damage response 

DNA-PKcs DNA-dependent protein kinase catalytic subunit 

DSB DNA double-strands break 

dsDNA Double strands DNA 

EXO1 Exonuclease 1 

FXR1 FMR1(Fragile X Mental Retardation) autosomal 
homolog 1 

HR Homologous recombination 

HU Hydroxyurea  

IR Ionizing radiation 

MMR Mismatch repair 
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MRE11 Meiotic recombination 11 

NBS Nijmegen breakage syndrome 

NBS1 Nijmegen breakage syndrome 1 

NER Nucleotide excision repair 

NHEJ Non-homologous end joining 

NLS Nuclear localization signal 

RAD50 Radiation sensitive 50 

ROS Reactive oxidative species 

RPA Replication protein A 

SDSA synthesis-dependent strand annealing 

SLFN Schlafen 

SSB DNA single-strand break 

ssDNA Single strand DNA 

TOPBP1 DNA topoisomerase 2-binding protein 1 

UV Ultraviolet  
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1.1 DNA damage and replication stress 

1.1.1 DNA damage  

Genomic DNA, which stores genetic information, is the template for the basic 

processes of replication and transcription, making the maintenance of genetic stability 

critical for cell viability and growth. Each human cell is threatened by a variety of 

endogenous and exogenous stress which causes different types of DNA damage (Figure 

1.1). 

(a)Endogenous DNA damage  

Endogenous DNA damage occurs spontaneously or in the physiological metabolic 

process of cells[1]. These include an oxidative modification of bases such as 8-

oxoguanine (8-oxoG) or single-strand DNA break (SSB)[2,3], which is generated by 

reactive oxidative species (ROS) leaking from mitochondria. Another example is base 

pair mismatches caused by incorrect insertion of bases during DNA replication[4].  

(b)Exogenous DNA damage 

Extrinsic DNA damages are best exemplified by ultraviolet (UV)-induced pyrimidine 

dimers and ionizing radiation (IR)-induced DNA double-strand breaks (DSBs). Cell death 

can be induced by UV or IR, leading to apoptosis or necrosis depending on the context. 

Radiation can affect intracellular signaling, cell membranes, and transcription factors[5]. 

IR exposure produces SSB and DSB damages but also results in ROS including free 

radicals such as superoxide (O2·-). The latter effects can be through the radiolysis of 
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water and can be mimicked by H2O2 treatment [6]. Accumulation of ROS in cells is highly 

toxic by immediately reacting with biomolecules in cells, such as nucleic acids, proteins, 

and lipids. The toxicity includes proteins and lipids irreversible modificated, oxidative 

DNA damage, oxidative damage of some organelles, and abnormal redox homeostasis[7]. 

 

Figure 1.1 Endogenous and exogenous stress-induced DNA damage. The genomic DNA of 

mammalian cells is constantly challenged by endogenous stress such as reactive oxidative species 

(ROS) and replication errors or exogenous stress such as ultraviolet (UV) and ionizing radiation 

(IR).  

1.1.2 Replication stress 

DNA replication originate at multiple sites which referred to as origins, forming two-

way replication forks. Before DNA replication, a numbers of replication initiation factors 

are activated for preparing the platform for replication[8]. Once replication origins fire 

and undergoing the replication, cells need to balance the speed, and distribution of 

correctly nucleotides and related replication factors to make sure replication efficiently. 

The unbalance of any recourse in DNA replication will lead to mutations or stalled 
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replication fork, which cause chromosome aberration, rearrangement, and mis-

segregation. Many different sources, such as limitation of nucleotides, mis-incorporation 

of ribonucleotides, limitation of essential replication factors, DNA lesions, and 

DNA/RNA hybrids can interfere with DNA replication, and block DNA replication 

progression (Figure 1.2) [7,9-14]. This is referred to as replication stress characterized 

by DNA synthesis slowing down and replication forks stalling, which cause genomic 

instability. 

 

Figure 1.2 Sources lead to replication stress. There are several sources which can slow down 

or stalled DNA replication, including limitation of nucleotides, DNA lesions, ribonucleotide 

incorporation, and DNA/RNA hybrids (modified from Zeman et al 2014[15]).  
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1.2 Mechanisms in stress response 

To counter threats posed by DNA damage, mammalian cells have evolved mechanisms 

termed the DNA damage responses (DDR), including DNA repair and cell cycle 

checkpoints[16].  

1.2.1 DNA repair 

Among the various DNA damages, the most threatening damage is IR-induced DNA 

double strands break (DSB) damage. If not repaired immediately and properly, 

accumulation of lesions leads to loss of genetic information, chromosomal abnormalities, 

cell death, and cancer. Therefore, the repair of DSB damage is extremely important for 

life. Mammalian cells sense DSB damage as soon as it occurs and activate the DSB repair 

pathway[14]. Phosphorylation of histone H2AX is one of the earliest and upstream events 

in DDR[17]. Genomic DNA forms nucleosomes by coiling around core histones, which 

are octamers consisting of histones H2A, H2B, H3, and H4, and then folds three-

dimensionally into chromatin and localizes in the cell nucleus. Histone H2AX, a variant 

of histone H2A, is known to account for 10 to 15% of all histone H2A pools [18]. When 

DSB damage occurs due to IR exposure, H2AX around the DSB sites are 

phosphorylated[19]. Phosphorylated H2AX, termed γH2AX, plays an important role in 

activating DSB repair through interactions with various DDR-related factors to promote 

their recruitment/accumulation at DSB sites[20].  

DSB damage is known to be repaired mainly by two major pathways, non-homologous 

end joining (NHEJ) and homologous recombination (HR) [21,22](Figure 1.3). In the 
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NHEJ repair pathway, a DNA-binding protein complex (a heterodimer composed of 

KU70 and KU80) first recognizes DSB and binds to the ends. DNA-dependent protein 

kinase catalytic subunit (DNA-PKcs) was then recruited through binding to KU70/80 

complex. In many cases, DSB ends are processed by a nuclease called Artemis, and 

finally, DSB ends are re-ligated by DNA ligase IV (LIG4) / X-ray repair cross-

complementing protein A (XRCC4) complex[23]. NHEJ repair functions throughout the 

cell cycle except for the M phase. It is often considered to be an inaccurate mechanism 

because several to dozens of bases proximal to DSB ends are excised by Artemis 

nucleases during the repair process[24] (Figure 1.3). 

On the other hand, in the HR repair pathway, which is mainly operating during S to G2 

phase, the DNA ends are processed in a different manner. The meiotic recombination 11 

(MRE11)- radiation sensitive 50 (RAD50)- Nijmegen breakage syndrome 1 (NBS1) 

complex (MRN complex) is accumulated at the DSB site and forms a complex with the 

DNA endonuclease CtBP-interacting protein (CTIP) to produce a nick near the end of 

DSB. Subsequently, exonuclease 1 (EXO1) and DNA2, which have nuclease activity, 

cooperate with a helicase termed BLM, to control the resection of DSB ends from the 5′-

terminated strand to expose a 3′-terminated single-stranded (ss)DNA tail[25]. The ssDNA 

3’ends are stabilized by coating with the replication protein A (RPA) trimeric complexes 

(formed by RPA14, RPA32, and RPA70). With the function of breast cancer 

susceptibility gene 2 (BRCA2) and other factors, the RPA complex is replaced with 

RAD51, forming filaments in which RAD51 is polymerized on ssDNA. RAD51 then 

catalyzes the invasion of the nucleoprotein filament into homologous DNA, and the 

invading DNA strand forms base pairing with a complementary strand. Next, DNA 

synthesis occurs from the end of invaded strand, and anneals with a strand at the other 
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end of DSB. This mode of HR repair is called “synthesis-dependent strand annealing” 

(SDSA) pathway and mitotic cells predominantly utilize this mode[26]. In the other mode 

of HR repair, the broken DNA and invaded template strands form “double Holliday 

structure” which is then cleaved by specialized nucleases (Holliday junction resolvases) 

(with or without crossover) or dissolved by the BLM helicase complex (without 

crossover)[25,27]. Thus, HR repair is limited to occur during the S-phase to G2-phase 

where sister chromatids can serve as a template. HR repair is considered an accurate repair 

because it basically functions by “copy and paste” of nucleotide sequences (Figure 1.3). 

 The choice of whether to resect broken DNA end is a critical regulatory step that 

affects DSB repair pathway (NHEJ versus HR). Mis-regulation of the balance between 

these two key DSB repair pathways lead to genome instability that is found in many 

cancer types[28,29].  
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Figure 1.3 DSB repair pathway. There are two main repair mechanisms for DSB 

damage caused by agents such as IR: non-homologous end rejoining (NHEJ) and 

homologous recombination (HR). NHEJ repair directly rejoins DSB ends, whereas HR 

repair requires homologous sister chromatids as a template because it functions by “copy 

and paste” mechanisms.  

1.2.2 Cell cycle checkpoint activation 

To detect the occurrence of DNA damage immediately and arrest cell proliferation at 

a specific time to ensure DNA repair, mammalian cells utilize a mechanism termed cell 

cycle checkpoints[30]. Years of research have revealed that ATM (Ataxia-telangiectasia 

mutated) kinase is the central regulator of cell cycle checkpoints upon DSB. ATM kinase 

normally exists as an inactive dimer (or multimer). When DSB damage occurs, it 

autophosphorylates at Ser1981 and dissociates into monomers[30]. Subsequently, 
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monomeric ATM associate with the C-terminus of NBS1 of the MRN complex thereby 

accumulating at DSB sites, and exhibiting kinase activity[31]. Activated ATM kinase 

phosphorylates cell cycle checkpoint regulators such as p53 and CHK2 (checkpoint 

kinase 2) in response to DSB damage[32]. On the other hand, H2O2 also activates ATM 

in the absence of DSBs, through disulfide-cross-linking dimerization of ATM. Thus, 

ATM is a crucial redox-sensor for oxidative stress defense system in cells[33] (Figure 

1.4). 

When replication fork is stalled, the persisted ssDNA adjacent to the stalled newly 

replicated double-stranded DNA is bound by replication protein A (RPA)[25,34], which 

generates a signal for activation of the replication stress response. ssDNA-bound RPA 

serves as a signaling platform to recruit numbers of replication stress response proteins, 

including the protein kinase ATR kinase (ATM and Rad3-related)[35]. ATR is the central 

replication stress response kinase, and forms a complex with ATRIP (ATR-interacting 

protein). The ATR-ATRIP complex is recruited by the RPA complex on ssDNA 

generated by replication stress. At the same time, RAD17 complex (RAD17-RFC), 

RAD9-RAD1-HUS1 complex (9-1-1), and TOPBP1 (DNA topoisomerase 2-binding 

protein 1) are accumulated on ssDNA/dsDNA junctions generated by replication 

stress[36]. ATR kinase is activated by binding with the ATR-activating domain of 

TOPBP1 and subsequently phosphorylates downstream substrates such as CHK1 

(checkpoint kinase 1), which helps the cell to survive and faithfully complete DNA 

replication in the face of the stress[37] (Figure 1.4).  
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Figure 1.4 ATM, ATR activation. ATM is activated during DSB damage to regulate DNA repair 

and cell cycle checkpoint or cellular response to ROS. On the other hand, ATR is activated in 

response to replication stress.  

1.2.3 Replication stress response 

ATR is activated at a stalled replication fork formation and there are two key outcomes 

of ATR activation. One is the cell cycle arrest and another one is late origin firing 

suppression[38]. These events provide enough time for DNA repair and allow the cell to 

maintain resources to finish DNA synthesis near the stalled replication forks. ATR 

pathway stabilizes the stalled replication forks and the stalled replication forks can be 

restarted after remove the replication stress. On the other hand, restart pathways that can 

activate during the present of stress, as form an unrepaired DNA lesion. Replication forks 

stalled at DNA lesions can be rescued by the dormant origin firing[39-41]. Then, the 
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replication machinery can restart the replication behind the lesion and leave a “gap” on 

ssDNA[42,43].  

Recent evidence has also demonstrated that stalled replication forks can reverse 

mediated by fork remodeling enzymes (e.g., ZRANB3, HLTF, SMARCAL1) and RAD51, 

unwinding the double strand DNA and result in the newly replicated strands with a 

“chicken foot” structure. Reversed fork structures form more often when the checkpoint 

pathway is inactivated[44,45], and stalled forks are degraded by nuclease such as DNA2 

and MRE11 in the absence of ATR signaling[46-48]. This degradation is prevented by 

HR-independent functions of DNA damage response proteins, such as RAD51, BRCA1, 

BRCA2, FANCD2 and RPA [47][48], resulting in the promotion of stalled fork 

recovery[49] 

 

Figure 1.5 Mechanisms of rescue and collapse stalled replication fork. (Upper) Mechanisms 

of the fork rescue. Replication fork was stalled by DNA lesion (shown as red star) can restart 

replication with formation of fire dormant origins, repriming replication, reversal stalled fork, or 
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activating the DNA damage responses. (Below) Mechanisms of fork collapse. The 

mechanism that includes dissociation of replisome components, nuclease degradation of 

a reversed fork, or ssDNA gaps are shown (modified from Zeman et al. 2014[15]). 

1.3 Human Diseases and the cellular response to genotoxic stress 

Genotoxic stress such as DNA damage and replication stress can lead to mutations, 

genomic instability, loss of stem cells, aging and cancer. In particular, several diseases 

are associated with defects in DNA damage and replication stress response signaling. The 

ATM gene encoding ATM kinase was identified in 1995 as the causative gene for ataxia-

telangiectasia (A-T), a radiation-sensitive genetic disorder[32]. Patients with A-T exhibit 

radiation-resistant DNA synthesis (RDS), which is a cytological signature resulting from 

radiation-induced cell cycle checkpoint dysfunction caused by ATM gene defects[50,51].  

As ATR activation is a key initiating event in the replication stress response, human 

with mutant of either ATR alleles that reduce protein expression, or with mutations in 

ATRIP, a binding partner of ATR, lead to Seckel syndrome, which is characterized by 

developmental delay, microcephaly, and mental retardation[52-54]. Similarly, loss of 

NBS1 and MRE11, which activates ATM upon DSB, has been associated with 

developmental disorders NBS and ATLD, respectively[55,56]. ATLD show similar 

clinical features of progressive cerebellar ataxia like A-T[56]. Patients lacking this NBS1 

or MRE11 have a combination of cellular features associated with loss of DNA damage 

stress signaling and defects in DSB repair. The defective cellular stress response also 

leads to the accumulation of unrepaired DNA damage, leading to genomic instability and 
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mitochondrial dysfunction, causing progressive loss of neuronal cells, contributing to 

neurodegenerative disorders [58-60] (Table 1). 

Probably the most common human disease associated with DNA damage and 

replication stress is cancer. Genome instability is a hallmark of cancer[57]. For example, 

genomic instability in lymphoid tumors often display chromosomal translocations in 

which proto-oncogene loci are fused to those of an antigen receptor[58,59], apparently 

through aberrant antigen receptor rearrangements. Furthermore, the mismatch repair 

deficiency (in Lynch syndrome) causes microsatellite instability (MIN) in colorectal and 

endometrial cancers[60]. In addition, chromosomal instability (CIN) is observed in most 

sporadic solid tumors[61].  

Table 1 Human Diseases Related with Cellular Response Defects 

 

However, defects in the function of DNA damage response or replication stress 

response not only promote tumor development but also make cancer cells more 

vulnerable to DNA-damage agents. This is the basis for cancer treatments which utilize 

DNA damaging agents. Even though the recent development of immune checkpoints 
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inhibitor drugs (anti-CTLA4 or anti-PD-1/PD-L1 antibodies)[62], most widely used 

cancer drugs are still DNA-damaging agents like cisplatin[63,64]. These 

chemotherapeutic drugs often kill cancer cells by inducing replication stress. Therefore, 

it is of foremost importance to understand the mechanisms of replication stress in cancer 

cells. Recent studies indicate that expression of SLFN11 gene in cancer cells accelerates 

chemotherapeutic response in cell lines and patients undergoing chemotherapy[65-68]. It 

is also reported that SLFN11 can affect replication stress response. However, 

mechanistically how SLFN11 can affect cell fate decisions following DNA damage 

remains unclear. In particular, how two main functional domains in SLFN11 protein, N-

terminal ribonuclease (RNase) domain and C-terminal helicase domain, contribute to 

DNA damage sensitivity is controversial, and needs to be clarified. 

1.4. Aim of the study  

Increasing the understanding of DNA damage and replication response not only 

deepens our knowledge of how the disease develops but also contributes to developing 

drugs exhibiting therapeutic efficacy towards neurodegeneration disorders and cancer 

cells. To gain novel insights regarding these disorders and related mechanisms, I 

investigated the function of DNA damage and replication stress response related protein 

MRE11 and its novel binding protein FXR1 in response to oxidative stress in chapter 2. 

In chapter 3, the function of N-terminal RNase domain of SLFN11 during replication 

stress was investigated. 
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Chapter 2  

FXR1 is a novel MRE11-binding partner and 

participates in oxidative stress responses  
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2.1 Introduction 

Radiation-hypersensitive disorders have been useful to identify the underlying 

mechanisms of DNA damage responses following IR. One of the best known of these is 

ataxia-telangiectasia (AT). AT is an autosomal recessive disorder primarily characterized 

by radiosensitivity, progressive cerebellar ataxia, cerebellar degeneration, telangiectasia, 

immunodeficiency, and cancer susceptibility. Cells derived from AT patients commonly 

show radiation hypersensitivity, radio-resistant DNA synthesis (RDS), and chromosome 

aberrations[69,70]. The gene responsible for AT is ATM, whose product ATM is a protein 

kinase[69,70].  

Similarly to AT, genetic defects in Nijmegen breakage syndrome (NBS), or ataxia-

telangiectasia-like disorder (ATLD) also show cellular phenotype radiation 

hypersensitive[70], which responsible genes are NBS1 and MRE11 respectively. As 

mentioned before, MRE11/RAD50/NBS1 (MRN) binds to ATM monomer and promotes 

its recruitment to DSB damage sites. ATM then phosphorylates several DDR factors, such 

as p53, Chk2, and SMC1, in turn activating cell cycle checkpoints[71]. The typical RDS 

cellular phenotype in AT is due to a defect of the cell cycle checkpoint in the S phase. 

Research on these radiation-hypersensitive disorders suggests that defective function in 

DDR underlying cause of their cellular phenotype[72]. 

Although AT, NBS, and ATLD share a similar cellular phenotype, some of their 

clinical manifestations are distinct, particularly the neurodegeneration phenotypes. AT 

and ATLD patients show progressive cerebellar ataxia, whereas almost all NBS patients 

show microcephaly[70]. However, the genes involved in cell cycle checkpoints and DSB 

repair are not accountable for the neurodegeneration phenotypes. Ataxia–oculomotor 
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apraxia (AOA) is a phenotype related to cerebellar ataxia and is also found in AOA1, 

AOA2, and AOA3 along with AT and ATLD[73]. Aprataxin, the product of the gene 

causing AOA1, participates in DNA single-strand break repair[74,75] while senataxin, 

the gene product responsible for AOA2, is crucial to resolve DNA–RNA hybrid 

formation (R-loop) in transcript-related DNA damage[76]. In AOA3, cytochrome b is 

mutated, and the patient-derived cells show abnormal mitochondrial dynamics[77,78]. 

Neural stem cells are known to be sensitive to oxidative stress, and neural cells from 

ATM-deficient mice show decreased viability. However, radical scavenger treatment 

recovers the viability of ATM-deficient cells[70,79,80], suggesting that ATM function is 

pivotal to resisting oxidative stress in vitro and might be indispensable for the viability of 

neural cells in the cerebellum. Indeed, although ATM kinase activation is dependent on 

DSB damage generation, it can also occur following oxidative stress[70]. Guo et al. 

reported that oxidative stress by H2O2 treatment causes ATM activation in vitro and in 

vivo, likely due to the formation of disulfide bonds causing a conformational change of 

the ATM dimers[33]. Consistent with this, it has been reported that AOA3-patient cells 

showed excessive accumulation of reactive oxygen species (ROS), particularly the 

mitochondria-related ROS superoxide, which perturbed ATM-dependent 

phosphorylation[77,78]. It is also showed that induction of superoxide by pyocyanin 

treatment suppressed ATM-dependent phosphorylation. Collectively, evidence suggests 

that the oxidative stress caused by ATM function defects might lead to neurodegeneration 

phenotypes in AOA3 cells. 

As ATLD and AT patients show similar neurodegeneration phenotypes, I hypothesized 

that MRE11-deficient ATLD cells may harbor ATM function defects and MRE11 may 

be important for ATM activation upon oxidative stress. I found that MRE11 participates 
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in ATM activation in response to H2O2 or pyocyanin-induced oxidative stress. FXR1 was 

identified as a novel cytoplasmic MRE11-binding partner and showed that it also 

participates in the oxidative stress response. Finally, the role of MRE11 and FXR1 in 

cellular response against oxidative stress was discussed. 

2.2 Materials and methods 

2.2.1 Cell culture  

HeLa, U2OS, hTERT immortalized human fibroblasts (48BR), SV40 virus-

transformed human fibroblasts (MRC5SV), SV40 virus-transformed ATLD patient-

derived fibroblasts (ATLD2SV and HMfibroSV) and A-T patient-derived Fibroblasts 

(AT5BIVA) were cultured in Dulbecco's Modified Eagle Medium (DMEM; Gibco) 

supplemented with 10% fetal bovine serum (FBS; Invitrogen) and antibiotics. Mutated 

MRE11 in ATLD2SV has a nonsense mutation and expresses C-terminal-truncated 

MRE11 protein, and mutated MRE11 in HMfibroSV has a missense mutation, in which 

the MRE11 protein is unstable.  

2.2.2 Generation of GFP-FXR1-expressing cells  

Human FXR1 (FBL, NM_005087.4) and MRE11 (MRE11, NM_005591) were 

amplified from a human fetal cDNA library (Clontech) by PCR with Pyrobest DNA 

polymerase (TAKARA). Then, FXR1 cDNA was inserted into pEGFP-C1 (Clontech) 

vectors, and MRE11 cDNA was inserted into pCMV-Tag2B-FLAG (Promega) vectors; 

the insertions were confirmed by DNA sequencing.  
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2.2.3 siRNA knockdown experiment 

Sub-confluent cells were plated on culture dishes for 24 h and then transfected with 

siRNAs targeting MRE11 (B-Bridge International Inc.), NBS1 (B-Bridge International 

Inc.), RAD50 (B-Bridge International Inc.), and FXR1 (Qiagen Co.), or with negative 

control siRNA (B-Bridge International Inc.) using Lipofectamine RNAiMax (Invitrogen 

Life Technology). Cells were re-plated and used for each experiment after 24 h of siRNA 

treatment.  

2.2.4 Drug treatment 

Pyocyanin is a substance secreted outside the body of Pseudomonas aeruginosa and 

inhibits mitochondrial electron transfer thereby inducing mitochondrial oxidative stress. 

For pyocyanin treatment, pyocyanin (WAKO) was made into a 10 mM stock solution in 

DMSO (Sigma-Aldrich). An amount required for the experiment (described in the legend 

of the figure) was added and treated for the indicated time.  

Cells were exposed to 100 µM hydrogen peroxide (H2O2) (WAKO) for indicated time 

to induce oxidative stress. 

2.2.5 Western blot analysis 

After IR or drug treatment, cells were harvested and washed with PBS twice. The cells 

were lysed with RIPA buffer (20 mM Tris-HCl [pH 8.0], 2 mM EDTA, 150 mM NaCl, 

0.1% SDS, 1% NP-40) containing protease inhibitors and phosphatase inhibitors and 

incubated on ice for 10 min. After centrifugation, the lysate was boiled at 95°C for 5 min. 

After quantifying the protein extract using a protein assay staining solution (Bio-Rad), 50 
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µg of the protein extract was subjected to sodium dodecyl sulfate-polyacrylamide gel 

electrophoresis (SDS-PAGE) for about 2 h. Electrophoresed proteins were transferred to 

an Immobilon-P membrane (Millipore) at 15V (constant voltage condition) at room 

temperature for 0.5 h. The transferred membrane was gently shaken in a blocking solution 

(5% skim milk/TBST) at room temperature for 1 h. The membrane was washed gently 

with TBST. Then, the membrane was reacted with primary antibody, diluted by skim 

milk/TBST at 4 ℃ overnight. After the reaction of the primary antibody, the membrane 

was washed with TBST for 10 min three times and then reacted with HRP (horseradish 

peroxidase)-labeled anti-rabbit IgG or anti-mouse IgG secondary antibody (GE 

Healthcare) diluted by 1% BSA/TBS-T for 1 h at room temperature. After the reaction of 

the secondary antibody, the membrane was washed with TBST for10 min 3 times. The 

membrane was reacted with ECL plus chemiluminescence system (GE Healthcare) for 5 

min at room temperature, then target proteins were visualized by exposure to X-ray film.  

2.2.6 Immunoprecipitation analysis 

After IR or drug treatment, cells were harvested and suspended in IP buffer (10 mM 

Tris/HCl [pH7.8], 1% NP-40, 150 mM NaCl, 1 mM EDTA) containing protease 

inhibitors and phosphatase inhibitors, and placed on ice. After centrifuging (4°C, 15,000 

rpm, 10 min), the supernatant was collected as a protein extract. After protein 

quantification, a fixed amount of the protein extract was placed in a microtube, an anti-

MRE11 rabbit polyclonal antibody was added, and the mixture was incubated on ice for 

1 h. Subsequently, Protein-A Sepharose (GE Healthcare) was added and reacted 

overnight at 4°C with rotation. The next day, centrifugation (4°C, 10,000 rpm, 1 min) was 
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performed to separate co-immunoprecipitated protein complexes. The target protein 

contained in the separated complex was detected by Western blotting as shown in 2.2.5. 

2.2.7 Immunofluorescence staining 

The day before the experiment, 300 µl of a 2×105 cells/ml cell suspension was seeded 

on a MAS-coated glass slide (MATSUNAMI) placed in a 100 mm culture dish, dry for 

10 min in a CO2 incubator, then 10 ml of culture medium was added and cultured 

overnight. After damage treatment, the tissue was immersed in cold 100% methanol 

(Nacalai Tesque) and incubated at 4°C for 20 min for fixation. After washing with PBS, 

cells were permeabilized with 0.5% Triton X-100/PBS at 4°C for 10 min, then washed 

again with PBS, and blocked with 5% BSA/PBS for 20 min at room temperature. 

Subsequently, a primary antibody solution diluted to an appropriate concentration with 

PBS was dropped onto the sliding glass, covered with a cover glass, and reacted at room 

temperature for about 1 h. After washing the sliding glass with PBS, slides were incubated 

with secondary Alexa594-labeled mouse IgG antibody and Alexa488-labeled rabbit IgG 

antibody (Molecular Probes) solution diluted by 1.5% BSA/PBS for 1 h in the dark. After 

washing the sliding glass with PBS, DAPI (Vector Laboratories, Inc.), a nucleic acid 

staining reagent, was added dropwise, covered with a cover glass, sealed with nail polish, 

and observed under a fluorescence microscope (Leica).  

2.2.8 ATM kinase activity assay 

After treatment with g-irradiation or H2O2, cells were harvested and added TGN buffer 

(50 mM tris [pH 7.5], 50 mM glycerophosphate, 150 mM NaCl, 10% glycerol, 1% Tween 
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20, 1 mM NaF, 1 mM NaVO4, 1 mM phenylmethyl sulfonyl fluoride, 2 µg/mg pepstatin 

A, 5 µg/ml leupeptin, 10 µg/ml aprotinin, and 1 mM dithiothreitol), followed by 

centrifugation (15,000 rpm) to extract the whole-cell protein. 3 mg of cell extract was 

added with a rabbit polyclonal antibody to anti-ATM, followed by immunoprecipitation 

of ATM complexes with Protein-A Sepharose (GE Healthcare). ATM 

immunoprecipitants were washed twice with TGN buffer and once with 100 mM Tris 

(pH 7.5) containing 0.5 M LiCl, followed by kinase buffer (10 mM HEPES [pH 7.5], 50 

mM glycerophosphate, 50 mM NaCl, 10 mM MgCl2, 10 mM MnCl2, 5 µM ATP, and 1 

mM DTT). The cells were suspended in 30 µl of kinase buffer containing 10 µCi (γ-32P) 

ATP and 1 µg GST-p53 and reacted at 30°C for 30 min. The phosphorylation of p53 

(ATM substrate) by immunoprecipitated ATM was estimated by western blot analysis 

using anti-phospho-p53 (S15) antibody (Cell Signaling) and mouse monoclonal anti-GST 

(GE Healthcare). 

2.2.9 HR repair activity analysis 

HR repair activity was carried out using HeLa cells transfected with a Direct Repeat 

(DR)-GFP reporter gene. To measure HR repair activity, 50 µg of I-SceI restriction 

enzyme expression vector (pCBASce) was introduced into 1× 106 HeLa-DRGFP cells by 

electroporation (GenePulser; Bio-Rad) and incubated for 24 h to generate DSBs. The next 

day, the cells were collected and washed with PBS, replaced with a new medium, and 

cultured for 48 h. The percentage of GFP-positive cells repaired by HR was measured 

with a FACSCalibur™ flow cytometer (Becton Dickinson). 
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2.2.10 Mass spectrometry analysis 

293E cells were transfected with the generated pCMV-Tag2B-FLAG MRE11 plasmids 

using FugeneHD (Promega) and harvested after 2 days. Cytoplasmic and nuclear 

fractions were extracted from the harvested cells and were used for immunoprecipitation 

with anti- FLAG antibody (Sigma-Aldrich). The candidate MRE11-binding proteins in 

immunoprecipitants were identified by an HPLC-mass spectrometer (AB SCIEX Co.). 

2.2.11 Propidium iodide staining to detect apoptosis 

Cells were treated with camptothecin (CPT) and then harvested at the indicated time, 

followed by fixed with 70% ethanol and then incubated at −20℃ overnight. Fixed cells 

were treated with RNase (5 mg/ml) and stained with propidium iodide (PI; 50 µg/ml). 

The apoptotic fractions (sub-G1) were quantified using a flow cytometer (Becton 

Dickinson). 

2.2.12 Antibodies 

The primary antibodies used in Western blot, immunoprecipitation, 

immunofluorescent staining, and ATM kinase activity assay were shown in Table 2.1. 
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Table 2.1 Anti-bodies list 

Antibodies Catalog Source 

Phosphor-ATM(S1981) Ab81292 Abcam 

ATM sc-23992 Santa Cruz Biotechnology 

RPA70 NA-18 Merk Millipore 

RPA32 NA-19 L6 Merk Millipore 

Phosoho-CHK1(S317) 2344 Cell Signaling Technology 

FXR1 A300-892A Bethyl Laboratories 

Phospho-CHK2(T68) 2661 Cell Signaling Technology 

H2B 07-371 Merk Millipore 

KAP1 64422 Gentex  

Phospho-KAP1(S824) A300-767A Bethyl Laboratories 

Phospho-p38MAPK 4511 Cell Signaling Technology 

MRE11 GTX70212 Gentex 

MRE11 NB100-142 Novus 

RAD50 GTX70282 Gentex 

RAD50 A53169 Sigma-Aldrich 

NBS1 NB100-143 Novus  

NBS1 GXT70222 Gentex  

Phospho-p53(S15) 9286 Cell Signaling Technology 

p53 Sc126 Santa Cruz Biotechnology 

Phospho-RAD17(S645) 6981 Cell Signaling Technology 

Phospho-RPA32 A300-246A Bethyl Laboratories 

Phospho-SMC1 A300-050A Bethyl Laboratories 

SMC1 A300-055A Bethyl Laboratories 

RAD51 70-001 Biocademia 

βactin A53169 Sigma-Aldrich 

γH2AX 05-636 Merk Millipore 

GST 27-4577-01 GE Healthcare 

TOMO20 11082-1-AP ProteinTech 

H2B 07-371 Merk Millipore 
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2.3 Results  

2.3.1 MRE11 participates in ATM activation following oxidative stress 

To clarify the interplay of ATM and MRE11 in oxidative stress responses, I firstly 

investigated ATM-dependent phosphorylation following H2O2 treatment in MRE11-

defective ATLD patient fibroblasts (Figure 2.1). H2O2 treatment induced auto-

phosphorylation of ATM in normal MRC5SV cells and increased the phosphorylation of 

ATM substrates SMC1, Chk2, and p53. However, γ -H2AX, the marker of DSBs, did not 

increase remarkably (Figure 2.1 AB), suggesting that this treatment did not cause the 

generation of DSB. Intriguingly, in MRE11 depleted ATLD-patient cells (HMfibroSV 

and ATLD2SV cells), ATM auto-phosphorylation and phosphorylation of ATM 

substrates (SMC1, Chk2, and p53) did not increase significantly after the H2O2 treatment 

(Figure 2.1 AB). siMRE11 knockdown U2OS cells also showed decreased ATM auto-

phosphorylation and SMC1 phosphorylation similarly to ATLD-patient cells (Figure 2.1 

C).  

To elucidate the functional role of MRE11 in ATM activation upon oxidative stress, I 

tested ATM activity in vitro by analyzing the phosphorylation of its substrate p53 (Figure 

2.1 D). Anti-ATM immunoprecipitants from C2ABR cells after irradiation or H2O2 

treatment showed full ATM activity, while immunoprecipitants from MRE11-deficient 

ATLD2ABR cells did not, suggesting that MRE11 is essential for ATM activation in 

response to oxidative stress.  
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Figure 2.1 MRE11 participates in ATM activation following oxidative stress. (A) MRC5SV 

and MRE11-deficient HMfibroSV (HM) cells were treated with 100 mM H2O2 for indicated times 

and analyzed using the indicated antibodies. (B) MRC5SV and MRE11-deficient 

ATLD2SV(ATLD2) cells were treated with 100 mM H2O2 for the indicated time, and Western 

blotting was performed using the antibodies shown in the figure. (C) U2OS cells were transfected 

with siRNA targeting MRE11. After 48 h, these cells were treated with 100 mM H2O2 for the 

indicated times and analyzed using the indicated antibodies. (D) Normal C2ABR or MRE11-

deficient ATLD2ABR lymphoblastoid cells were treated with 10 Gy γ-irradiation and 100 mM 

H2O2, cells were harvested after 1 h, and ATM immunization was performed using an anti-ATM 

antibody. Conjugates were generated and subjected to kinase activity assays. Phosphorylation of 

the substrate p53 was detected by Western blotting using an anti-phospho-p53 antibody. 

Expression of the substrate p53 was detected by Western blotting using an anti-GST antibody.  
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Next, I examined ATM-dependent phosphorylation by H2O2 treatment using NBS 

patient cells that lack the NBS1. I found that ATM-related phosphorylation increased in 

NBS1-defective patient cells after H2O2 treatment, but not in A-T patient cells that lack 

ATM (Figure 2.2 A). In addition, knockdown of RAD50 did not perturb ATM-dependent 

phosphorylation suggesting that MRN complex components NBS1 and RAD50 are not 

involved in the activation of ATM in response to oxidative stress (Figure 2.2 B).  

Mitochondria generate and accumulate superoxide, and ATM is known to localize in 

mitochondria to function in oxidative stress response [81]. Hence, whether MRE11 is 

localized to mitochondria was next investigated. I prepared the mitochondrial fraction 

using a Mitochondria Isolation Kit (Thermo Scientific) and performed western blot assay. 

MRE11 was detected in the mitochondrial fraction in normal MRC5SV and ATM-

deficient AT cells. (Figure 2.2 C). Taken together, MRE11 partly localizes to the 

mitochondria, independently of ATM, and functions in ATM activation upon oxidative 

stress. 
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Figure 2.2 NBS1 and RAD50 are dispensable for ATM activation in response to oxidative 

stress. (A) Normal (C3ABR), AT (CSA), or NBS (94p118BR) lymphoblastoid cells were treated 

with H2O2 (100 µM) for indicated time and analyzed by indicated antibodies. (B) U2OS cells 

were transfected with siRNA targeting RAD50 for 48 h, then cells were treated with H2O2 (100 

µM) for the indicated time and analyzed by indicated antibodies. (C) Mitochondria fractions were 

prepared from normal (MRC5SV), ATLD, or AT (AT5) cells using Mitochondria Isolation Kit 

(Thermo Scientific), and western blot analysis was performed using indicates antibodies. Mito: 

mitochondria; WCE: whole cell extracts. 
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2.3.2 FXR1 is a novel MRE11-binding partner protein 

MRE11 functions in DDRs such as HR repair and ATM-dependent cell cycle 

checkpoints as a component of the MRN complex[22,82], but NBS1 was dispensable for 

ATM activation following oxidative stress (Figure 2.2 A). Hence, I speculated that 

MRE11 may form a complex with another protein for oxidative stress responses and I 

tried to identify novel binding partners for MRE11 using mass spectrometry. To enrich 

for MRE11-containing complexes, I performed immunoprecipitation from cytoplasmic 

and nuclear fractions of 293E cells, transfected with either wild-type MRE11 (WT), or a 

mutated MRE11 (329 T) that was expressed in the ATLD patient cell line 

(HMfibroSV)[83]. Mass spectrometry analysis identified more than 30 candidate 

MRE11-binding proteins from the cytoplasmic or nuclear fractions (Figure 2.3 A). As 

ROS are mainly generated from mitochondria in the cytoplasm, I focused on a candidate 

(of about 60 kDa) from the cytoplasmic fraction (Figure 2.3 B). The identified protein is 

FXR1, whose role in the cellular responses against ROS almost unknown.  
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Figure 2.3 FXR1 is a novel MRE11-binding protein. (A) The list of candidates of MRE11-

binding proteins with MASS spectrometry analysis. (B) The cytoplasmic and nuclear extracts 

from 293E cells expressing FLAG-tagged wild-type or a A329T mutant MRE11(expressed in 

MRE11-deficient ATLD patient) were collected, the MRE11-binding candidate proteins were 

immunoprecipitated using anti-FLAG antibodies and electrophoresis. Then, the gel was stained, 

cut, and digested with trypsin. The MRE11-bindig candidates were identified with MASS 

spectrometry. Arrow; FXR1 was identified from this band. 
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I next verified the interaction between FXR1 and MRE11 with immunoprecipitation 

and western blot analysis. Anti-MRE11 antibody precipitated FXR1 as well as RAD50, 

a component of the MRN complex, independently on irradiation (Figure 2.4 A). The anti-

NBS1 antibody also precipitated FXR1 (Figure 2.4 B; upper panel). However, the 

interaction between MRE11 and FXR1 was also observed in NBS1- lacking patient cells 

and seemed higher than in normal MRC5SV cells (Figure 2.4 B; lower panel), 

suggesting that NBS1 might be dispensable for this interaction. 

 

Figure 2.4 FXR1 co-

immunoprecipitated 

MRE11(A) Extracts from 

C3ABR, or C3ABR (B: 

upper panel) MRC5SV and 

NBS1-defective NBS cells 

(B: lower panel) treated 

with or without 10 Gy of IR 

were immunoprecipitated 

with anti-MRE11 antibody 

(Novus), anti-NBS1 

antibody (Novus) or anti-

IgG, and then the immuno-

complexes were detected by western blot analysis using the indicated antibodies. WCE = Whole 

cell extract.  

 



 

 
40 

I next examined the localization of FXR1 with immunofluorescence. FXR1 localized 

in the cytoplasm with or without irradiation in U2OS cells (Figure 2.5 A). Furthermore, 

FXR1 localization didn't change following H2O2 or pyocyanin-induced oxidative stress 

(Figure 2.5 A). Since NBS1 possesses a nuclear localization signal (NLS), MRE11 

localizes to the nucleus upon the formation of the MRN complex with NBS1[84]. 

Consistent with this, MRE11 localized in the nucleus in U2OS cells, while NBS1-

deficient patient NBS cells showed localization of most MRE11 in the cytoplasm, as well 

as FXR1, no matter whether treated with or without irradiation (Figure 2.5 B). Moreover, 

oxidative stress treatment with H2O2 or pyocyanin did not influence the cytoplasmic 

localization of FXR1 in NBS cells (Figure 2.5 B). These findings suggested that FXR1 

localizes in the cytoplasm independent of NBS1. In addition, western blot analysis 

combination with mitochondrial fraction confirmed the successful purification with the 

antibody against the mitochondrial marker TOMO20. Both MRE11and FXR1 were 

detected in the mitochondria fraction (Figure 2.5 C). These findings suggested that FXR1 

and MRE11 localize in the mitochondria. However, as anti-NBS1 antibody co-

precipitated FXR1 with MRE11 (Figure 2.4 B upper panel) and as a small portion of 

NBS1 is known to distribute into the cytoplasm in human cells, NBS1 may partially 

participate in the formation of MRE11/FXR1 complex.  
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Figure 2.5 Cytoplasmic distribution of FXR1. U2OS cells (A) or NBS cells (B) were irradiated 

with IR (5 Gy) H2O2 (100 µM) or pyocyanin (50 µM). After 0.5 h, the cells were fixed and 

immunostaining was performed using anti-FXR1 (Bethyl) and anti-MRE11 antibody (GeneTex). 

(C)Mitochondria fractions were prepared from normal (MRC5SV) cells using Mitochondria 

Isolation Kit (Thermo Scientific), and western blot analysis was performed using indicates 

antibodies. Mito: mitochondria; WCE: whole cell extracts. 

 

2.3.3 FXR1 may partially participate in HR repair but not in ATM activation 

As MRE11 is crucial for HR repair and ATM activation, I decided to investigate the 

role of FXR1 in these DDRs. I verified the efficiency of FXR1 knockdown in HeLa 

(Figure 2.6 A) and U2OS cells (Figure 2.6B). FXR1 protein expression in FXR1 

knockdown U2OS cells and HeLa cells was markedly reduced but did not affect the 

expression of MRE11 and RAD50. FXR1 knockdown HeLa cells showed auto-

phosphorylation of ATM and ATM-dependent phosphorylation of KAP1 and γH2AX 

after irradiation (Figure 2.6). These findings suggest that FXR1 is dispensable for ATM-

dependent phosphorylation.  
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Figure 2.6 FXR1 is dispensable for ATM-dependent phosphorylation. (A) HeLa or (B) U2OS 

cells were transfected by FXR1 siRNA or negative control siRNA, and after 48 h cells were 

treated with 5 Gy of IR and analyzed by western blot using the indicated antibodies.  

 

I next decided to determine whether FXR1 effect on HR repair activity or not using the 

DR-GFP assay. When the I-SceI expression plasmid was introduced into U2OS-DRGFP 

cells to induce DSB injury, the ratio of GFP-positive cells displaying HR activity was not 

changed in with or without FXR1 knockdown treated cells (Figure 2.7 A). As a marker 

of HR activation, I examined the accumulation of HR factors by western blotting (Figure 

2.7 B). The accumulation of HR factors such as Rad51 and RPA did not increase after 

irradiation, as most DNA damage by IR is repaired by NHEJ. However, depletion of 

FXR1 abolished the accumulation of Rad51 and RPA32, both with and without 

irradiation. Furthermore, when treatment with CPT, a topoisomerase I inhibitor, causes 

DSBs to repair by the HR pathway, FXR1 knockdown cells showed an increased 

apoptosis rate of about 6% compared to control cells (Figure 2.7 C). These results 
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suggested that FXR1 may partially contribute to HR repair in the cellular response to 

DSB.  

 

Figure 2.7 FXR1 may partially contribute to HR repair in the cellular response to DSB. (A) 

U2OS-DRGFP cells were transfected by siRNA targeting FXR1 or luciferase negative control for 

48 h, then a DR-GFP assay was performed to measure HR activity. HR activity level was 

measured as the percentage of GFP-positive cells by flow cytometry. (B) U2OS cells were 

transfected with siRNA targeting FXR1 or luciferase negative control siRNA, and after 2 days 

these cells were irradiated with 10 Gy of IR. After 4 h cells were harvested and chromatin fractions 

were prepared. Chromatin accumulation of DDR proteins was detected by western blot analysis 

using the indicated antibodies. WCE: Whole cell extract. (C) HeLa cells were transfected with 

siRNA targeting FXR1 (close column) or negative control (open column), and after 48 h cells 

were treated with camptothecin (10 µM), then the percentage of apoptosis in cells was measured 

by flow cytometry; ∗ P < 0.05. 
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3.3.4 FXR1 participates in the oxidative stress response  

I next investigated the role of FXR1 in the oxidative stress response. As ROS are 

mainly generated by mitochondria, I used the mitochondrial electron transfer inhibitor 

pyocyanin to induce oxidative stress[78]. In control cells, the oxidative stress pathway 

was activated, as shown by increased phosphorylation of p38MAPK with pyocyanin 

treatment for 4 h, and markers associated with ATM-dependent phosphorylation, such as 

p53 and γH2AX, also increased (Figure 2.8 A). However, these responses were 

suppressed in FXR1-depleted cells, suggesting that FXR1 might be necessary for 

oxidative stress responses including the ATM-dependent pathway. I then examined 

ATLD cells treated with pyocyanin and found that dysfunction of MRE11 perturbed 

ATM-dependent phosphorylation as well as phosphorylation of p38MAPK (Figure 2.8 

B). However, depletion of NBS1 by siRNA did not abolish ATM-dependent 

phosphorylation in pyocyanin-treated cells (Figure 2.8 C). Finally, if FXR1 is involved 

in oxidative stress responses, depleting it may sensitize the cells to pyocyanin treatment. 

To verify this, I analyzed FXR1-depleted U2OS cells treated with pyocyanin. The 

viability of FXR1-depleted cells was reduced to almost 60% after 24 h of treatment, while 

in control cells it remained unchanged (Figure 2.8 D). From these results, I infer that 

FXR1 might play a role in cellular responses against oxidative stress. 
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Figure 2.8 FXR1 participates in the oxidative stress responses. (A) U2OS cells were 

transfected with FXR1 siRNA or negative control siRNA for 48 h, then cells were treated with 

50 µM of pyocyanin for the indicated time. Whole cell extracts from the harvested cells were 

analyzed by western blot using the indicated antibodies. (B) MRC5SV and MRE11-defective 

ATLD cells (HMfibroSV or ATLD2SV) were treated with 50 µM pyocyanin for the indicated 

time and whole cell extracts from the harvested cells were analyzed by the indicated antibodies. 

(C) U2OS cells were transfected with siRNA targeting NBS1. After 48 h, these cells were 

irradiated with 50 µM of pyocyanin, harvested for the indicated time, and analyzed by indicated 

antibodies. (D) U2OS cells were transfected by FXR1 siRNA. After 48 h, cells were treated with 

100 µM of pyocyanin for the indicated time, and then the cell numbers were counted with a cell 

counter (BIO-RAD). Open column; negative siRNA; Closed column; FXR1 siRNA. 
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2.4 Discussion 

Both AT and ATLD patients show a similar neurodegeneration phenotype, such as 

progressive cerebellar ataxia, but the molecular mechanisms of pathogenesis have been 

elusive. ATM is activated in response to H2O2 -induced oxidative stress[33], and defects 

in its activity were suggested to sensitize neural cells to oxidative stress, leading to ataxia. 

The role of MRE11 in DDR such as HR repair and the ATM-dependent cell cycle 

checkpoint has been studied in detail. However, whether MRE11 is associated with 

oxidative stress responses along with ATM was unknown. Here, I showed that MRE11 

but not NBS1 and RAD50 is responsible for ATM activation and ATM-dependent 

phosphorylation during oxidative stress (Figure 2.1). I also identified FXR1 as a novel 

MRE11-binding partner (Figure 2.3) and showed that FXR1 could bind with MRE11 in 

an NBS1-independent manner (Figure 2.4). Furthermore, I found that they localize in the 

cytoplasm and accumulate in the mitochondrial fraction (Figure 2.2 C, D; Figure 2.5). 

Although MRE11 is an important factor for DNA damage responses, particularly HR 

repair, FXR1 may partially contribute to HR repair, but not to ATM activation in response 

to DSB damage (Figure 2.6-2.8).  

Until now, the functions of MRE11 in the cytoplasm were less characterized. Kondo 

et al. reported that cytoplasmic MRE11 functions as a sensor of cytosolic double-strand 

DNA (dsDNA), which is caused by viral or bacterial infection and activates an interferon 

β-related inflammatory response through the STING pathway[85]. NBS patient cells also 

show amplification of these responses, suggesting that NBS1 might not be necessary for 

the detection of cytosolic dsDNA. As NBS cells show cytoplasmic localization of 

MRE11[84], the functions of cytoplasmic MRE11 could be specific and distinct from its 
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nuclear functions, such as regulation of HR repair and ATM activation. Remarkably, AT 

patients and ATM-knockout mice show oxidative stress-related abnormalities in neural 

cells [50,86,87], and ATLD patients show oxidative stress accumulation in several brain 

cell types[88]. I show here that MRE11 localizes to mitochondria, where most 

cytoplasmic ROS are generated. Together, these data support a novel role of MRE11 in 

the cytoplasm against oxidative stress, through ATM activation. 

FXR1 is an RNA-binding protein with high homology to FMR1, the main factor 

responsible for fragile X syndrome[89]. Both FXR1 and FMR1 directly bind to the Cdc42 

effector PAK1 through their KH (2) domain[90]. Cdc42 was reported to participate in the 

oxidative stress response in cultured neuronal cells[91]. Fragile X syndrome patients 

show various brain dysfunctions including mental retardation, Parkinson’s disease, 

progressive cerebellar ataxia, and cognition disorder[92]. Moreover, FMR1-knockout 

mice show mitochondrial fragmentation by impaired mitochondrial fusion and increased 

oxidative stress in immature neurons[93]. Hence, Fragile X syndrome-related FMR1 and 

FXR1 might play a role in defense against oxidative stress, possibly through mitochondria, 

in brain cells. Importantly, I found that depletion of FXR1 reduced oxidative stress-

related responses and increased sensitivity to pyocyanin treatment. Moreover, MRE11 

might also be indispensable for ATM activation in response to mitochondrial ROS 

accumulation. Therefore, complex formation between MRE11 and FXR1 may be 

indispensable for cellular responses against mitochondria-related oxidative stress. The 

role of FXR1 in the regulation of mRNA turnover through its RNA-binding domain has 

been reported[94,95]. In FXR1-overexpressing cells, FXR1 bound to and destabilized 

p21 mRNA, causing a decrease in its levels[95]. Furthermore, depletion of FXR1 in 

mouse adult neural stem cells caused deficient neural differentiation along with p21 
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reduction, but restoration of p21 mRNA levels partially rescued this abnormality[96]. 

MRE11 also shows mRNA-related regulatory roles. Inhibition of transcription 

progression following damage of template DNA generates R-loop. As this can repress the 

completion of transcription leading to genomic instability, mechanisms to suppress R-

loop also exist[97]. MRE11 was reported to cooperate with the Fanconi anemia pathway 

for suppression of the R-loop[98]. R-loop accumulation was also reported in brain cells 

of fragile X syndrome and AOA2, and Senataxin is also associated with R-loop 

suppression[76]. Although the relationship of FXR1 with R-loop is unknown, 

accumulation of R-loop in neural cells could contribute to neurodegeneration phenotypes 

such as cerebellar ataxia. Therefore, the functional interaction between MRE11 and 

FXR1 in R-loop suppression and their relationship with progressive cerebellar ataxia, in 

addition to oxidative stress responses, remains to be clarified. As a possible cause of 

cerebellar ataxia might be related to oxidative stress, I need to clarify in detail the 

functional interaction between MRE11 and FXR1 in oxidative stress responses. However, 

their interaction in neural cells should be further investigated, because the sensitivity of 

neural cells to ROS is different from that of culture cells such as fibroblasts[79,86]. Such 

research might supply significant clues to clarify the pathogenic mechanisms of other 

forms of neurodegeneration. 
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Chapter 3  

Exogenous SLFN11 expression suppresses ATR 

kinase levels in cell fate decision during replication 

stress response 
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3.1 Introduction 

The Schalfen (SLFN) gene family was identified in developing mice thymocytes and 

the name (“sleep” in German) was coined since they generally prevent cell growth when 

expressed[99]. The SLFN family is mostly mammalian-specific and has undergone rapid 

diversification probably due to their involvement in the immune response. SLFN11, a 

long-form member of the SLFN gene family, participates in various biological processes 

such as anti-viral defense or replication stress response[68,100-102]. In many human 

cancer and cancer-derived cell lines, the SLFN11 gene is often silenced and not expressed. 

Thus, SLFN11 might function as a tumor suppressor[66]. Loss of SLFN11 rendered 

cancer cells generally more tolerant to replication stress and DNA damage during anti-

cancer drug treatments[103]. Hence, SLFN11 is critical for cell fate decision following 

cancer chemotherapy and is now proposed to be a potential biomarker to predict clinical 

outcomes following chemotherapy[104,105]. However, how the expression of SLFN11 

mechanistically affects cancer development and facilitates cell death after DNA damage 

remains to be established. The long-form SLFNs (including SLFN11) harbor two 

functional modules: the N-terminal core domain containing ribonuclease features and the 

C-terminal helicase/ATPase domain[102]. To understand how SLFN11 can affect the 

biological behavior of cancer cells, it might be important to elucidate the role of these 

domains and whether they are functionally inter-connected. 

The C-terminal helicase domain has been reported to mediate cell fate decisions in 

response to DNA damage and replication stress. It has been well established that stalled 

replication forks are reversed by the actions of fork remodeling enzymes such as 

SMARCAL1, resulting in a 4-way junction structure which is subjected to digestion by 
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nucleases like DNA2 and MRE11. Fork degradation must be tightly regulated for 

resumption of replication, and hence, cell survival[106]. Our lab has previously 

implicated the role of SLFN11 in accelerating stalled fork degradation, by preventing 

recruitment of the fork protector RAD51[107]. I proposed that this fork instability may 

be the basis for enhanced DNA damage sensitivity by SLFN11[107]. Several additional 

mechanisms have been suggested to enhance DNA damage sensitivity: SLFN11 

suppresses DNA repair activity due to homologous recombination and affects checkpoint 

maintenance[108], blocks replication fork progression[109], or promotes the degradation 

of the replication factor CDT1[110].  

In contrast, it was also shown that SLFN11 RNase activity downregulates protein 

levels of ATR kinase, which is critical for the cellular response to DNA damage and 

replication stress, thereby decreasing viability following DNA damage[111]. ATR 

accumulates at the stalled forks by binding to RPA via its subunit ATRIP and is activated 

through binding with the ATR-activating domain of TopBP1 or ETAA1[38]. ATR 

phosphorylates its substrates, which are crucial for downstream checkpoint and 

replication stress responses. Li et al. reported that the codon usage of ATR is distinct and 

its translation depends on a specific subset of tRNAs, which are the target of SLFN11 

RNase activity[111]. Consistent with this idea, it is well established that the RNase 

domain of SLFN family members is involved in translational regulation by cleaving 

tRNA/rRNA as an endonuclease and exerting anti-HIV activity, which is present in 

hSLFN13 [112] as well as in hSLFN11[113,114].  

It is difficult to reconcile these two lines of evidence each depending on the N-terminal 

RNase domain and C-terminal helicase domain, respectively. In this study, I planned to 

obtain insights into the role of the SLFN11 RNase domain in the replication stress 
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response. Based on the structural and biochemical data in the literature[112,115], a 

SLFN11 RNase domain mutant, in which two functionally critical residues were both 

changed to alanine was made, and expressed this mutant in HAP1 SLFN11-/- cells (by our 

lab member Ms. Erin Alvi). Our analysis revealed that the RNase domain mutant can 

suppress cell survival following hydroxyurea (HU) treatment and destabilize stalled 

replication forks similarly to wild-type SLFN11(Erin, revision). Nucleases (i.e., DNA2 

and MRE11) were similarly promoted for digestion by the RNase domain mutant. Not 

unexpectedly, a novel MRE11 interactor FXR1 (FMR1 autosomal homolog 1) which I 

have previously identified[116], was dispensable. Surprisingly, I also found that ATR 

kinase levels were markedly downregulated by the expression of both wild-type and the 

RNase mutant SLFN11. To look at the similarity between the effect of reduced ATR 

levels and SLFN11 expression, I employed ATR inhibitor (ATRi) treatment and observed 

that ATRi phenocopied the cells with exogenous SLFN11 expression regarding the 

stalled fork degradation. Given the previous reports showing that ATRi, or lower ATR 

levels, can generally potentiate DNA damage sensitivity and reduce RAD51 foci 

formation (for example, see[117]), I propose that a critical role of SLFN11 in cancer 

chemotherapy may involve the regulation of ATR levels independently of its RNase 

activity. 
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3.2 Method and materials 

3.2.1 Cell culture 

HAP1 cells were derived from the human haploid chronic myelogenous leukemia 

(CML) cell line KBM-7 and cultured in IMDM (Nacalai Tesque) supplemented with 10% 

Fetal Bovine Serum (FBS). HEK293T cells were cultured in DMEM-high glucose 

(Nacalai Tesque) supplemented with 10% FBS.  

3.2.2 Drug treatment 

Cells were treated with Hydroxyurea (HU) (Millipore Sigma) at the indicated 

concentrations and time as described in the figures. For ATR kinase inhibit experiments, 

cells were incubated with 1 µM of VE-821(Toronto Research Chemicals) together with 

drug treatment. Doxycycline (DOX) was used for SLFNs expression, cells were incubated 

with 2 µg/ml for 48 h before drug treatment. 

3.2.3 Generation of the RNase deficient SLFN11 mutant 

The wild-type SLFN11 coding sequence cloned in pENTR plasmid is mutated by 

inverse PCR (forward 5’-CGTCTCAGTTAGTAGCGTTTAAACAGTTCT-3’, reverse 

5’-GCTACTAACTGAGACGCAGGAAAAGGCAGG-3’; Invitrogen), and confirmed 

by Sanger sequencing. The mutated SLFN11 was transferred by the Gateway system 

using Clonase II (Invitrogen).  
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3.2.4 Lentivirus transduction in SLFN11-/- HAP1 cell line 

To express SLFNs under tetracycline-controlled transcriptional activation, lentivirus 

was generated. HEK293T cells were first cultured in 6-well plates with 2 mL DMEM 

medium. Transfections were carried out with the Lipofectamine 3000 reagent according 

to the manufacturer's instructions. The CSIV(RIKEN) plasmid with the gene of SLFN 11 

and SLFN11 RNase mutant (1.9 µg) was transfected with the lentivirus packaging 

plasmids pCAG HIV gp (1.1 µg), pCMV-VSV-G-RSV-Rev (1.1 µg). HEK293T cells 

were collected, then cells were seeded in a 6-well dish with a total of 2 mL DMEM at a 

concentration of 0.5× 106 cells. 125 µL of Opti-MEM was added into each tube that 

contained the plasmids. All three plasmids were added to each tube with 5 µL of P3000 

enhancer, vortex, and incubated at RT for 2 min. 125 µL of the lipofectamine reagent 

diluted in Opti-MEM was added to the plasmid tubes, vortexed, and incubated at RT for 

5 min. The mixture was added to wells and incubated for 48 h.  

The day before collecting the virus, 2500 HAP1 SLFN11-/- cells/well were seeded in 

a 24-well plate containing 300 µl IMDM for 4 wells. HEK293T cells were collected and 

centrifuged at 1200× g for 5 min. The medium was carefully passed through a 0.22 µm 

filter to catch cells and debris. 500 µl of the medium containing the virus, was then applied 

to the SLFN11-/- HAP1 cells in the 24-well plate. After incubating for 48 h infected with 

viral supernatants, cells were transferred into a 10 mL dish for selection with 400 µg/mL 

hygromycin (Nacalai Tesque). Single clones were isolated and verified by western 

blotting. SLFNs expression was induced by treatment with 2 µg/ml doxycycline (DOX) 

for 48 h (made by our previous lab member Erin). 
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3.2.5 Small interfering RNA (siRNA) transfection  

Endogenous DNA2, MRE11, and FXR1 in HAP1 cells were knocked down by siRNAs. 

Transfection was carried out using Lipofectamine RNAi Max (Invitrogen). After 72 h, 

cells were collected and performed western blotting analysis and DNA fiber assay. The 

individual siRNA duplexes used were as follows:  

Table 3.1 sequences of duplexes 

siRNA Sense strand Source 

siDNA2 5’-CAUCCAAUAUUUUCCCGUA-3’ Millipore Sigma 

siMRE11 5’-GAUGAGAACUCUUGGUUUATT-3’ B-Bridge International Inc 

siFXR1 5’-GGUUCGAGUGAGAAUUGAATT -3’ Qiagen Co 

siControl 5’-UCGAAGUAUUCCGCGUACGTT-3’ Millipore Sigma 

3.2.6 Cell growth assay and cytotoxicity assay 

For cell growth assay, HAP1 cells (1 × 105) were seeded into 6 cm dishes at day 0 and 

counted every 24 h. For cytotoxicity assays, HAP1 cells (2.5 × 103) were plated in a 96-

well plate in a quadruplicate for each condition. After 48 h of DOX pre-treatment 

(SLFN11 transduced cells), the indicated concentration of HU was added to the wells and 

incubated for an additional 72 h. Cell viability was measured using a Cell Counting 

Reagent SF (Nacalai Tesque). Absorbance at 450 nm was measured with a Multilabel 

Reader (PerkinElmer).  
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3.2.7 Immunoblotting  

After the drug treatment, cells were harvested and washed with PBS twice. The cells 

were lysate with 1X SDS buffer (containing 2-mercaptoethanol) at a final concentration 

of 5x106cells/ml, then performed sonication for 10 min. After centrifugation, the lysate 

was boiled at 95°C for 5 min. 10 µl of protein extracts was separated by sodium dodecyl 

sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) or Extra PAGE One Precast Gel 

(Nacalai Tesque) SDS-PAGE gel for 2 h. Electrophoresed proteins were transferred to 

polyvinylidene difluoride (PVDF) membrane at 15V (constant voltage condition) at room 

temperature for 0.5hr. The transferred membrane was gently shaken in a blocking solution 

(5% skim milk/TBST) at room temperature for 1h. The membrane was washed gently 

with TBST. Then, the membrane was reacted with primary antibody, diluted by skim 

milk/TBST at 4 ℃ overnight. After the reaction of the primary antibody, the membrane 

was washed with TBST for 10 min three times and then reacted with the secondary 

antibody, for 1h at room temperature. After the reaction of the secondary antibody, the 

membrane was washed with TBST for10 min 3 times. The membrane was reacted with 

ECL plus chemiluminescence system (GE Healthcare) for 5min at room temperature, then 

target proteins were visualized with Image Quant LAS 4000mini. 

3.2.8 Reverse-transcription PCR assay 

Total RNA was extracted using RNeasy Plus Mini Kit (QIAGEN, # 74134). 

PrimeScriptTM RT reagent kit with gDNA Eraser (TaKaRa) was used for the first-strand 

cDNA synthesis with 1 µg total RNA. PCR amplification was carried out using KOD-FX 

polymerase (TOYOBO) with gene-specific primers shown in Table 2.2. The experiments 
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were carried out according to the manufacturer’s instructions with PCR conditions used: 

94℃ for 2min, 30 cycles at 98℃ for 10sec, and 68℃ 1min./kb.  

Table 3.2 Primer sequences for RT-PCR analysis 

Target gene Primer sequence Number 

hATR Forward:5’-GCTGGTTTGAGACCTATTCTGAC-3’ KD8-183 

 Reverse:5’-CATATATGGAGTCCAACCAAGATAC-3’ KD8-148 

hGAPDH Forward: 5’-ACCCAGAAGACTGTGGATGG-3’ KD16-30 

 Reverse:5’-TTCTAGACGGCAGGTCAGGT-3’;  KD16-31 

3.2.9 DNA fiber assay 

HAP1 cells were cultured at about 80% confluent for the experiment. Cells were firstly 

labeled with 25 µM IdU for 30 min, then washed with cold PBS twice, and secondary 

labeled with 250 µM CldU for another 30 min. Subsequently, cells were treated with or 

without 4 mM HU for 5 h. Cells were collected and suspended in 70% ethanol at a final 

concentration of 5 x 105 cells/ml. After spotting 2 µl of the cell suspension onto glass 

slides, cells were lysed with 8µl lysis buffer with a mixture of 50 mM EDTA, 0.5% SDS, 

and 200 mM Tris-HCl (pH 7.5); and mixed using a circular motion with the pipette. 

Tilting the slides at 15° to spread the DNA across the slide, and dry up at 4℃ overnight. 

Fibers were fixed in a solution of methanol: acetic acid (3:1) in a staining jar. Then, 2.5 

M HCl was used to denature for 60 min, and the slides were washed in PBS 3 times.  

The slides are blocked using Blocking One (Nacalai Tesque) for 20 min before 

incubating with the first antibody. The primary antibodies used were anti-BrdU from BD 

(for IdU, mouse) and anti-BrdU from Abcam (for CldU, rat) diluted to 1:400 in Blocking 
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One, added to slides for 1 h in a humidified chamber, and protected from light. The slides 

are washed with PBS-T 3 times before incubation with the secondary antibodies. The 

secondary antibodies are anti-mouse Alexa594 and anti-rat Alexa488 in a 1:500 dilution, 

and after adding ~200 µL to each slide they are incubated for 1 h in the humidified 

chamber, protected from light. Finally, slides are washed with PBST and PBS, then a 

mounting medium (Prolong gold antifade reagent, Invitrogen) is added and topped with 

cover glass, then sealed with nail polish to protect the slides. Fibers labeled with IdU (red) 

then CldU (green) were measured using the Leica DM5500B microscope and Leica 

Application Suite X (LAS X) software. The degradation of nascent DNA (second tract 

length) of each sample was analyzed with Prism software. 

3.2.10 Protein sequence alignments 

To analyze homology between the protein sequences of each SLFN of interest, NCBI 

protein sequences (hSLFN11: NP_001098057.1; hSLFN13: NP_653283.3; hSLFN5: 

NP_659412.3; mSLFN8: NP_853523.2; mSLFN9: NP_766384.2; 

rSLFN13:NP_00101399.1;) were used and a MAFFT alignment was performed using 

Genetyx software (GENETYX Corp. Tokyo, Japan). 

3.2.11 Statistical analysis 

Statistical analysis was performed using Prism software (version 9). One-way analysis 

of variance (ANOVA) was used for Tukey’s multiple comparisons. Data are expressed 

as mean ± SD, and differences are assessed as ns =not significant, ***p< 0.0001). 
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Table 3.3 Antibodies for immune blotting analysis 

Antibodies Catalog Source 

SLFN11(E4) 374339 Santa Cruz Biotechnology 

DNA2 ab96488 Abcam 

phospho-CHK1(s345) 2341 Cell Signaling Technology 

phospho-ATR(T1989) 58014 Cell Signaling Technology 

phospho-RPA32 (Ser33) a300-246a Bethyl 

ATR ab2905 Abcam 

MRE11 GTX70212 Genetex 

FXR1 a303-892a Bethyl 

RPA2 (9H8) ab2175 Abcam 

tubulin  T5168 Millipore 

IdU 347580 BD Biosciences 

CldU ab6326 Abcam 
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3.3 Results 

3.3.1 SLFN11 enhances cellular sensitivity to DNA-damaging reagents independent 

of its RNase domain. 

Previous works by our lab member Dr. Yusuke Okamoto and others indicated that 

SLFN11 enhances DNA damage sensitivity via its C-terminal helicase domain. However, 

the SLFN11 protein also has an N-terminal core domain which acts as a ribonuclease 

(RNase) for a specific subset of tRNA/rRNA [112,114,115] and is engaged in translation 

control of ATR kinase[111]. Therefore, I decided to investigate whether the RNase 

domain of SLFN11 is responsible for affecting DNA damage sensitivity or not. To this 

aim, two inactivating mutations on the critical residues in the RNase domain in the N-

terminal SLFN11 core domain was introduced (by Ms. Erin Alvi) (Figure 3.1A and B) 

and tested whether the expression of SLFN11 with the RNase domain mutations could 

restore the phenotype caused by the loss of human SLFN11 in human HAP1 cells [107]. 

These two residues are very well conserved among SLFN family members and are shown 

to be critical for tRNA cleavage by rat or human SLFN13[112] and hSLFN11[114]. 

HAP1 SLFN11-/- cells were infected with lentivirus vectors encoding DOX-inducible 

GFP-tagged wild-type SLFN11(+SLFN11 WT) or RNase domain mutant 

SLFN11(+SLFN11 RNase mut). The expression of SLFN11 in the clones selected by 

hygromycin was confirmed following 48 h induction of DOX treatment with 

immunoblotting using an anti-SLFN11 antibody (Figure 3.1C).  

 



 

 
62 

 

Figure 3.1 Expression of wild-type and RNase mutant SLFN11 in SLFN11-/- HAP1 cells. (A) 

Multiple sequence alignments of the proposed active site regions of selected Schlafen proteins. 

The critical catalytic residues are indicated with E/D = *, K/R = o. The method used for alignment 

was the MAFFT program (Genetyx-Mac). The conserved regions were from the Pfam database. 

(B) A schematic diagram of SLFN11 protein structure. Positions of the mutation in the 

ribonuclease domain are shown. (C) Western blots (WB) analysis of DOX-induced expression of 

SLFN11. HAP1 SLFN11-/- cells were transduced with GFP tagged wild-type SLFN11 or the 

ribonuclease mutant SLFN11. Lentivirally transduced cells were treated with 2 µg/ml 

doxycycline (DOX) for 48 h for expression. 
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I firstly assessed the proliferation of cells expressing wild-type SLFN11 or the RNase 

domain mutant. It has been reported that SLFN11-depleted cells proliferated significantly 

faster than wild-type HAP1 cells[107], and the exogenous SLFN11 expression decreased 

cell growth rate[107]. Indeed, I observed that the SLFN11-/- HAP1 cells grew faster than 

the wild-type HAP1 cells (Figure 3.2), and the expression of both wild-type and the 

RNase domain mutant similarly decreased growth rate (Figure 3.2). 

 
Figure 3.2 Cell proliferation profile of SLFN11-/- HAP1 cells with indicated transgenes. Fold 

change in growth was measured over 4 days in wild-type or SLFN11-/- HAP1 cells complement 

with SLFN11 or RNase mutant SLFN11. Data represent mean ± SD.  
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Hydroxyurea (HU), a ribonucleotide reductase inhibitor, causes depletion of the 

deoxynucleotide pool in the cell, thereby inducing replication stress and stalled 

replication forks. I investigated whether SLFN11 with mutations in the RNase domain 

affects cellular sensitivity to HU. Consistent with the previous findings[107], I observed 

that DOX-induced wild-type SLFN11 expression in HAP1 cells partially restored cellular 

sensitivity to HU (Figure 3.3). Furthermore, expression of the RNase domain mutant 

SLFN11 also increased cellular sensitivity to HU (Figure 3.3), suggesting that the RNase 

domain of SLFN11 is dispensable for its function in reversing cellular sensitivity to DNA-

damaging reagents. 

 

Figure 3.3 Cell survival assay of HAP1 cells. HAP1 cells with indicated genotypes were treated 

with indicated doses of hydroxyurea (HU) for 72 h and measured with Cell Counting Reagent. 

Data represent mean ± SD. 
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3.3.2 SLFN11 accelerates replication fork degradation in a manner independent of 

its RNase domain 

Our lab previously reported that SLFN11 prevents the recruitment of the fork protector 

RAD51 to nascent DNA sites during replication stress, thereby accelerating stalled fork 

degradation[107]. To test whether the SLFN11 RNase domain plays a crucial role in 

accelerating HU-induced fork degradation, I utilized the DNA fiber assay. Progressing 

replication forks in HAP1 cells were pulse-labeled with thymidine analogs, 5-iodo-2’-

deoxyuridine (IdU) followed by 5-chloro-2’-deoxyuridine (CldU) then exposed to 4 mM 

HU for 5 h to stall progressing replication forks (Figure 3.4A, upper). The tract length 

of CldU-labeled DNA was assessed as an index of nascent DNA degradation in a blinded 

manner. Consistent with the previous findings[107], I observed that the length of CldU 

tracts in wild-type HAP1 cells were shortened (degraded) following HU treatment, while 

there were no significant changes in the CldU tract lengths of SLFN11-/- HAP1 cells with 

and without HU treatment (Figure 3.4A and B). I further carried out DNA fiber assays 

in SLFN11-/- HAP1 cells complemented with wild-type SLFN11 or the RNase domain 

mutant. I found that re-expression of wild-type SLFN11, as well as the RNase domain 

mutant, significantly shortened CldU tract length during HU treatment, suggesting that 

the RNase domain was not required for accelerating nascent replication fork degradation 

(Figure 3.4A and B). 
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Figure 3.4. Expression of SLFN11 with a mutated ribonuclease domain accelerates the 

degradation of stalled replication forks. (A) A schema of the experimental protocol (upper). 

Quantification results of fork degradation in HAP1 cells with the indicated genotypes in the 

presence of HU (below). The CldU tract length of over 300 DNA fibers were measured in each 

sample. To minimize the effects of observer bias, the images were captured and analysed in a 

blinded manner. P values were calculated by one-way ANOVA with Tukey’s multiple-

comparisons test. Mean ±  SD are shown. n.s., not significant. ****, p<0.0001. (B) 

Representative DNA fiber images of HAP1 cells with indicated genotypes.  
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3.3.3 Expression of SLFN11 carrying the mutated RNase domain enhances 

degradation of replication forks in a manner dependent on nuclease DNA2 or 

MRE11 

It has been reported that nucleases such as DNA2 and MRE11 participate in digestion 

of nascent DNA of stalled replication forks during HU treatment[118]. Our previous 

research indicated that SLFN11 promotes fork degradation in combination with nucleases 

including DNA2 or MRE11[119]. I performed a DNA fiber assay to test whether the 

RNase domain mutation could affect this process. I confirmed that siRNA targeting 

DNA2 in both wild-type and SLFN11-/- HAP1 cells successfully decreased DNA2 

expression levels with western blotting (Figure 3.5A). I then observed that DNA2 

knockdown could increase the CldU tract length in wild-type as well as SLFN11-/- HAP1 

cells re-expressing wild-type SLFN11 post-HU treatment but could not further elongate 

the tract length in SLFN11-/- HAP1 cells (Figure 3.5B). As expected, DNA2 knockdown 

also prevented shortening of the tract length in SLFN11-/- HAP1 cells expressing the 

RNase mutant SLFN11 (Figure 3.5B).  

Furthermore, MRE11 knockdown efficiency was confirmed by western blotting 

(Figure 3.6A) and showed a similar tendency to DNA2 knockdown in HAP1 cells with 

each genotype (Figure 3.6B), indicating that both DNA2 and MRE11 are crucial for fork 

degradation that is promoted by SLFN11.  
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Figure 3.5 DNA2 is responsible for the cleavage of nascent DNA tracts. (A) DNA2 depletion 

by siRNA in the wild-type and SLFN11-/- HAP1 cells was confirmed by western blotting analysis. 

Cells were collected 72 h after transfection with siRNA. Asterisks (*) represents a non-specific 

band. (B) DNA fiber assay results in HAP1 cells. A schema of DNA fiber assay protocol (upper) 

is shown. Cells were treated with luciferase negative control (siLuc) or siRNA targeting DNA2 

for 24 h before DOX-induced expression of wild-type SLFN11 or RNase mutant SLFN11, then 

exposed to 4 mM HU for 5 h. The length of more than 300 fibers were measured in each sample. 

P values were calculated by one-way ANOVA with Tukey’s multiple-comparisons test. Mean ± 

SD are shown. n.s., not significant. ****, p<0.0001. 
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Figure 3.6 MRE11 is responsible for the cleavage of nascent DNA tracts. (A) MRE11 

depletion by siRNA in the wild-type and SLFN11-/- HAP1 cells was confirmed by western blotting 

analysis. Cells were collected 72 h after transfection with siRNA. Asterisks (*) represents a non-

specific band. (B) DNA fiber assay results in HAP1 cells. A schema of DNA fiber assay protocol 

(upper) is shown. Cells were treated with luciferase negative control (siLuc) or siRNA targeting 

MRE11 for 24 h before DOX-induced expression of wild-type SLFN11 or RNase mutant SLFN11, 

then exposed to 4 mM HU for 5 h. The length of more than 300 fibers were measured in each 

sample. P values were calculated by one-way ANOVA with Tukey’s multiple-comparisons test. 

Mean ± SD are shown. n.s., not significant. ****, p<0.0001. 
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3.3.4 Expression of SLFN11 carrying a mutated RNase domain enhances 

degradation of replication forks in a manner independent of FXR1 

In chapter 2, I identified FXR1(FMR1 autosomal homolog 1), an RNA-binding protein, 

as a novel MRE11 interactor[116]. It could bind with MRE11 in mitochondria and 

contributes to cellular defense against mitochondrial reactive oxidative stress. To test 

whether FXR1 acts in fork degradation, I performed the DNA fiber assay in FXR1-

depleted HAP1 cells (Figure 3.7A and B). However, I observed that the FXR1 

knockdown did not significantly affect fork degradation in any of the genotypes tested 

(Figure 3.7B). Taken together, these results suggest that SLFN11 promotes replication 

fork degradation in a manner dependent on nuclease DNA2 and MRE11, but not FXR1. 

Our data further indicate that the RNase domain of SLFN11 is dispensable for the 

acceleration of stalled fork degradation. 
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Figure 3.7 FXR1 is dispensable for cleavage of nascent DNA tracts. (A) FXR1 depletion by 

siRNA in the wild-type and SLFN11-/- HAP1 cells was confirmed by western blotting analysis. 

Cells were collected 72 h after transfection with siRNA. Asterisks (*) represents a non-specific 

band. (B) DNA fiber assay results in HAP1 cells. A schema of DNA fiber assay protocol (upper) 

is shown. Cells were treated with luciferase negative control (siLuc) or siRNA targeting FXR1 

for 24 h before DOX-induced expression of wild-type SLFN11 or RNase mutant SLFN11, then 

exposed to 4 mM HU for 5 h. The length of more than 300 fibers were measured in each sample. 

P values were calculated by one-way ANOVA with Tukey’s multiple-comparisons test. Mean ± 

SD are shown. n.s., not significant. ****, p<0.0001. 
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3.3.5 Exogenous expression of SLFN11 downregulates ATR kinase expression in 

response to DNA-damaging reagent-induced replication stress  

It has been previously described that SLFN11 inhibits the translation of ATR kinase 

through cleavage of specific types of tRNA during the DNA damage response, due to the 

distinct codon usage in ATR[111]. Because this report is apparently at odds with my 

current observation, I decided to investigate whether SLFN11 expression could affect the 

expression and function of ATR kinase in response to HU-induced replication stress in 

HAP1 cells. Western blot analysis confirmed that ATR protein expression did not change 

with or without HU treatment (5 h) in wild-type HAP1 cells (Figure 3.8). In SLFN11-/- 

cells, the basal levels of ATR were slightly lower but were increased to similar levels as 

wild-type cells after HU treatment, and the auto-phosphorylation of ATR on the Thr1989 

residue[120]reached higher levels after HU treatment than in HU-treated wild-type cells. 

This could reflect higher RPA foci levels in the absence of SLFN11, which may recruit 

more of the ATRIP-ATR complex to damaged chromatin. However, a bit surprisingly, 

SLFN11-/- cells lentivirally transduced with SLFN11-GFP wild type or the RNase mutant 

revealed lower levels of ATR kinase than non-transduced SLFN11-/- cells. I confirmed 

the reproducibility of this observation in three repeated experiments. 
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Figure 3.8 Expression of SLFN11 downregulates ATR protein levels in response to HU.  

HAP1 cells with indicated genotypes were treated with 4 mM of HU for 5 h. Then, the cells were 

harvested and analyzed by western blotting using the indicated antibodies. Relative expression of 

ATR was analyzed by Image J and normalized with Tubulin expression. 

 

RT-PCR analysis did not reveal decreased ATR mRNA levels, suggesting a reduction 

at the protein level (Figure 3.9). In keeping with this, the phosphorylation of ATR was 

barely detectable following HU treatment. The phosphorylation levels of CHK1 on S345, 

which is known to be phosphorylated by ATR, did not show much difference after HU 
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treatment between cells expressing wild-type and RNase mutant SLFN11. The Ser4/Ser8 

phosphorylation of RPA, which is mediated by DNA-PKcs[121], was increased in 

SLFN11-/- cells compared to wild-type following HU treatment, and exogenous 

expression of SLFN11 did not reduce these phosphorylation levels (Figure 3.8). Overall, 

these results indicated that exogenous SLFN11 inhibits ATR kinase expression and this 

effect is independent of its RNase domain. 

 

 

Figure 3.9 ATR mRNA expression in HAP1 cells. The mRNA expression of ATR in HAP1 

wild-type and SLFN11-/- cells complemented with wild-type or RNase mutant SLFN11 after 4 

mM HU treatment for 5 h were analyzed by reverse transcription-PCR (RT-PCR). 
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3.3.6 ATR inhibition mimicked the effects of SLFN11 expression in stalled fork 

degradation 

My observation that exogenous expression of SLFN11, irrespective of RNase domain 

mutations, suppressed ATR kinase levels suggested that lower functional levels of ATR 

might explain the effects of exogenously expressed SLFN11 during replication stress and 

in the DNA damage response. To test whether ATR inhibitor (ATRi) treatment can 

simulate SLFN11 expression, I treated SLFN11-/- HAP1 with ATRi VE-821 and 

examined the degradation of nascent DNA tracts with and without HU treatment. 

Similarly to the observation in SLFN11-/- complemented with SLFN11, I could detect 

enhanced stalled fork degradation in ATRi-treated SLFN11-/- cells (Figure 3.10), 

consistent with the possibility that the effects of exogenous SLFN11 expression on fork 

degradation are mediated by suppressed expression and function of ATR kinase. 
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Figure 3.10 DNA fiber assay following ATR inhibitor treatment in HAP1 SLFN11-/- cells. 1 

µM ATR inhibitor (VE-821) was applied to cells together with HU (upper). The length of more 

than 300 fibers were shown. P values were calculated by one-way ANOVA with Tukey’s 

multiple-comparisons test. Mean ± SD are shown. n.s., not significant. ****, p<0.0001. 
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3.4 Discussion 

There are two conflicting views in the literature on the mechanisms of SLFN11-

mediated enhanced DNA damage sensitivity, which seem difficult to reconcile. While the 

C-terminal helicase domain of SLFN11 is proposed to modulate DNA metabolism such 

as DNA repair[108] or replication[109,110], the N-terminal RNase domain is suggested 

to downregulate translation of critical replication stress kinase ATR, leading to loss of 

checkpoint response[111]. In this study, I provide lines of evidence that indicate the 

RNase domain is dispensable for replication stress response and degradation of stalled 

replication forks. The equivalent RNase domain mutants in SLFN13 are shown to be 

deficient in tRNA cleavage[112]. The effect of the knockdown of nucleases DNA2 and 

MRE11 on fork degradation were similar in both cells expressing wild-type and the 

RNase deficient mutant SLFN11. However, unexpectedly, I also observed clearly 

reduced ATR protein expression in cells transduced with wild-type and RNase mutant 

SLFN11. The observed down-regulation of ATR protein levels cannot be explained by 

the SLFN11 cleavage of tRNA and translational control of ATR. This is in sharp contrast 

to the conclusion described in[111], which implicates SLFN11-mediated tRNA cleavage 

is responsible for ATR downregulation. The reason for this discrepancy is unclear and 

could be due to the use of different cell lines and methods. More experiments are needed 

to resolve this contradiction. 

I propose that low ATR expression levels should contribute to the mechanism involved 

in increased DNA damage sensitivity mediated by SLFN11, at least in some cell lines. 

The decreased ATR expression or activity may account for many, if not all, properties 

conferred by SLFN11 expression. For example, it has been described that ATRi can 
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decrease homologous recombination repair, RAD51 foci accumulation, and DNA 

damage tolerance[111], and these are also the features of SLFN11 expressing cells. In our 

HAP1 cell models, I observed that ATRi treatment phenocopied SLFN11 exogenous 

expression in accelerating stalled fork degradation. The fork remodeling enzyme 

SMARCAL1 can be inhibited by ATR, and ATRi treatment may accelerate fork 

reversal[48] possibly contributing to increased fork degradation. This view is also 

consistent with the previous suggestion that ATRi can reverse chemoresistance caused by 

the loss of SLFN11[65,109,111]. 

At this moment, it is unclear whether the SLFN11-induced reduction of ATR protein 

levels universally occurs or not, and it is possible that the reduction of the ATR protein is 

a phenomenon observable only in a cell type-specific or context-specific manner. I could 

not detect ATR downregulation in HAP1 wild-type cells (expressing SLFN11) post-HU 

(4 mM, 5h). As reported by Li et al.[111], at least some cell lines have decreased ATR 

levels after camptothecin treatment (i.e., FG cells or HEK293 cells, 40 nM CPT for 24 or 

48 h). Different cell lines may display different dose-response and kinetics in the 

regulation of ATR levels. A more thorough investigation would be warranted to examine 

whether SLFN11 can affect ATR levels in other cancer cell lines.  

It is also currently unclear how the SLFN11 wild-type and RNase mutant can reduce 

protein levels of ATR. It has been described that SLFN11 can interact with DDB1 of 

CUL4 E3 ubiquitin ligase, promoting polyubiquitination and destabilization of a 

replication initiation factor CDT1[110]. This is shown to require the SLFN11 C-terminal 

helicase domain. The same or similar mechanism might be operating to reduce ATR 

expression levels, and this hypothesis can be tested in the future. In any case, my data did 
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not support the idea that SLFN11 RNase activity contributes to cell fate decisions 

following cancer chemotherapy. 
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Chapter 4 Discussion and conclusion 

To maintain genome integrity, mammalian cells have developed intricate cellular 

response including DNA damage response, replication stress response as well as 

oxidative stress response. In this thesis, I have examined role of FXR1 in ROS-mediated 

ATM activation as well as the impact of the SLFN11 RNase domain on replication stress 

response via ATR kinase. Since defective cellular response leads to disorders, such as 

neurodegeneration disorder and cancer, my study shed some light on understanding not 

only the mechanism of how disease progress but also development of a novel disease 

treatment. 

In chapter 2, I hypothesized that MRE11, the ATLD-responsible gene product may 

function in oxidative stress. ATLD patients show a similar neurodegeneration phenotype 

as A-T, such as progressive cerebellar ataxia. ATM, a protein product of A-T responsible 

gene, is activated in response to H2O2-induced oxidative stress. Using ATLD patient-

derived cells lacking MRE11 function, I revealed that MRE11 is involved in the regulate 

on of ATM activation in response to oxidative stress. I further identified FXR1, a novel 

protein that binds to MRE11 by mass spectrometry. Finally, I clarified that independent 

of NBS1 and ATM, FXR1 forms a complex with MRE11 in the mitochondria and plays 

a role in cellular responses to oxidative stress. It has been reported that MRE11 localize 

in mitochondria and binds with mitochondria DNA[122]. In addition, MRE11 functions 

as a mitochondria protector, regulate activation of caspase 1 and prevent T cell death and 

inflammation[123]. Function of FXR1 in mitochondria DNA protection against oxidative 

stress should be investigated in the future. 
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In chapter 3, I investigated the function of SLFN11, a member of the long-form SLFNs 

that harbor the N-terminal ribonuclease (RNase) domain and the C-terminal 

helicase/ATPase domain. How these domains contribute to the chemotherapeutic 

response remains poorly understood. I tested whether SLFN11 mutated on RNase domain 

can affect replication stress response. I found that the RNase domain mutant was still able 

to suppress DNA damage tolerance and destabilize the stalled replication forks. The fork 

degradation is dependent on both DNA2 and MRE11 nuclease, but not on MRE11’s novel 

interactor FXR1. This was not unexpected since FXR1 is expressed in cytoplasm or in 

mitochondria and may not have a nuclear function. It is interesting to note that MRE11 

can exert both nuclear and cytoplasmic function, perhaps changing interaction partners 

(the MRE11-NBS1-RAD50 complex in the nucleus versus the MRE11-FXR1 complex 

in mitochondria). It remains unclear how MRE11 assists ATM in response to ROS and 

this will be an important issue to elucidate the mechanism. 

Unexpectedly, SLFN11 expression downregulated the protein levels of ATR kinase, 

raising a possibility that the impact of SLFN11 expression on replication stress response 

is mediated by the reduced ATR protein levels. I also clarified that ATR inhibitor 

treatment accelerated the stalled fork degradation, consistent with the possible role of 

ATR in regulation of the fork reversal enzymes and/or in recruitment of the fork 

protection factors. Collectively, these results may suggest that a critical role of SLFN11 

in cancer chemotherapy may involve the regulation of ATR levels. However, how 

SLFN11 affects protein levels of ATR remains unclear. Clarifying this would be an 

important research goal in near future. SLFN11 still may have a more direct role in 

prevention of RAD51 and other fork protector recruitment.  
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Inhibition of transcription due to damage in the template DNA or the replication-

transcription conflicts form R-loops, which lead to genomic instability by increasing 

replication stress and inhibiting transcription. Thus, replication stress can further increase 

replication stress in a positive feedback mechanism. Besides its role in DNA damage 

responses and oxidative stress responses, MRE11 has been reported to function in 

suppressing R-loop formation via the Fanconi anemia pathway[98]. On the other hand, it 

has also been reported that ATR activated by replication stress promotes the localization 

of the RNA helicase Ddx19 to the cell nucleus and functions to clear the R-loop[124]. I 

have found that FXR1 is a novel MRE11’s interactor, while whether FXR1 function in 

R-loop remains be investigated. It has been reported that SLFN11 interacts with DHX9 

helicase, which may function in regulating R-loops[125]. I also demonstrated that 

SLFN11 could regulate ATR expression and function. Taken these together, the role of 

SLFN11 and FXR1 in regulating R-loop need to be further investigated. 

In conclusion, the function analyses of FXR1 and SLFN11 described here provide a 

new insight to further understand the mechanism of cellular response to genotoxic stress, 

and possibly contribute to developments in the treatment of human disease, such as cancer 

and neurodegenerative disorder.  
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