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Abstract

Self-assembly is promising for construction of a wide variety of supramolecular assemblies,
whose 1D/2D/3D structures are typically relevant to their functions. In-depth understanding
of their structure-function relationships is essential for rational design and development of
functional molecular assemblies. Microscopic imaging have been used as powerful tools to
elucidate structures of individual molecular assemblies with sub-nanometer to millimeter
resolution, which is complementary to conventional spectroscopic techniques that provide the
ensemble structural information. In this review, we highlight the representative examples of
visualization of molecular assemblies by use of electron microscopy, atomic force
microscopy, confocal microscopy, and super-resolution microscopy. This review
comprehensively describes imaging of supramolecular nanofibers/gels, micelles/vesicles,
coacervate droplets, polymer assemblies, and protein/DNA assemblies. Advanced imaging
techniques that can address key challenges like evaluation of dynamics of molecular
assemblies, multicomponent self-assembly, and self-assembly/disassembly in complex
cellular milieu, are also discussed. We believe this review would provide guidelines for

deeper structural analyses of molecular assemblies to develop the next-generation materials.
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1. Introduction

Both natural and synthetic molecular assembly produced by non-covalent interactions
provide a variety of unique 1D/2D/3D structures such as sphere, rod, fiber, tape, grid, sheet,
helix, and others with a variety of sizes, which cannot be constructed by use of only covalent
bond linkage. Owing to reversible connections through noncovalent bonds, these structures
are dynamic and transform each other, which may be tightly associated with their functions in
many cases. These self-assembled molecules/materials are expected as promising
soft-materials in the next generation where the sustainability will be highlighted. For rational
design of functional molecular assembly, it is crucial to decipher a valuable relationship
between the structure and the function in details. Structural analyses of such molecular
assembly so far have been mostly carried out with X-ray crystallography and various
spectroscopies including UV-visible, fluorescence, circular dichroism (CD), and NMR. The
crystallographic analysis can give precise information of the assembly on the molecular
packing in atomic resolution, while these are static in the crystal state. Small angle
X-ray/neutron scattering technique has also been becoming useful to elucidate sizes and
shapes of molecular assemblies in solution. Indeed useful, the spectroscopic data in either
solution or solid state give only ensemble information of the assembly. Structural study of
molecular assembly using microscopy such as TEM (transmission electron microscopy),
SEM (scanning electron microscopy), AFM (atomic force microscopy) and CLSM (confocal
laser scanning microscopy) should be complementary to these conventional analytical
methods. These approaches allow to address the individual structures/dynamics of molecular
assembly, rather than averaged ones, by imaging the individual self-assembled objectives
with their corresponding spatial and temporal resolutions.

In this review, we summarize representative imaging techniques, electron microscopy
(EM), AFM, and CLSM, for molecular assemblies such as micelles/vesicles,
supramolecular/covalent polymers, coacervate droplets, DNA/protein assemblies, and others.
As shown in Table 1,' each imaging modality has (dis)advantages over others in terms of
spatial and temporal resolutions, sample preparation protocols, imaging conditions, and the

contaminated artifacts. It is thus keenly needed to select appropriate imaging techniques for



samples of interest. For example, EM realizes a near atomic-level resolution but it is difficult
to evaluate the dynamic processes due to its requirement of drying or freezing in the sample
preparation. AFM enables to examine the dynamic aspects of molecular assemblies at nm
resolution, but interactions between sample-tip and sample-substrate should be carefully
considered. Although the lower spatial resolution, CLSM and recently developed
super-resolution techniques allows in sifu multicolor imaging at a wide range of frame rates
(s~h/frame) through selective fluorescent staining. Here, we introduce the imaging
techniques and their application examples for various kinds of artificial/natural molecular

assemblies and discuss advantages and limitations of each imaging modality.

Table 1. Comparison of imaging techniques for organic molecular assemblies. Modified from

ref 1.
CLSM AFM / High speed AFM TEM/SEM/STEM Cryogenic EM Liquid cell EM
Spatial resolution 200 nm =1-50 nm? 1-10nm 0.2(single ﬂ%nr'ﬁnka analysis) =3 - 30 nm2
Acquisition speed i 100ms-10s
(frame-1) 8= 1 min : High speed AFM - - 30ms-1s
. . : . Dried, . .
Sample environment and Solution, Dried or solution, Vitrified, Solution,

preparation

Artifact

Advantage

Limitation

Main
observation target

fluorescence labeling

Bleaching,
laser toxicity
dye addition

In situ imaging,
multicolor imaging,

3 D imaging by Z stack,

Low spatial resolution,
Imaging restricted to
fluorescence labels

Wide range

sample on substrate

Tip, force, scanning

In situimaging,
no staining,
imaging with various
parameters,
high vertical resolution

Restricted to surface

1D/2D assemblies

sample on grid,
(stained with metal)

Dehydration,
beam damage

High resolution

No in situ imaging

Wide range

sample on grid

Vitrification,
ice crystal formation,
beam damage

Solves near-atomic
structures
(single particle analysis),
shapshot

No in situ imaging,
thin film needed

Proteins complex

sample in liquid cell

Beam damage,
diffusional constraint

In situimaging

Lower resolution than other
EM techniques,
thin liquid sample needed

micelle, coacervate

1: On membrane proteins, resolution <1 nm can be achieved, on mammalian cells ~50 nm and on microbial cells ~10 nm.

2: Resolution <3 nm can be achieved when specimen contains heavy metal

2. Imaging modality

EM, AFM, and CLSM are most major methods for imaging the structures of molecular
self-assemblies. These techniques have been greatly improved in recent years in a few of
critical aspects including frame rate, spatial resolution, and sample preparation/conditions.

More recently, cryogenic electron microscopy (cryo-EM) has enabled us to investigate the



detailed packing structure of molecular assemblies in near-atomic resolution.>”® Liquid cell
electron microscopy (LC-EM)’~ and high speed atomic force microscopy (HS-AFM)!%'2 are
available to capture dynamics of molecular assemblies in nm resolution. A great progress in
several super-resolution fluorescence microscopies such as stimulated emission depletion
microscopy (STED), single molecule localization microscopy (SMLM), and structured
illumination microscopy (SIM) allows in situ multicolor imaging of molecular assemblies at
a higher resolution than conventional CLSM. Herein, we comprehensively describe examples
for imaging of organic molecular assembly with EM (chapter 3), AFM (chapter 4), and
CLSM (chapter 5).

3. Electron microscopy

TEM, SEM, and scanning transmission electron microscopy (STEM) are most representative
methods for imaging various inorganic/organic objectives including molecular
self-assemblies. Although SEM/TEM/STEM have the nanometer spatial resolution with good
signal to noise ratio, there are concerns in artifacts due to drying and metal shadowing in the
sample preparation process and electron-beam damage while imaging. Cryo-EM using rapid
freezing sample can reduce such artifacts and is advantageous in time-resolved snapshot
imaging.'>!> Very recently, a few of atomic level 3D reconstructions of artificial or small
molecular assemblies by single particle analysis have been reported.*® LC-EM is recently
developed as another powerful technique, which allows direct observation of liquid
specimens in real time, and has now begun to be applied to follow the dynamics of organic
molecular assemblies.”” In this chapter, we mainly focus on recent advances in imaging

molecular self-assemblies using cryo-EM and LC-EM.

3.1. TEM/SEM/STEM

Since the 1970s, TEM/SEM/STEM have been actively used for imaging molecular
self-assemblies formed by biopolymers such as proteins and polysaccharides.'®2? As an early
example, Trelstad et al. imaged self-assembly of collagen by TEM with phosphotungstic acid

negative staining.'® TEM image of a sample of freshly prepared collagen solutions showed
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non-structural images. After 5 minutes incubation at 37 °C, the thin fibrous aggregates with a
diameter of 5 nm appeared. Further incubations provided their entangled 18 nm thick fibers.
These results indicated that self-assembly process of collagen fibers contained multiple steps
with distinct stages. TEM/SEM/STEM had been similarly applied for imaging artificial
molecular self-assemblies.?3?° In 1993, Gulik-Krzywicki et al. reported TEM images of
supramolecular liquid crystalline polymers formed by 1:1 mixture of complementary
molecules which contained L-, D-tartaric acid in center and pyridine derivatives or uracil at
edges (LP,, LU,, DP,, DU>).2® The right- and left- handled helical nanostructures were
clearly observed in the mixture of LP>/LU; and DP»/DU>, respectively, indicating that the
chirality of small molecules was translated into their supramolecular helicities.

Energy dispersive X-ray spectroscopic (EDX) analysis allows elemental mapping of
molecular assemblies and is valuable to confirm the colocalization of self-assembled
molecules and other molecules.’*3? The spatial resolution of the EDX analysis for thin
specimens is 2—100 nm. In 2006, Wang ef al. prepared a catalytic supramolecular hydrogel by
co-assembly of two amino acid derivatives and hemin in water (Figure 1A).>° The authors
compared the catalytic activity of hemin using the oxidation reaction of pyrogallol in the
presence of H>O,. The activity of the hemin-modified supramolecular hydrogel (Gel II) is
higher than that of free hemin, hemin in a polymer hydrogel, or the hemin-unmodified
supramolecular hydrogel (Gel I). TEM image of Gel I showed only dense nanofibers with a
diameter of ca. 20 nm (Figure 1B), whereas the nanofibers of Gel II were surrounded by a
loose layer (Figure 1C). The EDX analysis indicated that the surrounded area had 2.23 wt%
Fe and there was no Fe signal in the blank area (Figure 1D, E, F). From the UV/Vis analysis,
it was clear that presence of the supramolecular hydrogel inhibited dimerization of hemin.
These results suggested that hemin molecules adsorbed on the supramolecular nanofibers
without dimerization and were efficiently exposed to the outside, resulting in the higher
catalytic activity. In 2009, Komatsu et al. reported Ca>" ions responsive hydrogelation of a
phospholipid mimic hydrogelator.’! The STEM-EDX line profile of the resulting hydrogel
showed that C and P signal of the phospholipid colocalized well on the Ca signal, indicating

that formation of Ca*'-phosphate complex stabilized the nanofiber to induce the sol-gel
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transition. EDX analysis was also utilized for elucidating the formation of self-assembly
block nanostructures.>*3* In 2011, Zhang et al. developed a semiconducting supramolecular
block-nanotube.** The nanotubes were formed by the following stepwise processes: (i)
self-assembly of single molecule (HBC 1) into a homo-nanotube formation; (i) inhibition of
the monomer exchanges by construction of Cu?*-coordination network; (iii) sonication to
provide dispersed seeds; (iv) seeds-driven self-assembly of the other molecule (HBC 2) to
fabricate the block nanotube (Figure 1G). STEM visualized the nanotubes composed of two
segments with different contrasts (Figure 1H) and the Cu signal in the EDX analysis was
detected only along the bright segment (Figure 11, J, K). These observations clearly

demonstrated the formation of a supramolecular block-nanotube.
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Figure 1. EDX analysis of small molecular assemblies. (A) Chemical structures of
hydrogelators and hemin. (B, C) TEM images of (B) hemin-unmodified supramolecular
hydrogel (Gel I) and (C) hemin-modified supramolecular hydrogel (Gel II). (D) High
resolution TEM image of Gel II. (E, F) EDX analysis of selected area in (D). Reproduced
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with permission from ref 30. Copyright 2007 Wiley-VCH. (G) Chemical structures of
monomers for tubular assembly. (H) STEM image of the block nanotube. (I, J, K)
STEM-EDX map of (I) carbon, (J) copper, and (K) their merge. Scale bars: 50 nm.

Reproduced with permission from ref 34. Copyright 2011 AAAS.

3.2. Cryo-EM

Conventional EM imaging requires sample drying, which might cause morphological change
of molecular assemblies to give unfavorable artifacts.’® In contrast, cryo-EM technique, the
samples of which are prepared by rapid freezing in a cryogenic environment, was developed
to minimize such artifacts coming from the sample dryness.’**’ However, the blotting
process in preparation of thin film specimens may lead to structural changes. Mears et al.
indeed demonstrated by small angle neutron scattering analysis that the cryo-TEM imaging
greatly suppressed the artifacts in the self-assembly structure of low molecular weight
gelators compared to the SEM/AFM imaging after drying.'> As an early example of
cryo-TEM imaging of artificial molecular assemblies, Won et al. observed poly(ethylene
oxide)-poly(butadiene) (PEO-PB) diblock copolymer in vitrified water,*' revealing that
PEO-PB formed worm-like micelles with PB cores. Cryo-EM is also utilized for imaging

4244 yan Esch and coworkers observed that a low

nanometer scale orthogonal self-assemblies.
molecular weight gelator and a surfactant orthogonally self-assembled to form nanofibers and
vesicles, respectively.*>*} Following their works, Majumder ef al. observed orthogonal
self-assemblies of vesicles and peptide nanofibers by cryo-EM. They utilized these
orthogonal assemblies to simultaneously control the release rate of a small molecule and a
protein drug, resulting in effective induction of cancer cells death.**

In cryo-EM imaging, the specimens are quickly vitrified at a certain timing. Hence,
cryo-EM is applicable for imaging time-dependent morphological change of molecular

assemblies, %13

especially at seconds to several minute ranges. Danino et al. observed
guanosine triphosphate (GTP)-induced structural change of a tubular complex comprising
proline rich domain-lacking dynamin (APRD dynamin) and phosphatidylserine (PS) by the

cryo-EM snapshot imaging.> Dynamin, a large GTPase, plays an important role in
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endocytosis by fission of vesicles from membranes.*® The complex of APRD dynamin and PS
formed tubular structures with diameter of 50 nm before treatment of GTP (Figure 2A, left).
The constricted tubular structures with diameter of 40 nm and dynamin-free liposomes were
observed 210 s after addition of excess GTP and the intermediate state containing both the
non-constricted and the constricted tubes could be seen at 5 s after addition of GTP (Figure
2A. right). Importantly, the GTP treated structures visualized by conventional TEM were
different from that by cryo-EM, probably because of artifacts during sample preparation of
conventional TEM. Small molecular self-assembly behaviors were also evaluated by
cryo-EM snapshot.#’! In 2010, Pashuck and Stupp used cryo-EM snapshot to observe
molecular assembly of a peptide amphiphile (PA), a short peptide that has a hydrophobic
alkyl chain at N-terminus.*’ The cryo-EM snapshot visualized the morphological change
from short twisted ribbons to long helical ribbons over 1 month. In 2019, Yuan et al.
imaged supramolecular polymerization processes of amphiphilic amino acid derivatives,
Fmoc-Ala/His and Z-FF.’! The samples were prepared by mixing alkaline or DMSO solution
of the amino acid derivatives and an aqueous solution in the presence or absence of AgNOs.
In all cases, kinetic liquid-liquid phase separation was observed at initial stage followed by
nucleation and growth of the thermodynamically stable nanofibers from the solute rich
droplets after lag-time (Figure 2B, C). Combination of the cryo-EM images with other
analyses suggested that the liquid-liquid phase separation was crucial for decreasing the
nucleation barriers to form the supramolecular nanofibers. Cryo-EM method can visualize
organic self-assembly materials which reversibly interact with guest molecules. In 2019, Li et
al. succeeded in imaging a metal-organic framework (MOF) of zeolite imidazolate
framework (ZIF-8) and the CO;-adsorbed MOF by use of cryo-TEM, where the cryogenic
condition stabilized the ZIF-8 structure and inhibited desorption of CO.%> The cryo-TEM
images of empty and CO»-filled ZIF-8 showed that insertion of CO> induced structural
change of ZIF-8.
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Figure 2. (A) Cryo-TEM images of APRD dynamin / PS tubular complex before and 5 s after
addition of GTP. Scale bar: 100 nm. Reproduced with permission from ref 45. Copyright
2004 Elsevier. (B, C) Cryo-TEM time-dependent images of formation processes of (B)
Fmoc-Ala and (C) Fmoc-His nanofibers in presence of Ag" ions. Reproduced with

permission from ref 51. Copyright 2019 Wiley-VCH.
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Thanks to the recent advances in direct electron detectors and image processing systems,
cryo-EM is now available to analyze 3D structures of proteins in near-atomic to nm

233736 and cryo-electron tomography.’’*® These

resolution using single particle analysis
techniques are now applied for resolving the structures of protein self-assemblies such as
microtubules.’**° Microtubules, ubiquitous cytoskeletal filaments, are well known to play a
vital role in multiple cellular functions.®! Heterodimer of a- and B-tubulin self-assembly into
protofilament, that associate laterally to afford a microtubule. It is conceivable that the
formation and collapse of microtubules are highly dynamic, which depend on GTP and other
binding molecules. Supramolecular polymerization of the tubulin dimer gives polarity, in
which the fast and slow growth end are called plus and minus end, respectively. In 2014,
Alushin et al. utilized cryo-EM single particle analysis to construct high resolution
microtubule structures (4.7-5.6 A) in presence of GTP-like GMPCPP (a slowly hydrolyzing
analog of GTP), guanosine diphosphate (GDP), or GDP/Taxol (Figure 3A).> N and E sites are
GTP binding domains located at plus end direction of a- and B-tubulin, respectively.
Comparison of the GMPCPP-bound and the GDP-bound state structures indicated that GTP
hydrolysis induced the compaction of the E site into generation of strain at the dimer
interface, which resulted in deformation of microtubules (Figure 3B). In addition, it was
revealed that taxol allosterically inhibited most of these changes. After this report, many

researchers provided high resolution microtubule structures in presence of microtubule

binding molecules by cryo-EM.60:62-65

13



B Taxol allosterically
reverses a intermediate
domain rearrangment

A o-tubulin Intermediate domain

Sible Uneletle Stable a-tubulin Nucleotide-binding domain

Hydrolysis Esho
n  €Xpansion
and ’ <

phosphate release

— 2 5 « Somalr
E site — N
compacton (ex@l) rearangment
generates strain

~

Catastrophe:
lateral contacts broken

Taxol
binding

twbulin heterodimer

GDP state GOP Taxol state

GTP.4ke state
(GMPCPP bound)

Intermediate domain
rotates, relieving strain

Figure 3. (A) Single particle cryo-EM structures of microtubule in GTP-like, GDP, and
GDP/Taxol states. (B) Proposed model of microtubule stabilization and destabilization.

Reproduced with permission from ref 3. Copyright 2014 Elsevier.

In the past few years, cryo-electron tomography and single particle analysis have
extended to artificial (small molecular) assemblies.*%% In 2016, the inner structure of a
sub-50 nm homopolymer nanoparticle derived from a poly-ionic liquid (Figure 4A) was
evaluated by cryo-electron tomography.®® According to the 2D cryo-EM images, the
nanoparticle seemed to form an onion-like layered structure with 5 nm domain spacing
(Figure 4B). However, the 3D reconstruction image of cryo-electron tomography revealed
that the inner structure was more complicated than the simple layered structure (Figure 4C).
In 2016, Yang et al. reported a construction of a well-ordered protein microtubule mimic
composed of a tetrameric soybean agglutinin and a rhodamine-conjugated sugar (Figure
4D).* The designer microtubular 3D structure at a resolution of 7.9 A were determined by
single particle cryo-EM analysis. In 2018, Guenther et al. performed single particle cryo-EM
to determine the molecular packing structure of DLIIKGISVHI derived from an amyloid
protein, TAR DNA-binding protein 43.° The 3D reconstruction structure at a resolution of 3.7
A revealed that the 11 amino acid peptide represented several distinct conformations in the
amyloid fibril (Figure 4E). These pioneering works predicted that cryo-electron tomography
and single particle cryo-EM would be widely applied for in-depth structure analysis of
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artificial and small molecular self-assemblies in the near future. In addition to the
imaging-based techniques, microcrystal electron diffraction (MicroED) with cryo-EM is also

powerful to elucidate the atomic level conformation of crystalline self-assemblies.>¢7-72

Figure 4. (A) Chemical structure of a poly(ionic liquid). (B) Cryo-TEM image of the
homopolymer nanoparticles. (C) 3D structure of the homopolymer nanoparticle reconstructed
by cryo-electron tomography. Reproduced with permission from ref 66. Copyright 2016
American Chemical Society. (D) Single particle cryo-EM structure of the artificial
microtubule composed of a tetrameric soybean agglutinin and a rhodamine-conjugated sugar.
Scale bar: 25 nm. Reproduced with permission from ref 4. Copyright 2016 American
Chemical Society. (E) Single particle cryo-EM structure of DLIIKGISVHI fibril. Reproduced

with permission from ref 5. Copyright 2018 Springer Nature.

3.3. Liquid cell electron microscopy
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In spite of the great progress in cryo-EM, it is yet challenging to image wet samples in real
time because the extremely high vacuum environment is necessary in EM. To sidestep the
obstacle, LC-EM technique, where liquid samples are placed in a small space between two
thin, tough and highly transmittance membranes, has been developed (Figure 5).”7377°
LC-EM allows in situ time-lapse imaging of wet samples at nanometer resolution with
sub-second time scale. In the past two decade, LC-EM was widely used for imaging

76-79

inorganic  nanowires/nanoparticles and cellular proteins labeled by gold

nanoparticles/quantum dots.3#' Furthermore, dynamics analysis of organic self-assembly by

LC-EM was launched.3%-82-%0

Electron beam

High vacuum environment

Support

Liquid

W
)\

Specimen Membrane

Transmitted electrons

Figure 5. Schematic illustration of a liquid cell and a liquid specimen for LC-TEM imaging.

In 2014, Gianneschi and coworkers used LC-TEM to observe the dynamics of organic
micellar nanoparticles in real time for the first time.®? A norbornene based amphiphilic block
copolymer was modified with Pt(Il)-complex unit in order to facilitates good contrast for
LC-TEM. The time-lapse images with a maximum time frame rate of 25 frames/s
successfully captured the motion of the nanoparticles with a diameters of ca. 100 nm. In 2017,
the same group followed the motion of amphiphilic block copolymer micelles without
metal-loading by LC-TEM (Figure 6A-L).** They successfully conducted to directly
visualize nanoscale dynamic events such as micelle-micelle fusion (Figure 6H-L), non-fusion
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collisions, micelle growth by unimer incorporation. It is noted that the inner structure of the
fused micelle could not be characterized by LC-TEM (Figure 6C) unlike by cryo-TEM
(Figure 6G) that has the higher spatial resolution, clearly implying that the combination use
of LC-EM and cryo-EM is important to accurately evaluate behaviors of nanoscale soft
materials. LC-EM is suitable to study the dynamic process of MOF,’! since the incorporation
of metal is appropriate for low electron beam LC-EM imaging with high contrast.” In 2015,
Patterson et al. observed ZIF-8 in real time by LC-TEM.?? The LC-TEM movie over 11 min
showed the nucleation and growth process of ZIF-8 nanoparticle without the coalescence.
Importantly, the formation kinetics and structures were consistent to that obtained in bulk
without liquid cell and electron beam radiation.

LC-EM is powerful to visualize nanoscale dynamic events of a solute-rich liquid droplet,
called coacervate, formed by liquid-liquid phase separation.’*# In 2019, Ianiro et al. directly
examined the vesicle formation process of amphiphilic artificial molecules through
liquid-liquid phase separation by use of LC-TEM.} They selected poly(ethylene
oxide)-block-poly(caprolactone) (PEO-b-PCL) as a model for in situ imaging study because
this polymer was determined by theoretical prediction to be appropriate in solvent switch
induced vesicle formation through liquid-liquid phase separation. They continuously obtained
the images for 900 s with an interval of 1 s, capturing the formation process of the vesicles
with a final diameter of ca. 150 nm (Figure 6M—0). At 46 s after starting observation, a low
contrast homogeneous coacervate could be imaged. Subsequently, LC-TEM visualized the
gradual formation of some distinct spherical structures (130, 242 s) which then coalesced to
form a continuous membrane at the edge of the coacervate (912 s). These observations
indicated that the PEO-b-PCL initially formed a coacervate that acted as a precursor of

micelles, which further transformed into a vesicle (Figure 6P).
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Figure 6. LC-EM imaging of organic molecular assemblies. (A—G) Evolution of micelles in
solution. (A) Cryo-TEM image of the initial small micelles. (B) Schematic illustration of the
size evolution process. (C) LC-TEM image of the large micelles. (D, E, F) Potential internal
structures supposed by LC-TEM image (D is not possible for the unimer). (G) Cryo-TEM
image of the large micelles. Scale bar: 100 nm. (H-L) Micelle fusion in solution. (H)
LC-TEM time-lapse images of fusion process of two micelles. (I) Enlarged images of white
square in (H). (J) Micelle area plot. (K) Micelle width plot. (L) Micelle aspect ratio plot.
Reproduced with permission from ref 83. Copyright 2017 American Chemical Society. (M-
P) Coacervate mediated vesicle formation from PEO-b-PCL. Scale bars: 100 nm. (M)
LC-TEM images of the formation process of the vesicle. (N) 30 frame average time series
images of (M). (O) Line plot intensity profiles along the white dashed line in (N). (P)
Schematic illustration of formation process of the vesicle. Reproduced with permission from

ref 84. Copyright 2019 Springer Nature.

For time-resolved imaging of organic molecules by LC-EM, influences of the electron
beam damage should be carefully considered. Touve et al. imaged stimuli-induced
self-assembly of a cyclic peptide by LC-TEM.® They evaluated whether the electron beams
affected the final chemical structure of specimens using matrix assisted laser desorption
ionization imaging mass spectroscopy (MALDI-IMS) for the first time. The experiments
were conducted in three steps (Figure 7). First, the peptide in a liquid cell is continuously

18



imaged by LC-TEM with and without stimulus. Second, the liquid cell is separated into two
silicon nitride membranes and the sample on the membranes is dried. Third, the MALDI-IMS
imaging with a 50 um laser probe diameter is performed after spraying a matrix. After they
obtained the MALDI-IMS spectra under the various conditions with varying electron beam
flux (0.11 £ 0.07 to 27.8 + 5.7 ¢ A2 s™") and the time length (10 min to 1 h), the most
feasible conditions were determined for imaging the peptide without electron-induced

damage.

g Electron beam
[ 2] 3]
Pipette sample onto = Assemble Image liquid
SiN, LCTEM chip ] liquid cell cell by TEM
@ —) —) —_—) =
v Thin liquid layer containing sample
Camera
Laser source
[4] )
Pry apart chips [5] Matrix sprayer [6]

MALDI-ToF
detector

and let sample Evenly coat Analyze chip

dry on surfaces l chip surfaces surfaces by

with matrix MALDI-IMS
Figure 7. Schematic illustration of LC-TEM imaging with MALDI-IMS post-mortem

analysis. Reproduced with permission from ref 86. Copyright 2019 Springer Nature.

Therefore, LC-EM is a valuable technique for capturing motion of nanoscale molecular
assemblies formed by very weak interactions in real time. This should be an important
advantage of LC-EM compared with the below-mentioned high speed AFM that inevitably
requires mechanical invasions. LC-EM could greatly contribute to determine formation

mechanisms of a variety of molecular soft-assemblies.

4. Atomic force microscopy
AFM, a scanning microscopy which detects the atomic force between the tip and sample
surface, was developed in 1986.> AFM has been a promising tool for tracking motion of
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native cells and proteins because it can image objects in water at nm resolution.!*+8 It

turned out that AFM is also important for imaging many of natural and artificial molecular
self-assemblies.”®" %! One of the unique features of AFM represents its ability to image
objects with various physical and chemical parameters.'-'%1%® In molecular self-assemblies,
for example, mechanical strength of the nanostructures were investigated by AFM. In recent
years, high speed AFM (HS-AFM) that has both high spatial- and temporal-resolutions has
been actively utilized to monitor the dynamics of a variety of specimens including
supramolecular polymers.'%12104105 In this chapter, we initially focus on imaging artificial
molecular assemblies by conventional AFM, followed by introduction of dynamics analysis

of molecular assemblies with HS-AFM.

4.1. Dried sample imaging

There are two methods in AFM imaging: (1) imaging pre-dried samples on substrate surface;
(2) imaging wet samples without dryness (in situ AFM). We here started to describe imaging
of dried samples.

In the late 1980s, AFM imaging of nanostructures of various biomolecular assemblies
launched, such as actin filaments and DNA double strands.'’'%® AFM was subsequently
applied for imaging artificial molecular assemblies. As an early example, Kohori et al.
observed thermally responsive block copolymer micelles by AFM.'% The block copolymer
was composed of poly(N-isopropylacrylamide) (PNIPAM) and poly(DL-lactide). PNIPAM is
well known to aggregate in water above lower critical solution temperature (LCST) (32 °C)
due to dehydration.!'” The AFM image of the copolymer after drying on mica at 4 °C showed
the well-dispersed individual micelles. In contrast, the AFM images after drying at 40 °C
clearly visualized the aggregates of the micelles that were seen on a limited part of the mica
substrate. In the early 2000s, supramolecular polymers were visualized by AFM.'-113
Schenning et al. applied AFM for imaging a supramolecular polymer that was formed by
co-assembly of an oligo(p-phenylenevinylene) (OPV) derivative and a perylene bisimide
(PBI) derivative.''! UV/Vis, fluorescence, and CD experiments in methylcyclohexane (MCH)

clearly suggested that the OPV and PBI derivatives co-assembled at 2:1 ratio by hydrogen
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boding and m-m interactions into formation of J-aggregates with helical screw sense. AFM
images of the dried sample on the glass substrate showed 7 nm width helical nanofibers and
their entangled bundles. The 7 nm width agreed well with the length of the one
OPV-PBI-OPV derivatives complex. Based on the combined results of spectroscopic
analyses with AFM imaging, the authors were able to present a possible molecular
arrangement model of the supramolecular polymer. AFM is now in common use for imaging
supramolecular polymers. As one of the most recent examples, Yagai and coworkers imaged
various unique nanostructures of artificial supramolecular polymers after deposited/dried on
substrate surface.!'* They constructed polycatenanes comprising supramolecular polymer
toroids and succeeded in their direct imaging with AFM.!"> The monomer that has a
barbiturate head, an aromatic linker and a nonpolar tail initially forms six-membered
macrocycles through hydrogen bonding of barbiturate moieties (Figure 8A). Then, the
macrocycles vertically stack by n-m interaction between aromatic linkers into construction of
supramolecular polymers with various morphologies including toroids, helicoids, and random
coils. Spectroscopic analysis showed that the toroids greatly promoted the supramolecular
polymerization, and molecular simulation experiments revealed that the toroid surface had
strong affinity to the trimer of six-membered macrocycles to act as secondary nucleation sites
for the formation of new toroids. The authors performed ten-portion injection experiments in
order to afford polycatenanes (Figure 8B). The AFM imaging clearly showed construction of

polycatenanes, among which the longest polycatenanes were 22-members one (Figure 8C).
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Figure 8. Self-assembled polycatenane from supramolecular toroids. (A) Chemical structure
of a monomer and schematic illustration of formation of a supramolecular nanostructure with
intrinsic curvature via six-membered rosette. (B) Schematic illustration of 10-portion
injections method to efficiently construct polycatenanes. (C) AFM image of the polycatenane.
Scale bar: 50 nm. Reproduced with permission from ref 115. Copyright 2020 Springer

Nature.

Imaging with various chemical and physical parameters is available by AFM.!102103
Force distance curve AFM (FD-AFM) has been performed to measure Young’s modulus of
supramolecular nanostructures.!'®'2! In FD-AFM, the AFM tip initially approaches to and
subsequently retracts from objectives at an arbitrary xy point (Figure 9A).! In 2005, Kol et al.
measured a mechanical property of supramolecular nanotubes made of diphenylalanine
(Phe-Phe), a well-known B-sheet forming peptide.!!” The sample was prepared by diluting the
peptide stock solution in an organic solvent with ultrapure water followed by drying on a
mica surface. By AFM imaging, the diameters of the nanotubes were determined to be 80 to
300 nm (Figure 9B). FD-AFM experiments were performed at the center of the single

nanotubes to determine that the averaged Young’s modulus of the nanotubes was 19 GPa
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(Figure 9C). This value is much higher than that of most biological nanostructures such as
microtubules.''® In 2019, Bera et al. measured Young’s modulus of Pro-Phe-Phe that was
selected by computationally analysis to be the most aggregation-prone tripeptide of 8000
candidates.'?""'?> CD spectrum of Pro-Phe-Phe in a phosphate buffer at pH 7.4 exhibited
negative peaks at 210 nm and 224 nm and a positive peak at 198 nm, indicating that
Pro-Phe-Phe self-assembled to form a helical structure unlike Phe-Phe. Single crystal X-ray
analysis revealed that the tripeptide indeed formed a helical sheet which was stabilized by
hydrophobic interactions of Phe residues. FD-AFM measurement determined the Young’s
modulus of the nanofiber to be 44 GPa (Figure 9D). The substitution of Pro residue to
hydroxyproline (Hyp-Phe-Phe) increased the Young’s module to be 108 GPa due to an
additional hydrogen bonding with negligible conformational change (Figure 9E). These
results demonstrated that the helix-like peptide conformation achieved one of the stiffest

nanostructures in biological molecular assemblies (Figure 9F).
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Figure 9. (A) Schematic illustration of FD-AFM. Reproduced with permission from ref 1.
Copyright 2017 Springer Nature. (B) AFM image of a Phe-Phe nanotube. (C) 100 Phe-Phe
nanotubes spring constants measured by FD-AFM. Reproduced with permission from ref 117.
Copyright 2005 American Chemical Society. (D, E) Packing structures and Young’s moduli
of (D) Pro-Phe-Phe and (E) Hyp-Phe-Phe. Yellow lines indicate hydrogen bonds. (F)
Comparison of Young’s moduli of materials. Reproduced with permission from ref 121.

Copyright 2019 Springer Nature.

4.2. In situ imaging

In situ AFM allows direct observation of specimens without drying and thus is suitable for
capturing self-assembly processes in real time. As a pioneering example, Manne and
coworkers started to use in situ AFM for imaging surfactant self-assemblies at solid-liquid
interfaces.'712° In 1995, this group reported the AFM imaging of cationic surfactant
assemblies on various substrates in aqueous solution.'”* AFM images showed that the
cationic surfactant, tetradecyl trimethyl ammonium bromide (C14TAB), self-assembled into
three different structures, half cylinders, full cylinders, and spherical aggregates, the
morphologies of which depended on the substrates, highlighting that the substrate surfaces
could affect the morphologies and formation kinetics of molecular assemblies in AFM
imaging.

In addition, one should be careful that the tip-sample interactions sometimes cause
sample damages in AFM observation in general. On the other hand, some of the researchers
actively applied this relatively strong mechanical force to break molecular assemblies. 2012
In 2008, Yang et al. reported the mechanical-force-induced supramolecular polymerization of
a 16 residue peptide, EAK16-II (Figure 10A)."”” The EAK16-II peptide nanofiber deposited
on a negatively charged mica surface (Figure 10B) was broken into fragments by AFM tip in
water. AFM images thereafter clearly showed the seeded growth of many nanofibers from the
fragments (Figure 10C, D, E, F). This is the first report to use AFM mechanical manipulation
for growth of peptide nanofibers. In 2016, Jin ef al. used in situ AFM to visualize lipid

membrane mimetic 2D materials of self-assembled amphiphilic peptoids which are
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oligo-glycine analogues with N-substituents (Figure 10G).'?° Simple crystallization induced
by evaporation constructed a stable, free standing, and lipid bilayer-like 2D peptoid
membrane as shown by AFM. Also, the authors monitored by the time-dependent in situ
AFM images that the peptoid self-assembled on mica into a non-defect single layer
membrane over 25 min in water (Figure 10H, 1, J). Finally, self-repairing event of the peptoid
membrane after generation of defects with AFM tip was visually confirmed by in situ AFM
(Figure 10K, L, M). In 2017, Ma et al. also used in situ AFM to elucidate the crystallization
pathways of peptoids.'*° Their careful AFM height imaging demonstrated that the peptoid
self-assembly on substrate surface was a two-step process and the slight substitution of the

peptoid sequence altered the pathway to a simple single step process.

A Hydrophilic side

- - + + - - + +

Hydrophobic side

Figure 10. In situ AFM imaging with mechanical manipulation. (A) Molecular structure of
EAKI16-II. (B) Schematic illustration of interaction between EAK16-II fibers and a mica

surface. (C) AFM image of EAK16-II fibers on mica. (D) Enlarged image of a green square
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in (C). Black arrow indicates a fragment fiber produced by tip-fiber interaction while
imaging. (E) AFM image after three times scan at the same location as (D) showing many
growing fibers. (F) Lower magnification AFM image after the manipulation. Scale bars: 200
nm. Reproduced with permission from ref 127. Copyright 2008 Wiley-VCH. (G) Chemical
structure of a peptoid. (H, I, J) In situ AFM images of formation process of a single layer
peptoid membrane on mica. (K, L, M) /n situ AFM imaging of self-repairing process of
peptoid membrane on mica after producing defects. Reproduced with permission from ref

129. Copyright 2016 Springer Nature.

AFM is powerful to visualize 2D DNA origami structure in solution. DNA origami is
well-ordered designer 2D or 3D nanoarchitectures formed by self-assembly of a long single
stranded DNA (scaffold strand) and numerous short DNA oligonucleotides (staple
strands).'*'133 In 2006, Rothemund first proposed a rational design strategy of DNA
origami."** In situ AFM allowed to observe the designer six shapes of 100 nm-sized DNA
origami such as a star and a disk with three holes. In addition, various words and pictures
decorated on the DNA origami by mixing unusual staple strands were clearly visualized by
AFM with the extremely high vertical resolution. DNA origami is expected to be an
invaluable template to arrange functional molecules with intended positions and distances
regulated by a variety of molecular interactions such as aptamer-protein interactions,
DNA/RNA hybridizations, or protein-ligand interactions.'3"'** Such hybrids have been
applied to detect biomolecules and construct spatially-confined chemical/enzymatic reaction
systems. In 2008, Ke ef al. reported DNA origami-based label free sensing of RNA (Figure
11A).13% The authors constructed DNA origami tiles, each of which had a different
topographic index at one side and six RNA-targeted probes in a line at the other side (Figure
11B, top). Owing to the barcoded index, the DNA tiles were clearly distinguishable by AFM
imaging (Figure 11B, middle). An equimolar mixture of the four DNA origami that included
three RNA-targeted tiles and a control tile without RNA adsorption ability were used for
RNA detection experiment, and high specific RNA detections were confirmed by AFM

imaging (Figure 11B, bottom). The specific RNA detection was not inhibited in the presence
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of 2 mg/mL cellular RNA. Furthermore, the titration experiment revealed that the
hybridization efficiency of target RNA and probes are approximately 100% even when the
concentration of DNA tile was only 200 pM. In 2010, Voigt et al. reported site specific
single-molecules chemical reactions on DNA origami and their imaging with AFM.'*! On a
DNA origami template, 12 biotin molecules were placed at predefined positions via three
distinct linkers, that is linker A was not cleavable, linker B and C contained
reduction-triggered and single oxygen-triggered cleavage sites, respectively. The AFM image
clearly visualized well-ordered 12 streptavidin molecules on the single DNA origami after
incubation with an excess of streptavidin (Figure 11C, left). Addition of DTT (dithiothreitol,
a reducing agent) showed the disappearance of four streptavidin at the positions
corresponding to linker B (Figure 11C, center). The selective removals of streptavidin
attached thorough linker C were observed by AFM with white light irradiation in the
presence of singlet oxygen photosensitizer eosin (Figure 11C, right). The authors also
demonstrated that Cu(I) click chemistry and a condensation reaction followed by streptavidin
binding took place on the designer DNA origami surface, which can be monitored by AFM at
a single molecule level (Figure 11D). The reactions with biotinylated N-hydroxysuccinimide
(NHS) or biotinylated azide/alkyne with Cu(I) catalyst followed by incubation with
streptavidin accomplished 84-90 % yields and non-specific streptavidin presentation was not
observed in more than 600 origami investigations. These results demonstrated that
post-assembly chemical reaction is a reliable strategy for selective and efficient manipulation

of functional molecules on DNA nanostructures.
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Figure 11. (A, B) DNA origami based RNA sensor. (A) Schematic illustration of target DNA
detection by AFM imaging. (B) AFM images of DNA origami sensors with and without
treatment of target DNA. Reproduced with permission from ref 138. Copyright 2008 AAAS.
(C, D) (C) Removal and (D) presentation of streptavidin molecules on intended locations in a
DNA origami by using single molecule chemical reactions. Reproduced with permission

from ref 141. Copyright 2010 Springer Nature.

Dynamic self-assembly/disassembly of DNA origami have been also visualized in the
same field of view of AFM with continuous temperature change. In 2012, Song et al. directly
observed the collapse process of a rectangular DNA origami by in situ AFM with stepwise
elevation of temperature.'*> The height profiles of images showed that the disassembly was
initiated at 55 °C and completed at 75 °C. They also attempted to capture the reassembly
process of the DNA origami by temperature decrease in the presence of excess staple strands.
During a cyclic temperature change with heating to 72 °C and subsequently cooling to room
temperature, the AFM images captured the process of partial disassembly followed by
complete recovery of the DNA origami structure (Figure 12). This is the first report to image

formation process of DNA origami in situ.
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Figure 12. In situ AFM imaging of thermal response of DNA origamis. Reproduced with

permission from ref 145. Copyright 2012 American Chemical Society.

AFM enabled to image the surface morphology of hydrogels in water.'#6-14° In 1996,
Suzuki et al. first reported direct observation of hydrogel surfaces using in situ AFM.'4¢ The
authors investigated impact of cross-linking density on the surface structure of a
polyacrylamide (PAAm) hydrogel. The AFM images of the standard PAAm hydrogel surfaces
showed 10 nm sized sponge-like domains, while the sponge-like domains became less clear
by increasing the cross-linking density (4-fold). The temperature effect on a PNIPAM
hydrogel was also evaluated by in situ AFM. At 25 °C, AFM study of the PNIPAM hydrogel
surface visualized many of sponge-like structures with larger size than that of PAAm gels. By
increasing the temperature to 38 °C, the sponge-like domain became more clear because of
the aggregation of PNIPAM. In 2019, de Almeida et al. observed the surface of a
fully-synthetic hydrogel consisted of stress-responsive hydrogel network of polyisocyanide
(PIC) and thermo-responsive linear chain of PNIPAM by in situ AFM (Figure 13).'*° The
hybrid hydrogel showed the heat-induced stiffness change around LCST of PNIPAM without
contraction. In particular, the hybrid hydrogel composed of 17 mg/mL PIC and 1 mg/mL
PNIPAM exhibited the 51-fold increase of the storage modulus by only a 5 °C increase and
the stiffness change of the hydrogels was completely reversible. AFM images of the hydrogel

at 25 °C showed the smooth surface, while the roughness of the surface significantly
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increased due to the clustering of PNIPAM by the temperature increase to 40 °C. Such

heat-induced surface roughness change was not observed in a PIC hydrogel.
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Figure 13. Temperature dependent changes of rheological property and surface roughness of
PIC-PNIPAM hybrid hydrogel. Reproduced with permission from ref 149. Copyright 2019

Springer Nature.

AFM measurement is able to provide mechanical maps of hydrogel surfaces.!>*1% In
2011, Ouasti et al. reported um-sized mechanical maps of hybrid hydrogels derived from
thiolated hyaluronic acid and polyethylene glycol (PEG) diacrylate.'>? After preparation by
photo-radical polymerization, the hydrogels were swollen in phosphate buffered saline (PBS)
and applied to Young’s modulus measurements by AFM. The force maps of the hydrogels
showed that the surface Young’s modulus was decreased by increasing the hyaluronic acid
concentration and the molecular weight. Furthermore, the trend was consistent with storage
modulus of the bulk hydrogels determined by oscillatory rheology experiments. Importantly,
the Young’s modulus in each hydrogel was mostly homogeneous in 10 um x 10 um square,

ensuring that the hydrogels could be considered as mechanically homogeneous materials in
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the further cell experiments. In 2017, Aziz et al. provided mechanical maps of two-layered
hydrogels, in which each layer had distinct mechanical properties due to the difference of
monomer concentrations.'>* First, the single layer hydrogels were fabricated by thiol-ene
photo-polymerization of 10 wt% (hydrogel I) or 25 wt% (hydrogel 1V) 8-arm
PEG-norbornene monomer and 4-fold molar PEG-dithiol crosslinker in water containing
0.05 % photo initiator. The average Young’s moduli of the individual hydrogels surface were
determined to be 78 kPa (hydrogel 1) and 244 kPa (hydrogel IV) by AFM (Figure 14C). The
two-layer hydrogel was fabricated by a step-wise protocol. The hydrogel IV was initially
formed and then the precursor solution of hydrogel I was carefully deposited on the hydrogel
IV followed by photo-polymerization, resulting in formation of the two-layer hydrogel
(Figure 14A, B). The AFM mechanical map demonstrated that the Young’s modulus of the
layered hydrogel gradually altered from stiff (hydrogel IV) to soft (hydrogel I) layer without

discontinuous mechanical transitions (Figure 14D).
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Figure 14. (A) Schematic illustration of preparation of the two-layered hydrogel by
sequential photo-polymerization. (B) CLSM image of the two-layered hydrogel. (C) AFM
mechanical map of hydrogel I and hydrogel IV. (D) AFM mechanical map of the two-layered
hydrogel. Reproduced with permission from ref 154. Copyright 2017 Elsevier.

4.3. HS-AFM imaging
HS-AFM that allows imaging of wet specimens with nanometer resolution at an interval time
of 100 ms was developed in 2008.157:15 HS-AFM is now an invaluable technique to capture

the fast motion of native proteins at molecular level. In the past decade, HS-AFM has greatly
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159-164 For more

contributed to unveil dynamics of a wide variety of biomolecular systems.
details on HS-AFM imaging of protein complex, excellent reviews were previously
reported.'®!> In this section, we focus on HS-AFM imaging of dynamic
assembly/disassembly process of proteins complexes and other synthetic supramolecules.

The dynamic 2D assembly process of Annexin V on surface of lipid bilayers was
investigated by HS-AFM.!%-167 Annexins, abundant cytoplasmic proteins, bind to negatively
charged lipid membranes in response to Ca?" ions, which is involved in many

168

membrane-related cellular functions.’*® In 2016, Miyagi ef al. succeeded in tracking

assembly and disassembly of annexin V 2D lattice with HS-AFM by real-time bidirectional

control of effective Ca?" ions concentration.!®’

In the pumping system, the flow rate of
solutions in the fluid cells can be altered at a range of 0.01 to 1 pL/s, allowing fine control of
buffer components such as Ca®* ions and ethylenediaminetetraacetic acid (EDTA) (Figure
15A). Also, the pulsed laser system can trigger the local release of Ca?" ions from the caged
Ca’>" with high spatiotemporal resolution. The AFM image showed the appearance
of well-ordered annexin lattices in the presence of 2 mM CaCl,, which was completely
collapsed by injection of 40 mM EDTA (Figure 15B). The local UV irradiation for the Ca?*
ions release resulted in partial reconstruction of the lattice in the photo-irradiation field, and
following incubation without UV laser induced disassembly of the lattice again. The dynamic
process could repeatedly be observed several times. Self-assembly/disassembly processes of
2D DNA origami were also imaged by HS-AFM.'®-17! Suzuki et al. used HS-AFM to
observe self-assembly of DNA origami on lipid-bilayer supported mica (Figure 15C).!”° The
cross shaped DNA origami was designed to have four blunt ends for linkage. In addition,
self-assembly of the DNA origami on lipid-coating mica was assisted by appropriately
moderate electrostatic interactions in the presence of magnesium ions. HS-AFM of the DNA
origami successfully visualized the formation process of large and high-ordered lattices,
unveiling there are several steps including fusion of smaller lattices, reorganization by
association and dissociation coupling, and defect filling by monomers association (Figure

15D).
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Figure 15. (A) Schematic illustration and photos of HS-AFM with a pump system and a UV
laser system. (B) HS-AFM images of dynamic assembly/disassembly of Annexin-V 2D
crystal. Reproduced with permission from ref 165. Copyright 2016 Springer Nature. (C)
Schematic illustration of DNA origami assembly on lipid-coating mica. (D) Time-lapse
HS-AFM images of large DNA origami lattices formation. Scale bars: 200 nm. Reproduced

with permission from ref 170. Copyright 2015 Springer Nature.

Many researchers sought to monitor the dynamics of protein-based supramolecular
nanofibers such as cytoskeletons and amyloid fibrils using HS-AFM.!7>"17® Ag an early
example, Yamamoto et al. directly imaged actin polymerization by HS-AFM at a frame rate
of 0.25 s in 2009 (Figure 16A).'7> Actin filament is well known to have structural polarity
and the two ends exhibit different polymerization kinetics.!” The authors broke an actin
filament by increasing the contact force to produce both plus and minus ends of actin
filament in the field of HS-AFM view. The filament growth occurred at one end, while the
growth did not occur at the other end, clearly indicating that the former and the latter end
were plus and minus end, respectively. The growth rate of plus end was determined to be 0.11
pm/min by HS-AFM observation, which was in good agreement with the value previously

reported by use of total internal reflection fluorescence microscopic (TIRFM) study.'8%!18! In
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2016, Watanabe-Nakayama et al. reported HS-AFM imaging of nanofiber formation of
amyloid Bi42 on mica.!”” They separated the amyloid Bi42 samples by size exclusion
chromatography into two fractions, low molecular weight (LMW) and high molecular weight
(HMW) fractions. The LMW fraction contained monomers and low-order oligomers, while
the HMW fraction contained higher-order oligomers. The HS-AFM time-lapse images of the
sample of the LMW fraction captured the formation process of straight fibrils (Figure 16C)
and spiral fibrils with a pitch length of 100 nm (Figure 16B). Interestingly, the authors
observed switching of the two distinct growth modes and the resulting hybrid fibrils (Figure
16D). HS-AFM of the HMW fraction under the same conditions gave images of spherical
aggregates as main components, although the formation of small amounts of fibrils similar to
the structures seen in the LMW sample was also observed, indicating that a major fraction of
the HMW peptide was off-pathway aggregate. They also performed HS-AFM imaging of the
LMW peptide by addition of 100 mM KCl instead of NaCl. Potassium ion is known to reduce
the interaction of proteins with mica surface relative to sodium ion.'®? The replacement of salt
from NaCl to KClI resulted in changing the ratio of spiral, straight, and hybrid fibrils, where
the main component was altered from spiral to hybrid (Figure 16E, F, G). The modest
environmental change can affect the morphogenesis of amyloid B fibril, which was clearly

distinguished by HS-AFM.
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Figure 16. (A) HS-AFM images of an actin filament. To produce two-types of the ends,
contact force was increased at initial stage (2-2.5 s) of the imaging. Reproduced with
permission from ref 172. Copyright 2009 Elsevier. (B, C, D) HS-AFM kymographs of three
kinds of fibril formation from the LMW amyloid Bi-42 fraction in presence of 100 mM NaCl.
(B) Spiral fibril. (C) Straight fibril. (D) Hybrid fibril. (E) AFM image of LMW amyloid .42
fibrils in presence of 100 mM KCI (Scale bar, 200 nm. Z scale, 15 nm.). Open- and filled-
circles indicate spiral- and straight-fibril growth modes, respectively. (F) Percentage of the
number of spiral, straight, and hybrid fibrils from the LMW amyloid Bi.42 in presence of 100
mM NaCl (gray) or KCI (black). (G) Appearance frequency of spiral and straight fibril
growth modes from LMW amyloid Bi.42 in presence of 100 mM NaCl (gray) or KCl (black).

Reproduced with permission from ref 175. Copyright 2016 National Academy of Sciences.
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Very recently, HS-AFM was applied to imaging of artificial supramolecular
polymers.'®1%5 In 2018, Fukui et al. observed the polymerization process of an artificial
supramolecular nanofiber using HS-AFM for the first time.'® The authors employed a
porphyrin derivative (porphyrin 1) that forms a thermodynamically stable nanofiber through a
kinetically trapped nanoparticle, an off-pathway intermediate, after lag time (Figure 17A,
B).!83 For HS-AFM imaging of the seeded growth of this porphyrin derivative, the short
nanofibers seeds in MCH were spread on highly ordered pyrolytic graphite (HOPG). The
kinetically trapped nanoparticle in MCH was then added to initiate the nanofiber growth. The
time-lapse HS-AFM images at an interval of 100 ms clearly visualized the seeded
polymerization of the single nanofiber with the average growth rate of 12.4 nm/s which
corresponded to 35 molecules/s (Figure 17C). The images also captured the sudden break of
the elongated nanofiber, probably due to the tip-nanofiber contact during imaging. The
authors also constructed a supramolecular diblock copolymer using HS-AFM manipulation.
The center part of the long nanofiber was broken by contact force between tip and the
nanofiber, followed by compensation of the defect with another porphyrin derivative
(porphyrin 2) (Figure 17A). In 2020, Maity et al. examined the self-assembly mechanism of a
self-replicator driven by nanofiber formation using real-time HS-AFM imaging.'®> The
peptide-based monomer containing two thiol units formed into various ring-size of
macrocycles which transformed each other by disulfide bond exchange (Figure 17D). The
authors previously revealed that the monomer initially oligomerized to cyclic trimer and
tetramer, followed by construction of hexamer, a self-replicator that formed into long
nanofibers under mechanical agitation (Figure 17E).'8185 HS-AFM visualized the growth of
the hexamer-based nanofiber on the mica surface coated with negatively charged lipid by
addition of precursors containing monomer, trimer, and tetramer. Time-dependent AFM
images with an interval of 30 min revealed that the attachment of precursors aggregates near
the nanofiber ends significantly promoted the fiber growth. In contrast, adsorption of the
aggregates on the middle or no adsorption yielded in limited or negligible growth of

nanofibers, respectively. These indicated that both the formation of precursors aggregates and
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their adsorption on the nanofiber ends were critical for the nanofiber growth. They then
performed in situ HS-AFM imaging over 1930 s at an interval of 500 ms (Figure 17G, H, I).
The HS-AFM imaging of the nanofiber that adsorbed the precursor aggregates at the end
visualized the five step processes of the fiber extension: (i) rapid fiber growth phase; (ii) slow
fiber growth phase; (ii1) stagnant phase with emerging new aggregates at the middle of fiber;
(iv) slow fiber growth phase; (v) rapid fiber growth phase, where the newly emerged
aggregate became smaller. Remarkably, HS-AFM captured that the new emerged aggregates
initially moved to the fiber ends direction (phase iii) and then stopped (phase 1v), followed by
acting as reservoir of monomers required for fiber growth (phase v). Such observations let the
authors hypothesize that aggregates or free precursors attached to the fiber surfaces into
construction of reservoir which have propensity to diffuse to the fiber ends, resulting in
accelerating fiber extension (Figure 17F). The hypothesis was supported by ex situ AFM
images and molecular dynamics simulations, highlighting that real-time HS-AFM imaging is
a promising tool for investigating formation mechanisms of molecular assemblies in

molecular scale.

Figure 17. HS-AFM imaging of artificial supramolecular polymers. (A) Chemical structures
of porphyrin 1 and 2. (B) Schematic illustration of seeded growth of porphyrin 1 fiber and
their HS-AFM imaging. (C) HS-AFM images of growth and sudden break of the porphyrin 1
supramolecular polymer. Reproduced with permission from ref 104. Copyright 2018
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Wiley-VCH. (D) Schematic illustration of formation process of a cyclic hexamer and their
stacked nanofiber from monomer 1. (E) Time-dependent population change of monomer,
small macrocycle, and cyclic hexamer under stirred conditions. (F) Proposed model of the
nanofiber elongation from a seeded fiber. (G) HS-AFM images of nanofiber growth. Scale
bars: 20 nm. (I) Kymographic analysis of the nanofiber growth along the line in (H). (J)
Hexamer evolution rate in solution determined by ultra-performance liquid chromatography
(UPLC). Reproduced with permission from ref 105. Copyright 2020 American Chemical

Society.

Like cryo-EM techniques, HS-AFM was actively applied to biological samples such as
DNA/RNA and proteins, which has already made great contributions to molecular biology
and biophysics. It is clear that HS-AFM would have tremendous potential to provide new
insights in the field of synthetic molecular assembly/supramolecular chemistry, although its
application to synthetic molecular assembly has just launched. It is envisioned that HS-AFM
studies of molecular assemblies will increase dramatically, leading to new finding of

molecular mechanisms and construction of new generation synthetic materials.

5. Confocal laser scanning microscopy

CLSM is one of the powerful tools to visualize fluorescent signals from specimens. CLSM
has higher spatial resolution than conventional wide-field fluorescent microscopy due to
reduction of the fluorescent signals from a non-focal plane with a pinhole in the front of a
detector. As demonstrated in cell biology studies, confocal imaging has several advantages to
observe supramolecular assemblies over EM and AFM. First, drying/freezing processes are
not necessary for sample preparation. Second, a three-dimensional image can be
reconstructed from multiple two-dimensional z-stacked images. Third, in situ dynamic
processes (for example, formation and degradation processes) can be observed by time-lapse
imaging. Fourth, multiple molecular species can be distinguished when the selective
fluorescent staining is available. Fifth, the use of various objective lens with different

magnification (and image tiling with a precise motorized stage) allows for imaging
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specimens from a wide range of fields of views (sub um ~ cm). One of the drawbacks is its
lower spatial resolution than EM and AFM, while the recently-developed super-resolution
techniques (STED  microscopy,'* % SMLM,'#1°2 and SIM'*-'%) enable to acquire
images at the higher resolution than the Abbe’s diffraction limit (typically, less than 100 nm).
In this section, the early examples about confocal imaging of molecular assemblies are
introduced, then representative advanced techniques are also described. For the detailed

196-1

mechanisms of confocal imaging, please refer to other excellent reviews.'”® %% In this review,

we excluded examples of confocal imaging of liposomes.

5.1. Design of fluorescent probes

To observe molecular assemblies by confocal and SR microscopies, staining of them by
fluorescent probes is required. Design strategies of appropriate fluorescent probes are
categorized into three types: (i) use of fluorescently-modified monomers, (ii) use of
fluorescent dyes that interacted with molecular assemblies, (iii) use of fluorescent probes that
possess the self-assembled moiety almost identical with the monomers (Figure 18). As an
example of strategy (i), Xu and coworkers often employed peptide-type hydrogelators
covalently modified with an environmental-responsive fluorescent dye, such as NBD. This
strategy enables to directly visualize the molecular assemblies in the complex milieu like
living cells. Perylene bisimide derivatives are widely used as building blocks for both
self-assembled and fluorescent moieties. One of the drawbacks of this strategy is that the
fluorescent dye moiety often affect properties of molecular assemblies. In the cases of
strategy (ii) and (ii1), fluorescent probes are added to non-fluorescent monomers/assemblies.
In these methods, a small amount of fluorescent dyes and probes is sufficient for visualization
of molecular assemblies (typically, 0.01-0.1 mol%), which can reduce unfavorable impacts
on structures and properties of molecular assemblies. As an example of strategy (ii),
fluorescent probes with a guanidium group was employed to detect supramolecular
nanofibers comprising a peptide-type hydrogelator that has a carboxylate group at the
C-terminus. As the strategy (iii), the van Esch group prepared a fluorescent probe that has an

FITC group at the terminus of the hydrogelator backbone. Hamachi and coworkers
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demonstrated that the strategy (iii) is powerful to selectively stain self-sorting supramolecular
nanofibers. Besides, fluorescent dyes should be carefully selected. Their excitation
wavelengths should be fitted with the laser wavelength of the microscopy. High
photostability is required for time-lapse imaging. Their chemical properties (hydrophobicity,
hydrophilicity, and charges) should also be considered to achieve efficient and selective
fluorescent staining.

Despite powerful, CLSM and SR techniques sometimes produce artifacts that may lead
to misunderstandings. First, interactions among molecular assemblies and fluorescent probes
may change the assemblies structure. Second, too strong fluorescent crosstalk could confuse
the understanding of images when multicolor imaging is conducted. Third, laser irradiation
may lead to photobleaching of the fluorescent dyes and increment of local temperature.
Fourth, the deconvolution process in SR imaging often make noise. To correctly interpret
CLSM and SR imaging results, many of appropriate control experiments (e.g. dependence of
probe concentration and optimal laser intensity, confirmation of staining selectivity, etc)

should be conducted.
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Figure 18. Design of fluorescent probes: (top) Fluorescently-modified monomers, (middle)
fluorescent probes that is interacted with a monomer, (bottom) fluorescent probes that have

the same self-assembled moiety as monomers.
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5.2. Early examples of CLSM imaging

In 1998, Donath et al. firstly reported confocal imaging of polyelectrolyte shells composed of
poly(sodium styrenesulfonate) (PSS) and poly(allylamine hydrochloride) (PAH) on colloids
with thickness of a few to tens nanometers (Figure 19A)."”? The shells were characterized by
SEM, TEM, and AFM. They also showed the confocal image of the shell composed of nine
layers with a diameter of 8 um, which was consistent with other microscopic analyses. In
2000, Ilhan et al. reported confocal imaging of polymer vesicles formed through
self-assembly of two distinct random copolymers possessing a complementary hydrogen
bonding pair (Figure 19B).””° The vesicles were obtained by mixing an equal amount of
polymers in CHCI3 in the presence of a flavin functionalized polymer. CLSM imaging
showed that the vesicles were composed of a bright membrane structure with less fluorescent
central regions. CLSM also visualized unique morphologies of the vesicles like a
vesicle-in-vesicle structure and fused vesicles. Bellomo et al. reported CLSM imaging of
vesicles composed of an amphiphilic diblock copolypeptide (KPiool2o) [KP:
poly(Ne-2-(2-(2-methoxyethoxy)ethoxy)acetyl-L-lysine, L: poly(L-leucine)].?’! CLSM
imaging after staining with DiOC;s clearly visualized the spherical unilamellar giant vesicle
of 5-10 pm diameter. Both CLSM imaging and small angle neutron scattering analysis
indicated a polymeric bilayer assembly, which is similar to the lipid bilayer structure.

CLSM imaging also allows to visualize the network structure of physically- and
chemically-crosslinked polymer hydrogels.?’> 2% In 1999, Hirokawa et al. reported direct
observation of the network structure in PNIPAM chemical gels by reflection CLSM imaging,
for the first time (Figure 19C).>> Their CLSM imaging showed the sea-island pattern
consisting of dark and bright areas. CLSM imaging after staining with ANSA which emits
stronger fluorescence in a hydrophobic environment, visualized that ANSA fluorescence
could be detected only from the bright region of the reflection CLSM image, suggesting that
the hydrophobic isopropyl groups of NIPAM formed the dense domains in the polymer
network. The sea-island pattern was changed depending on the gel preparation temperature,

which well corresponded with the opacity of the hydrogel. The authors also succeeded in
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visualization of a 3D network composed of a bicontinuous domain structure by
reconstruction from a series of the z-sliced CLSM images (Figure 19D). In 2002, Nowak et al.
reported CLSM imaging of a physical hydrogel composed of self-assembling polypeptide
amphiphiles (Figure 19E).>*” The authors synthesized diblock copeptide, KisoL4o, which
self-assembled in water through formation of rod-like a-helices of poly(L-leucine) to form a
hydrogel. CLSM imaging after staining the hydrophobic region of the polypeptide gel with
lipophilic DiOCis showed the sea-island like network structure. In the same year, Schneider
and coworkers reported in situ CLSM imaging of the hydrogel composed of
intramolecularly-folded B-hairpin peptide consisting of 20 amino acid residues (Figure

19F).?! The self-assembled structure of this peptide was determined to be the sea-island

pattern, which resembles to the PNIPAM gel as previously described.
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Figure 19. (A) Confocal image of a hollow polyelectrolyte shell with a diameter of 8 pm.
Adapted with permission from ref 199. Copyright 1998 Wiley-VCH. (B) Polymer vesicles
composed of diaminopyridine- and thymine-based polymers. Reproduced with permission
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from ref 200. Copyright 2000 American Chemical Society. (C) 2D and (D) 3D confocal
microscopic images of a PNIPAM gel. Reproduced with permission from ref 202. Copyright
1999 American Chemical Society. (E) Confocal image of 1 wt% KisoL4o gel. Reproduced
with permission from ref 209. Copyright 2002 Springer Nature. (F) Chemical structure and
CLSM image of self-assembled peptide. Reproduced with permission from ref 210.

Copyright 2002 American Chemical Society.

CLSM is also powerful to elucidate the self-assembled structures of small organic or
inorganic molecules such as low-molecular-weight hydrogelators (molecular weight <
1,000).31:43:51.121.207.208.211-323 Ty 2002, Kiyonaka et al. firstly demonstrated CLSM imaging of
the self-assembled fibrous structure of the low-molecular-weight hydrogelator (Figure
20A).2!"! They synthesized artificial amphiphilic glycolipid hydrogelators and found that these
self-assembled into the fibrous structure in water and an aqueous buffer. CLSM imaging after
staining by an environmental fluorescent dye, HANBD, showed the 3D network structure
composed of bundled nanofibers with a diameter of 0.2—0.6 um. Frusawa et al. successfully
showed alignment of a single-lipid nanotube on a glass plate by microextrusion with
monitoring by CLSM in real time.?"* They employed a microinjection system containing a
dispersion of the glycolipid nanotubes. Upon touching a microneedle on a substrate, a small
amount of the nanotube dispersion was dropped, and then water evaporated due to the light
irradiation. Using this technique, the authors succeeded to write the word “tube” with single
nanotubes. In 2004, Sugiyasu et al. reported CLSM imaging of an organogel composed of
cholesterol-based perylene derivatives (Figure 20B).?'® The gelator formed an organogel in a
mixed solvent of alcohol and p-xylene with a critical gelation concentration of 0.5 wt%.
CLSM imaging of the gel showed a network structure composed of fibrous aggregates. In
2005, Del Guerzo et al. reported an organogel formed through coassembly of the didecyl
derivative of anthracene doped with 2% of a tetracene derivative possessing two decyl chains
(DDOT) (Figure 20C).??° CLSM imaging of this organogel showed that DDOT fluorescence
could be detected throughout the self-assembled nanofibers, suggesting that the doped DDOT

was homogeneously distributed to achieve efficient energy transfer.
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Figure 20. (A) Confocal image of a supramolecular hydrogel composed of an amphiphilic
gelator. Reproduced with permission from ref 211. Copyright 2002 American Chemical
Society. (B) Supramolecular organogel consisting of a perylenebisimide derivative.
Reproduced with permission from ref 216. Copyright 2004 Wiley-VCH. (C) CLSM image
(50 x 50 um?) of an organogel composed of a mixture of DDOA and 2 mol% DDOT.

Reproduced with permission from ref 220. Copyright 2005 American Chemical Society.

5.3. Super-resolution microscopy

Super-resolution (SR) microscopy including STED, SMLM [photoactivated localization
microscopy (PALM), stochastic optical reconstruction microscopy (STORM)], and SIM have
emerged as powerful tools to elucidate the more precise structures of molecular

self-assemblies (lateral resolution: 20-100 nm) than conventional CLSM imaging. Table 2
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describes characteristics of conventional CLSM and SR imaging techniques. Despite their
higher spatial resolution, SR microscopy shows disadvantages such as reconstruction artifacts
and requirement of special fluorescent dyes and buffers. Recently, confocal-based SR

imaging techniques without limited dye choice (e.g. Airyscan’?*32°

and Lightning: lateral
resolution: ~120 nm) have been developed. SR imaging techniques are useful for the detailed
structural evaluation of multicomponent supramolecular systems such as self-sorting
supramolecular nanofibers, which is extremely difficult by use of other microscopic imaging

techniques. In this section, the early and/or representative examples of SR imaging of

supramolecular assemblies are briefly described.

Table 2. Characteristics of conventional confocal and super-resolution microscopies!*!

Conventional STED SMLM
confocal microscopy SIM 2DSTED 3D STED (PALM/STORMY/PAINT)
Spatial resolution
Xy ~200 nm ~120 nm ~30nm2  ~100 nma ~20 nm
z ~500 nm ~250 nm ~500 nma  ~200 nma ~150 nm
Imaging depth ~50 um ~50 um ~50 um ~50 pm ~10 um
Aoquisition specd 1s~1min 100ms~10s 1s~1min >10 min
(frame-)
Light intensity A s 3 A
(W/em?) 102~10 1~10 >10 103~ 10
prone to special buffers/dyes

Disadvantages Limited dye choice

reconstruction artifacts are required

a: depends on intensity of a depletion laser.

5.3.1. Structured illumination microscopy

Structured illumination microscopy (SIM) is based on a wide-field fluorescent microscopy
with a laser-based patterned illumination (e.g. stripe or lattice patterns) as a light source.!”*"
195 Super-resolution images are acquired through reconstruction of multiple images obtained
at different orientations of the patterned illumination by calculating the Moiré¢ fringes.

Despite the spatial resolution lower than other SR techniques (SIM: ~120 nm, STED: ~50 nm,

SMLM: ~20 nm), SIM has several advantages, that is, no requirement of special fluorescent
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dyes (e.g. photoactivatable/photoswitchable) and buffers, multiple staining available, and
faster imaging acquisition than STED and SMLM. One of the drawbacks is prone to produce
artifacts during image reconstruction.

Qiu et al. reported SIM imaging of uniform, monodisperse rectangular platelet micelles

composed of crystalline polymer brends.*?

The low-polydispersity rectangular platelet
micelles (4w/4n < 1.01) were synthesized through living crystallization-driven self-assembly
of a blend of PFS36-b-P2VPsp2 and PFS;¢ unimers with PFSy3-b-PDMSse0 seeds in a 1:3
hexane/iPrOH mixture [PFS: poly(ferrocenyldimethylsilane), P2VP: poly(2-vinylpyridine),
PDMS: polydimethylsiloxane]. TEM and AFM analyses revealed that the length, width, area,
and aspect ratio of the platelet micelle can be controlled by the unimer-to-seed ratio and the
length of the cylindrical seeds. Furthermore, CLSM and SIM imaging visualized that the
living crystallization-driven self-assembly in the presence of fluorescently-labeled

PFS-b-PDMS with different fluorescent dyes yielded a series of fluorescent rectangular

platelet block comicelles exhibiting multiple and variable fluorescence (Figure 21A).

CLSM images
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Figure 21. (A) CLSM and SIM images of rectangular platelet micelles of a blend of
PFS36-b-P2VPsp2 and PFS;p unimers with PFSys-6-PDMSsep seeds. Reproduced with
permission from ref 326. Copyright 2016 AAAS. (B) STED and (C) SMLM images of
cylindrical micelles composed of PFSs¢-b-(PDMS775/DYE»). Scale bars: 2 um (B, TEM), 5
um (B, LSCM and STED), 1 um (B, inset), | um (C, TEM), 2 um (C, SMLM). Reproduced
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with permission from ref 327. Copyright 2015 Wiley-VCH. (D) (Left) STED images of
self-sorting supramolecular nanofibers comprising (green) peptide- and (red) lipid-type
hydrogelators. (Right) Fluorescent intensity profile along a white line shown in the STED
image. Scale bar: 5 pum. Reproduced with permission from ref 260. Copyright 2016 Springer

Nature.

5.3.2. Stimulated emission depletion microscopy

STED microscopy enables super-resolution (30—80 nm) beyond the diffraction limit by
deactivating fluorescence around the center of the focal volume with a donut-shaped
depletion laser.””® Despite high spatial resolution, the limited fluorophores can be used
because high photostability and appropriate excitation/emission wavelengths are strictly
required for the depletion laser.

In 2015, Boott et al. reported super-resolution imaging (STED, SMLM) of block
copolymer self-assembly in organic solvents.*?’” For STED and SMLM imaging, they selected
rhodamine-based fluorescent dyes (STAR635 and CAGE635 for STED; CAGE635 and
CAGESS52 for SMLM) with which a cylindrical micelle was covalently modified to obtain
PFSs6-b-(PDMS775/DYE2). STED imaging showed the rod-like self-assembled structure with
full-width half-maximum of 77 nm (Figure 21B). Also, the authors succeeded in dual-color
SMLM imaging of triblock comicelles in which the middle segment was labelled with
CAGES00 and the two outer segments were modified with CAGE635 (Figure 21C). The
lengths measured by STED and SMLM imaging were in good agreement with those
estimated by TEM.

In 2016, Onogi et al. demonstrated two color STED imaging of two distinct
self-sorted supramolecular nanofibers.”®® Their peptide- and lipid-type hydrogelators
self-assemble without mixing with each other (namely, self-sorting phenomena) to form a
supramolecular double network hydrogel. By selective staining with appropriate fluorescent
probes possessing the self-assembled moieties identical with each hydrogelator, these
peptide- and lipid-type nanofibers can be discriminated by fluorescent colors, which enable

real-time imaging of self-sorting events of the supramolecular nanofibers in situ. STED
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imaging clearly visualized that two distinct supramolecular nanofibers were well entangled

but not overlapped with each other (Figure 21D).

5.3.3. Single-molecule localization microscopy

Single-molecule localization microscopy (SMLM) enables to obtain super-resolution images
by acquiring the accurate position of individual fluorophores.'%:190-328.329 SMILM needs the
ON/OFF state of the fluorophores that can be controlled by use of photoswitching or
spontaneously-blinking dyes. The overall super-resolution image is constructed by combining
several (tens) thousands of different frames. The spatial resolution of SMLM is estimated as
MN, where A is emission wavelength and N is the photon number, and the typical spatial
resolution is ca. 20 nm. Based on the technique to switch the ON/OFF state of the
fluorophore, SMLM 1is subdivided into photoactivated localization microscopy (PALM),
(direct) stochastic optical reconstruction microscopy (STORM, dSTORM), and point
accumulation for imaging in nanoscale topography (PAINT).

In 2012, Aoki et al. reported the conformational analysis of a single polymer chain by
PALM for the first time.**" They analyzed poly(butyl methacrylate) labeled by a rhodamine
spiroamide derivative which shows equilibrium of open and closed conformations. PALM
imaging enabled to visualize the conformation of a single polymer chain with a spatial
resolution of 15 nm (Figure 22A—E). This direct observation revealed that the polymer took a
random coil conformation in a film. Recently, several groups developed a series of
fluorescent dyes applicable to PALM imaging, such as spiropyrans and diarylethene
derivatives.’*!*3? For example, Yan and coworkers reported PALM imaging of block
copolymer micelles composed of polystryrene-b-poly(ethylene oxide) by staining with
spiropyrans. Spiropyrans show reversible fluorescent switching by alternate irradiation of UV
and visible light. PALM imaging visualized cylindrical micelle structures with a resolution of
49 nm, which was improved by 6-fold than conventional fluorescent imaging.

In 2014, the Meijer group demonstrated the first example of STORM imaging of

251

supramolecular polymers.' They employed 1,3,5-benzenetricarboxamide (BTA) monomer,

which self-assembled into 1D nanofibrous structure, and the fluorescently-labeled variants,
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BTA-Cy3 and BTA-Cy5. STORM imaging showed the supramolecular polymers with a
spatial resolution of 25 nm (Figure 22F, G), and they succeeded to evaluate the monomer
exchange rate by time-lapse STORM imaging (see below).

Very recently, Albertazzi and coworkers succeeded in visualization of the fibrous
assemblies of a widely-used diphenylalanine peptide hydrogelator, Fmoc-FF, by iPAINT
technique, which employs a fluorescent dye that reversibly binds to supramolecular
nanofibers (Figure 22H-J).?0*3!2 In this study, they used Cy5-modified diphenylalanine as a
PAINT probe as it had been reported to reversibly bind to nanofibers. Using this probe,
PAINT imaging enabled to improve the spatial resolution enough to visualize the thinner
nanofibers with a diameter of ca. 50 nm and entangled or bundled nanofibrous structures.
Moreover, PAINT imaging allowed to estimate the distribution of the mesh size of the
hydrogel. The current limitation of this method is to observe the bulk gel in depth and small

accessible areas due to the limited diffusion of the fluorescent probes, Cy5-FF.
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Figure 22. (A) ON-OFF switching of a tetracthylrhodamine derivative. (B) Molecular
structure and (C—E) 3D PALM images of a fluorescently-modified polymer (the image size:
1250 x 1250 x 600 nm?). Reproduced with permission from ref 330. Copyright 2012 Royal
Society of Chemistry. (F) Molecular structures of a monomer and fluorescent probes and
schematic illustration of the monomer exchange between the supramolecular polymers. (G)
Time-dependent STORM imaging of the polymers. Scale bar: 1 um. Reproduced with
permission from ref 251. Copyright 2014 AAAS. (H) Molecular structures of a peptide-type
hydrogelator, Fmoc-FF, and its fluorescent probe, Cy5-FF. (I, J) PAINT images of the
Fmoc-FF gel with spatial resolution of ca. 50 nm. Scale bars: 2.5 um (I), 200 nm (J).
Reproduced with permission from ref 312. Copyright 2020 Wiley-VCH.

5.4. Advanced applications of CLSM imaging

5.4.1. Time-lapse imaging: dynamic aspects of self-assembly

One of the fascinating characteristics of CLSM is to be able to observe the dynamic aspects
of molecular self-assembly (e.g. formation, collapse, and monomer exchange) by in situ
time-lapse imaging. We here summarizes representative examples of real-time CLSM

imaging to evaluate the dynamics of molecular self-assembly.

5.4.1.1. Fluidity determination by fluorescence recovery after photobleaching
Fluorescence recovery after photobleaching (FRAP) measurements are one of the
widely-used methods to estimate diffusion coefficients of fluorescently-labeled monomers in
molecular assemblies (Figure 23A). In FRAP experiments, the fluorescent molecules in the
limited area are bleached by the intense laser, and then the recovery rate of the fluorescent
intensity is monitored by time-lapse CLSM imaging, which gives us the diffusion coefficients
by the fitting analysis.

In 2002, as an early example, Gao et al. employed FRAP analysis to examine the state
of fluorescein isothiocyanate (FITC)-modified dextran (molecular weight: 77 kDa)

encapsulated in the polyelectrolyte capsules composed of PSS and PAH.*** The authors found
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that water-soluble substances like dextran show spontaneous deposition into the capsule
through interaction with PSS/melamine formaldehyde (MF) complex (MF was used as a
template for PSS/PAH membrane formation). FRAP analysis revealed that the fluorescent
intensity of FITC-dextran never recovered after photobleaching, indicating that no dextran
exchange took place within the capsule (Figure 23B). However, fluorescent intensity of the
FITC-dextran in another capsule showed substantial recovery, suggesting that this capsule
had larger holes in its walls.

FRAP analysis can be applicable to investigation of the fluidity of supramolecular

assembhes.222,229,260,284,294,3347345 For example,

Tamaru et al. analyzed the fluidity of
glycolipid-based supramolecular nanofibers with a fluorescently-labeled monomer analogue
as a probe. FRAP analysis showed that immediate recovery of the fluorescent intensity and
the diffusion coefficient was determined to be 0.12 £ 0.03 um?s' (Figure 23C).?* Using the
fluidity of the glycolipid nanofibers, the authors demonstrated the controlled directional
motion of proteins and nanobeads along the nanofibers by use of CLSM. Furthermore, Onogi
et al. showed that such determination of the diffusion coefficient was useful to identify the

individual nanofibers in self-sorting hydrogels.”®°

The authors compared the fluidities of
peptide- and lipid-type nanofibers in single-component and self-sorting double-network
hydrogels. FRAP analysis demonstrated that the diffusion coefficient of the lipid-type
nanofibers in the single-component and self-sorting hydrogels are almost identical [(9.1 £
1.1) x 1073 and (8.0 £ 0.2) x 10~ um?s™'] (Figure 23D). In contrast, no fluorescent recovery
of the peptide-type nanofibers was observed, indicating that the distinct fluidity of the
peptide- and lipid-type nanofibers remains intact even in the self-sorting state. In 2018,
Roberts et al. measured the internal mobility of the network consisting of partially ordered
polypeptides of disordered elastin-like polypeptides and the structurally stable polyalanine
helices.’*> FRAP measurements of the Alexa Fluor 488 labeled network showed the minimal
recovery was observed and the immobile fraction was high (86%), suggesting that the
network was kinetically stable due to physical crosslinking from helical bundling within the

network. FRAP analysis is also applicable to liquid condensates. In 2019, Alshareedah et al.

investigated the diffusion of fluorescently-labeled peptides in the liquid condensates
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consisting of [KGKGG]s/[RGRGG]s peptides and polyU/polyA RNAs by FRAP
experiments.’* FRAP analysis demonstrated that the peptide diffusion within
[KGKGG]s/polyA droplets had considerable degree of mobility (diffusion coefficient was
determined to be 0.11 + 0.02 um?s™'), whereas the diffusion was nearly arrested within
[RGRGG]s/polyA droplets. Combined with other experimental results such as droplet fusion
controlled by optical tweezers, the authors concluded that the peptide mobility at the
nanoscale was partially dependent on the intermolecular short-range interactions (e.g.
cation-m interaction) between RNAs and peptides.

FRAP analysis is useful for determination of the diffusion coefficient and dynamics
(e.g. kinetic constant of association and dissociation behaviors) of not only monomers but
also encapsulated fluorescent molecules within the molecular assemblies.****>! DeForest and
Tirrell evaluated the diffusion coefficient for fluorescein-modified bovine serum albumin
(BSA) within a four-armed PEG gel by use of FRAP analysis.>>”> The obtained diffusion
coefficient (~1.8 x 107! m?s7!) was roughly quarter of that of BSA in water. In 2018, Deng et
al. conducted FRAP analysis of enhanced green fluorescent protein (EGFP) encapsulated in a
E. Coli lipid liposome containing cell lysates and nucleoid DNA (Figure 23E).*> At
concentration of 60 g/L, the fluorescence recovered within 1 s in the liposome. In contrast,
after shrinking by hypertonic shock (concentration: ca. 260 g/L), the fluorescence recovery

took more than 40 s, demonstrating the crowded interior of the liposome.
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Figure 23. (A) Schematic illustration of FRAP experiments. Reproduced with permission
from ref 307. Copyright 2020 Wiley-VCH. (B) FRAP analysis to determine the permeability
of FITC-dextran through the polyelectrolyte shell. Reproduced with permission from ref 333.
Copyright 2002 Wiley-VCH. (C) FRAP analysis of lipid-type supramolecular nanofibers.
Reproduced with permission from ref 229. Copyright 2010 Springer Nature. (D) (Top)
Time-lapse CLSM images of (left) peptide- and (right) lipid-type nanofibers in the
self-sorting supramolecular hydrogel before and after photobleaching. (Bottom)
Time-dependent changes of the fluorescent intensity of the (green) peptide- and (red)
lipid-type nanofibers in (left) the single-component and (right) self-sorting hydrogels.
Reproduced with permission from ref 260. Copyright 2016 Springer Nature. (E) FRAP
analysis of the interior of the liposome (top) before and (bottom) after hypertonic-induced
shrinking. Reproduced with permission from ref 353. Copyright 2018 American Chemical

Society.

5.4.1.2. Determination of persistence lengths
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The persistence length is one of the mechanical properties of supramolecular nanofibers
about the bending stiffness. The persistence length can be estimated by use of time-lapse
CLSM imaging at a high scan rate.?%?3%%:354355 For example, Yamamoto ef al. determined the
persistence length of phospholipid nanotubes by direct observation using fluorescent
microscopy (Figure 24A, B).>** The phospholipid nanotubes were made from
1,2-dioleoyl-sn-glycero-3-phosphocholine  (DOPC) and rhodamine-red-DPPE (DPPE:
1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine) by the hydration and subsequent
pipetting method. Sequential images acquired at 31.93 frames/s showed translational and
intrachain Brownian motions of the nanotubes. From the observed Brownian motion, the
persistence length of the nanotube was determined to be 2—8 pum, which varied depending on
the nanotubes. In 2020, Kubota et al. also estimated by time-lapse CLSM imaging obtained at
33 frames/s the persistence length of artificial Zn**-induced tripeptide-based supramolecular

nanofibers to be 25 + 2 pm, which is comparable to that of actin filaments (18 pm)**° (Figure
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Figure 24. (A) Schematic illustration of determination of persistence lengths (L,: persistence
length). Reproduced with permission from ref 308. Copyright 2020 Springer Nature. (B)
Time-lapse images of a lipid-based nanofiber. Reproduced with permission from ref 354.
Copyright 2012 American Physical Society. (C) Determination of the persistence length of
peptide-type supramolecular nanofibers by CLSM. Reproduced with permission from ref 308.

Copyright 2020 Springer Nature.

5.4.1.3. Mesh size estimation from Brownian motion of nanobeads
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Imaging of Brownian motions of nano-/micrometer-sized fluorescent beads gives us a
valuable method to estimate the mesh size of hydrogels.??*-2#%:284.357 For example, Shigemitsu
et al. demonstrated a change of mesh sizes of an aqueous sol/gel composed of a lipid-type
hydrogelator bearing a phosphate head group (Phos-cycCs) before/after treatment of

phosphatase.”®*

Upon treatment of phosphatase, the solution of Phos-cycCs became the gel
state through partial hydrolysis of the phosphate group, resulting in the macroscopic sol—gel
transition. Time-lapse CLSM imaging showed that 300 nm beads moved freely in a solution
of Phos-cycCs, while almost stopped after addition of phosphatase (Figure 25A). The critical

beads size that show the Brownian motion on and off was shifted from 500-800 nm to 200—

300 nm, suggesting that a dense cross-linked network was formed by phosphatase treatment

(Figure 25B).

A Phosphatase (-)
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diameter Phosphatase
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Figure 25. (A) Time-lapse CLSM imaging of the Brownian motion of nanobeads (diameter:
300 nm) in (top) a Phos-cycCs solution and (bottom) a hydrogel after addition of phosphatase.
Left: 0 min, middle: 5 min, right: overlay images. (B) Brownian motions of beads with
different diameters before and after addition of phosphatase. Scale bar: 25 um. Reproduced
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with permission from ref 284. Copyright 2018 Springer Nature.

5.4.1.4. Kinetics of monomer exchange

In situ time-lapse imaging can provide valuable information about the kinetics and pathway
of monomer exchange.??!-?01:273.277 In 2014, Albertazzi et al. successfully evaluated the
exchange kinetics of fluorescently-labeled monomers between supramolecular polymers by

251

time-lapse STORM imaging.~' They mixed two distinct supramolecular polymers, each of
which was stained with Cy3- or Cy5-modified monomers. Time-lapse STORM imaging
visualized that exchange of fluorescent monomers gradually proceeded and reached in the
equilibrium state within 24 h (Figure 22F, G). From the quantitative analysis, the monomer
exchange should take place on the mechanism of homogenous exchange along the polymer
backbone. The suggested mechanism is different from that of cytoskeletons, where monomer
exchange proceeds on “polymerization-depolymerization at the end” and/or
“fragmentation-recombination” mechanisms. Similarly, de Silva et al. estimated molecular
exchange kinetics and mechanisms of a different type of supramolecular nanofiber composed
of peptide amphiphiles.’®’ In this case, time-lapse STORM images showed that labelled
monomers were inserted over the entire length of the nanofibers, which can be explained by
neither polymerization-depolymerization at the end, nor fragmentation-recombination
mechanisms. Quantitative analysis suggested that the monomer exchange proceeds via a
mechanism of the transfer of monomers and small clusters. Furthermore, in sifu imaging

visualized the coexistence of fully dynamic and kinetically inactive domains, suggesting the

structural diversity of the supramolecular nanofibers.

5.4.1.5. Real-time observation of unique formation and degradation processes
Time-lapse CLSM imaging is also powerful to elucidate the formation processes of molecular
assemblies. In 2016, Onogi ef al. succeeded in in situ observation of the formation process of

the peptide-type nanofibers in the absence and presence of seeds.?*

Temperature-dependent
CD spectra predicted that the peptide-based supramolecular nanofibers are formed through

the cooperative nucleation-elongation mechanism. Time-lapse CLSM imaging of a hot
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solution of the peptide monomer revealed that the nanofibers gradually and stochastically
form with an induction time of 5 min in a heat-cool preparation protocol (Figure 26A,
bottom). Interestingly, in the presence of the seeds, the peptide-type nanofibers immediately
generated and grew from the surface of the seeds and the resultant nanofibers seemed much
thicker than the nanofibers without any seeds (Figure 26A, middle), which gave direct
evidence on the nucleation-elongation mechanism. Such differences cannot be assessed by
conventional spectroscopic analyses, which provide ensemble structural information. Very
recently, Kubota ef al. found that a formation process of a pH-responsive self-assembling
peptide-grafted polymer (PeP) hydrogel is remarkably different from that of small-molecule
peptide-type hydrogelators (Figure 26B, top).**® Time-lapse CLSM imaging after addition of
glucono-o-lactone to a solution of the PeP gelator showed that spherical aggregates with a
diameter of 400-500 nm appeared homogeneously and then immediately connected with
each other to form the 3D sea-island network structure during the gradual pH decrease
(Figure 26B, middle), while small-molecule peptide-type hydrogelators constructed the
nanofibrous network structure through the formation process based on the
nucleation-elongation mechanism as described above (Figure 26B, bottom). Thus, CLSM
imaging demonstrated that grafting on polymers dramatically modulates the self-assembled

structure and the process of the triphenylalanine-based hydrogelator.
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Figure 26. (A) (Top) Molecular structures of a hydrogelator and a fluorescent probe.
Time-lapse CLSM images of formation of supramolecular nanofibers in the (middle)
presence and (bottom) absence of seeds. Reproduced with permission from ref 260.
Copyright 2016 Springer Nature. (B) (Top) Molecular structures of a self-assembling
peptide-grafted polymer and a small-molecule-type hydrogelator. Time-lapse imaging of
formation processes of (middle) PeP-2 and (bottom) Ald-FFF upon pH decrease. Reproduced

with permission from ref 358. Copyright 2020 Chemical Society of Japan.

Leira-Iglesias et al. successfully visualized a spatially-propagated seeded growth of

supramolecular colloids.*>’

They used a perylene diimide (PDI) derivative that forms
supramolecular polymers in an aqueous buffer (Figure 27A, left). A solution of the PDI
monomer was poured into a handmade glass slide chamber (spaced by 1 mm), and then the

preorganized seeds of PDI assemblies were added on one side of the chamber. CLSM
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imaging showed that formation of supramolecular colloids propagated with a velocity of 0.26
+ 0.01 mm/min, which was 20 times faster than molecular diffusion of the PDI monomer
(Figure 27A, right). The velocity of the propagating front gradually decreased probably
because of the reduction of the density difference, which leads to convective instabilities.

In 2016, Aliprandi et al. demonstrated time-dependent molecular packing changes by
the spectral CLSM imaging technique that allows measurement of the fluorescence spectrum
at each pixel.’*> They synthesized a luminescent neutral Pt(II) complex, which self-assembles
through n-nt stacking and Pt—Pt interactions (Figure 27B, top). The Pt(II) complex formed two
kinetic species, a spherical aggregate (a) and a ribbon-like intermediate (b), and one
thermodynamically stable fiber (c). The emission properties of these assemblies are different
due to distinct packing structures and Pt—Pt distances, which can be used as a molecular
fingerprint. Time-lapse spectral imaging successfully uncovered complex dynamics of the
assembly evolution (Figure 27B, bottom). After formation of spherical aggregates (a),
intermediates (b) anisotropically appeared by consuming the neighboring aggregates (a), and
then intermediates (b) slowly interconverted into the thermodynamic fibrous structures (c).
Real-time imaging revealed that all the self-assemblies formed in dynamic equilibrium with

monomers, which is similar to biological infection processes.
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Figure 27. (A) Time-lapse imaging of a traveling front of supramolecular aggregates initiated
by seed addition. Reproduced with permission from ref 359. Copyright 2018 Springer Nature.
(B) (Top) Schematic illustration of self-assembly of a neutral Pt(II) complex. (Bottom)
Real-time spectral CLSM imaging of self-assembled structures of the neutral Pt(II) complex.

Reproduced with permission from ref 265. Copyright 2016 Springer Nature.

Real-time CLSM can also visualize unique formation processes of synthetic polymers

360-389 Tn 2009, Howse et al. observed the controlled formation process of

and lipid vesicles.
unilamellar giant polymer vesicles from a self-assembled surface in real time.*** A block
copolymer, poly(ethylene oxide)is-co-poly(butylene oxide), (PEOi1s-PBO22) forms
hexagonal packed rods through microphase separation by partial hydration (less than 10%
water), and further hydration leads to formation of lamellae. After deposition of the polymer
on the photopatterned surface (which gives the hydrophilic surface: 19 x 19 um or 5.3 x 5.3

um), the substrate was immersed into water. Real-time CLSM imaging showed the vesicles

formation through the hydration and expansion of the upper surface layers at a rate of ca. 2 x
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10° vesicles cm2 s (Figure 28A). The uniform fluorescent intensity from different vesicles
was observed, suggesting that the resultant vesicles should have a uniform membrane
thickness. The observed vesicle diameter correlated with a mesh size of the photopatterned
surface and has an upper limit, which is comparable to theoretical upper limit (d = 2V2L)
where polymer formed a hemisphere on the hydrophilic surface. Furthermore, the size
distribution of the obtained vesicles was narrower than those obtained by conventional
rehydration and electroformation, indicating that this method is powerful for spontaneous
formation of unilamellar vesicles with a narrow size distribution.

In 2015, Hardy et al. reported unique vesicle growth through continuous formation of
phospholipid by membrane-bound self-reproducing catalyst.’’* They employed Cu*-catalyzed
azide-alkyne cycloaddition (CuAAC) with oligotriazole ligands, which could reproduce
themselves through CuAAC from 1-azidedodecane and tripropargylamine. The resultant
Cu*-oligotriazole catalysts also produced triazole phospholipids from 1-azidedodecane and
alkyne-lysolipid. Indeed, the formation kinetics of the oligotriazole from 1-azidedodecane
and tripropargylamine revealed a sigmoidal-shaped curve consisting of an induction period
and a subsequent rapid rise, suggesting the desired autocatalytic reaction process. Moreover,
the half-times depends on the initial concentration of the ligand (1.94 and 0.81 h for 5 and 35
uM, respectively). Time-lapse fluorescent imaging visualized the gradual membrane growth
from <1 pum to up to 5 um over 10 h. The authors succeeded to observe the morphological
change due to formation of multilameller vesicles. More recently, the same group
demonstrated de novo formation and division of the vesicles through in situ generation of
phospholipids based on adenylate chemistry catalyzed by a soluble fatty acyl adenylate ligase
FatD10 (Figure 28B, top).”®! FadD10 converts long-chain saturated fatty acids into
corresponding fatty acyl adenylates in the presence of adenosine triphosphate (ATP) and
Mg?* ions, which reacted with amine-functionalized lysolipids to produce the
amidophospholipids. Real-time optical microscopic imaging after mixing an
amine-functionalized lysolipid, dodecanoic acid, and FadD10 revealed that small vesicles
formed within 30 min and gradually transformed into larger vesicles with various sizes and

lamellarities. Spinning disk confocal microscopy images showed that Alexa Fluor
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488-labeled FadD10 was colocalized with a fluorescent membrane probe, Texas Red DHPE,
suggesting that FadD10 interacted with the membrane through electrostatic interaction.
Furthermore, time-lapse fluorescence microscopic imaging captured drastic morphological
transformations when continuously supplying reactive precursors by a microfluidic device
(Figure 28B, bottom). Some vesicles showed membrane growth followed by division into

small vesicles, which resembles the division process of L-form bacteria.
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Figure 28. (A) CLSM image of vesicle formation from the patterned surface. Reproduced
with permission from ref 364. Copyright 2009 Springer Nature. (B) (Top) Molecular
structures of phospholipid precursors and schematic illustration of in situ generation of
phospholipids by FatD10. (Bottom) Time-lapse imaging of de novo formation of giant
vesicles through in situ generation of phospholipids. Scale bar: 10 pym. Reproduced with

permission from ref 381. Copyright 2019 Springer Nature.
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In situ CLSM imaging is also applicable to coacervate droplets that are actively studied
as a scaffold for protocell models, ?36-340,343-345,348,349,353,390-448 "Iy 2016, real-time CLSM
imaging of enzyme-mediated decomposition and formation of complex coacervates was
reported by Aumiller ef al.*' The coacervates were prepared from polyuridylic acid RNA
(polyU, My, = 600-1000 kDa) as polyanion and a cationic peptide, RRASLRRASL as
confirmed by turbidity test, differential interference contrast (DIC) and fluorescent imaging.
Importantly, single phosphorylation of serine residues inhibited coacervation due to
insufficient positive charge density on the peptide backbone. To observe the formation
process of the complex coacervate, the authors conducted DIC and CLSM imaging of a
mixture of polyU/doubly-phosphorylated peptide in the presence of lambda protein
phosphatase (LPP) (Figure 29A). At the initial stage, the solution was transparent. After 12.3
min, the coacervate started to form in solution and at the same time began to fall to the
coverslip surface. They also succeeded in dissolution of the complex coacervate by addition
of protein kinase A (Figure 29B). Initially, the droplets mainly existed on the surface of
coverslip. After 12.5 min, the droplets began to be smaller, and almost all coacervates
disappeared. During this process, the droplets remained a spherical morphology on the

coverslip surface and did not show coalescence as much as LPP-induced coacervates.
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Figure 29. CLSM images of (A) formation and (B) collapse of coacervates by phosphatase

and kinase, respectively. Reproduced with permission from ref 410. Copyright 2016 Springer

Nature.

5.4.1.6. Fuel-driven dissipative self-assembly

Inspired by living cells and animals, it is now considered that fuel-driven dissipative
self-assembly has become a key for construction of active, autonomous, and adaptive soft
materials. Time-lapse CLSM imaging is powerful to address the unique dynamic behaviors of
dissipative self-assembly that cannot be elucidate conventional, ensemble spectroscopic
measurements,>>3270-308,313,318,323,359,386.449-459 1y ()15, Boekhoven et al. succeeded in
visualization of simultaneous growth and shrinkage of supramolecular nanofibers in
proximity.>>* They realized transient formation of supramolecular nanofibers on treatment of
a methylating reagent, dimethyl sulfate (DMS), to a hydrogelator precursor possessing
carboxylate groups (Figure 30A). Upon methylation of the carboxylate group, the resultant

methyl ester derivative behaves as a hydrogelator to form supramolecular hydrogel
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(nanofibers), and the subsequent ester hydrolysis leads to decomposition of the hydrogel
(nanofibers). Real-time CLSM imaging visualized that the nanofibers stochastically collapsed
from their tips with velocities of 15 pm/min (Figure 30B). Interestingly, both the elongation
and collapse of the nanofibers were simultaneously observed in the same field of view. This
indicated spatially-heterogeneous, non-synchronized formation and degradation of the
nanofibers, which is similar to the nonlinear dynamics and dynamic instability of microtubule
filaments in live cells.

Tena-Solsona et al. developed a self-erasable supramolecular ink by use of dissipative
molecular self-assembly.”’’ They synthesized Fmoc-protected amino acids and tripeptides
that  possess D or E at the C-terminus. Upon addition of
1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC), amino acids/peptides form
hydrophobic acid anhydride, resulting in transient self-assembly into spherulites and colloids
until hydrolysis of acid anhydride as characterized by CLSM imaging (Figure 30C, D).
Moreover, they demonstrated the applicability of transient turbidity of Fmoc-D spherulites as
a self-erasing ink (Figure 30E). After immobilization of Fmoc-D on a polyacrylamide
polymer hydrogel, EDC solution was applied. Time-lapse photography and imaging analysis
revealed that the print immediately appeared within 2 min and then the visibility of the print
was gradually decreased over 600 min. The lifetime of the visibility could be tuned by the

concentration of fuel.
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Figure 30. (A, C) Reaction cycles for fuel-driven dissipative self-assembly. The monomers

activated by (A) DMS and (C) EDC self-assemble into fibrous structures. (B) Time-lapse
CLSM images displaying growth and shrinking of supramolecular nanofibers. Scale bar: 10
pm. Reproduced with permission from ref 253. Copyright 2015 AAAS. (D) CLSM images 10
min after EDC to a solution of Fmoc-D. Scale bar: 10 um. (E) Time-dependent photographs
of a self-erasing medium composed of a 30% acrylamide hydrogel containing Fmoc-D. Scale

bar: 1 cm. Reproduced with permission from ref 270. Copyright 2017 Springer Nature.

Time-lapse CLSM imaging also enables to elucidate dissipative self-assembly systems
of vesicles and liquid droplets,?86:449:451:453.455-458.460 Ty 216, Maiti et al. reported transient
formation of vesicular reactors through stabilization with metal complexation between
surfactants and ATP, which works as chemical fuel. In this system, they employed the
surfactants with Ci¢ chain and Zn>*-TACN head group (CisTACN-Zn?>*, TACN:
1,4,7-triazacyclononane). Upon addition of ATP, the surfactants showed structural
transformation from the micelle to the vesicular structure through complexation of
Zn**-TACN and a triphosphate group of ATP. To realize dissipative self-assembly, potato
apyrase was introduced to degrade ATP to adenosine monophosphate (AMP) and phosphate

ions. This system enabled to transiently form the vesicles, whose lifetime could be
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determined by the hydrolysis rate of ATP. By use of real-time CLSM imaging after
fluorescent staining, the number of spherical objects was quantified. Immediately after
addition of ATP, the number of particles increased and then gradually decreased over 300 sec.

Dynamic spatiotemporal patterns, such as waves and spirals, play essential roles in
living cells. Rational design for artificial spatiotemporal patterns has remained a challenge for
synthetic (supramolecular) chemists. In 2020, Kubota et al realized a dynamic
out-of-equilibrium pattern, a propagating wave, comprising of spatiotemporally-coupled
formation and degradation of supramolecular nanofibers.’’® Inspired by actin waves in
lamellipodia, a reaction network was designed to precisely control the fiber formation and
degradation by two distinct chemically orthogonal stimuli (Figure 31A). A monomer,
BPmoc-F3, has two different reactive groups to trigger formation and degradation of
supramolecular nanofibers: carboxylate and boronobenzyl groups at the C- and N-termini,
respectively. In an aqueous buffer, BPmoc-F3; forms supramolecular nanofibers upon addition
of Zn?" ions mainly due to bridging BPmoc-F3 monomers and/or suppression of electrostatic
repulsion. The resultant nanofibers were decomposed by addition of glucose oxidase
(GOx)/glucose pair through H>O»-triggered 1,6-elimination reaction of the boronobenzyl
group. Real-time CLSM imaging after addition of a mixture of Zn?" ion and glucose at the
edge of a droplet of BPmoc-F3; and GOx clearly visualized the propagating wave with a
travelling distance and velocity of 340 = 40 um and 54 + 8 pm/min, respectively (Figure
30B). Numerical simulation suggested that concentration gradient of the degradation stimulus
and the smaller diffusion coefficient are essential for the propagating wave emergence.
Furthermore, the force generated by the supramolecular propagating wave was quantified to
be 0.005 pN by the fluorescent beads displacement assay monitored with CLSM imaging
(Figure 31C, D).
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Figure 31. (A) A reaction network for a supramolecular propagating wave. (B) Time-lapse
CLSM imaging of the propagating wave. (C) Schematic illustration of force generation by
the wave. (D) (left) Time-lapse images and (right) maximum intensity projection of the beads
displacement. Green: fluorescently-modified beads, magenta: supramolecular fibers.

Reproduced with permission from ref 308. Copyright 2020 Springer Nature.

5.4.2. Multicolor imaging: multicomponent self-assembly

One of the fascinating characteristics of CLSM represents a capability to discriminate
between different types and domains of molecular assemblies by selective fluorescent
staining. In this section, representative examples to visualize supramolecular assemblies with
multiple distinct domains (e.g. supramolecular block copolymers) and multicomponent

supramolecular assemblies are described.

5.4.2.1. Multi-domain observation in a molecular assembly

Self-assembly of block copolymers provides a promising way to rationally fabricate complex
compartmentalized soft matters with well-defined hierarchical nanostructures. The Manners
group pioneered living crystallization-driven self-assembly (CDSA) in the preparation of
multicompartment block co-micelles, such as one-dimensional cylinder micelles and
two-dimensional  platelet co-micelles, of controlled length/size and narrow
distribution.??%327:461-475 Tn 2014, Hudson et al. demonstrated in situ visualization of
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multiblock cylinder co-micelles formed through the crystallization-driven living
self-assembly of fluorescent block copolymers, PFSe¢2-b-(PDMSe0s-7-PMV S21), with a series
of fluorophores that exhibit blue, green, and red fluorescence [PMVS:
poly(methylvinylsiloxane)] (Figure 32A).*> CDSA allowed preparation of 11-block
co-micelles from the sequential addition of fluorescent unimers to a solution of
non-fluorescent seeds with additional non-fluorescent spacers to increase optical resolution.
CLSM imaging clearly visualized centrosymmetric cylindrical nanostructure with a length of
ca. 5 um that consists of spatially segregated red, green, and blue fluorescence (Figure 32B,
C). Moreover, Manners and coworkers succeeded in in situ CLSM observation of 2D
concentric lenticular micelles, cross-shaped supermicelles, rectangular platelet micelles,

semiconducting or heterojunction segmented nanowires prepared by the CDSA approach.
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Figure 32. (A) Molecular structures of (PFSs3-b-PMVSes) and fluorescently-labeled
derivatives. (B) (left) CLSM and (right) TEM images of fluorescent 11-block polymer
micelles. Scale bar: 5 um (CLSM), 3 um (TEM). (C) (top) TEM and (middle) CLSM images
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of 7-block non-centrosymmetric RGB micelles. Scale bar: 500 nm (TEM, left), 2 um (TEM,
right), 10 um (CLSM, left), 5 pm (CLSM, right). Reproduced with permission from ref 462.

Copyright 2014 Springer Nature.

CLSM and SR imaging also enable visualization of supramolecular block
copolymers,?88:289.319.320476 Tn 2018, Adelizzi et al. demonstrated that the super-resolution
technique, interfacial point accumulation for imaging in nanoscale tomography (iPAINT), can
be applied to observation of supramolecular block copolymers.?*®?*" The supramolecular
block copolymer was prepared under thermodynamic control by mixing two types of
preorganized supramolecular homopolymers stained with photoactivatable fluorescent dyes
(Cage-635 and Cage-552) through physisorption (Figure 33A, B). iPAINT imaging clearly
revealed the existence of supramolecular di- and triblock copolymers, where red and green
fluorescence was alternately aligned. These results correspond well to the formation of
supramolecular block copolymers supported by CD spectroscopy.

Sarker et al. recently reported the cooperative supramolecular block copolymerization
of fluorescent monomers under thermodynamic control, which enabled energy migration and
light-harvesting across the interfaces of linearly connected segments (Figure 33C).*'"3%0 In
this study, the naphthalene diimide derivatives modified with ethoxy or pentanethiol
(SS-diOEt or SS-dithiol, respectively) showing distinct green and red fluorescence,
respectively, were employed. On the basis of temperature-dependent self-assembly behaviors
of these monomers, the A-B-A-like supramolecular block copolymers could be constructed
through fast nucleation of SS-dithiol and the subsequent elongation of SS-diOEt under
precise temperature control. SIM imaging revealed that coassembled nanofibers contained
alternate green and red emitting nanofibers as expected by spectroscopic studies (Figure 33D).
The green nanofibers, corresponding SS-diOEt, over several micrometers were elongated
from short red segments with a length of ca. 1 um. The resultant segmented arrangements of
donor (SS-diOEt) and acceptor (SS-dithiol) would work as organic coaxial-heterostructures.

Spectrally-resolved fluorescence imaging showed the significantly enhanced emission from
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the acceptors, which was an unambiguous indicator of excitation energy transfer (Figure

33E).
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Figure 33. (A) Molecular structures of monomers. (B) STORM images of supramolecular
block copolymers stained by iPAINT. Reproduced with permission from ref 288. Copyright
2018 American Chemical Society. (C) Molecular structure of naphthalene diimide derivatives.
(D) SIM images and (E) spectrally-resolved fluorescent imaging of block copolymers.

Reproduced with permission from ref 320. Copyright 2020 American Chemical Society.

The domain structure formed on lipid/polymer vesicles can also be elucidated by
CLSM. 346397477490 Tnn 2009, Christian et al. reported ligand-induced domain formation of

37 A relatively symmetric poly(acrylic acid)-poly(butadiene)

polymer amphiphile vesicles.
copolymer (ABl) formed polymersomes and micelles depending on pH and salt

concentration, whereas nonionic poly(ethylene oxide)-poly(butadiene) copolymer (OB18)
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yields coexisting cylinders and vesicles independent of pH and salt concentration. CLSM
imaging showed that Ca?*-induced domains were clearly formed in all of the vesicles or
cylinder micelles composed of a mixture of AB1 and rhodamine-labelled OB18. Such spotted
vesicles were stable under tension applied by aspiration. Systematic CLSM study revealed
that responsive Janus structures were highly dependent on pH and Ca®* concentration that are
centered near the characteristic binding constants for polyacid interactions.

In 2016, Takeuchi and coworkers reported CLSM-based study on a lipid dynamics in
asymmetric vesicles formed by a microfluidic jet flow.*”! By applying a jet flow to an
asymmetric planar lipid bilayer, vesicles with a diameter of 3—20 pm were obtained (Figure
34A). To investigate flip-flop dynamics in the asymmetric vesicles, interaction
between 1,2-dioleoyl-sn-glycero-3-phospho-L-serine (DOPS) and fluorescent-modified
annexin V that selectively binds to PS in the presence of Ca?" ions. CLSM imaging showed
the fluorescence of annexin V could be observed only on the vesicles prepared with
DOPS/DOPC outer leaflet. The time-dependent CLSM imaging revealed that the fluorescent
intensity profile from the vesicle surface was gradually decreased, suggesting a flip-flop
dynamics of DOPS, and the half time was determined to be 5-6 hours similar to that of
apoptotic cells (Figure 34B). They also demonstrated the flip-flop dynamics of PS could be
promoted by addition of cinnamycin, which is a specific binder to PE and promotes the

exposure of PE from outer to inner leaflet (Figure 34C, D).
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Figure 34. (A) Schematic illustration of DOPS detection by fluorescently-labeled annexin V
in an asymmetric vesicle. (B) Time-dependent CLSM images of the annexin V-treated vesicle.
(C) Cinnamycin-enhanced membrane dynamics of asymmetric vesicles. (D) Time-dependent

CLSM images of the asymmetric vesicles in the presence of cinnamycin. Reproduced with

permission from ref 491. Copyright 2016 Springer Nature.

5.4.2.2. Multicomponent self-assembly

Eukaryotic cells exhibit intricate functions based on elegant interplay among a myriad of
biomolecules and molecular assemblies such as cytoskeletons and spatially isolated and
distributed various organelles. Multicomponent supramolecular systems containing
chemically-distinct nanometer- or micrometer-sized domains are promising for imitation of
cell-like sophisticated functions such as multiple stimuli response and biosensing. We
summarize here the representative examples about multicomponent supramolecular systems

characterized with in situ CLSM imaging'203,207,208,227,233,240,260,267,269,282,284,285,294—

296,299,306,309,316,340,349,350,353,395,396,399,401,423,433,436,437,440-445,492-497
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Encapsulation of (inorganic) porous materials in supramolecular hydrogels enables to
construct multicomponent supramolecular hydrogels possessing distinct nano/micro-sized
environments. Such multicomponent supramolecular hydrogels have been shown to be useful
for wet-based sensing devices and controlled drug release matrices. Wada et al. in 2009
developed polyanion-selective sensing materials composed of a glycolipid-type
supramolecular hydrogel, phosphatase, MCM-41 type mesoporous silica nanoparticles
(NH>-MCM), and fluorescent probes (Figure 35A).%>’ This multicomponent hydrogel has
three distinct domains: hydrophobic environment of the interior of the glycolipid nanofibers,
cationic inner surface of NH,-MCM, and water layer containing phosphatase. The anionic
fluorescent probe, P-Coum, which initially installed inside the NH>-MCM through
electrostatic interaction, was released to the water phase upon addition of polyanion (Figure
35B). After hydrolysis by phosphatase, the hydrolyzed probe (Coum) translocated to the
hydrophobic domain of the supramolecular nanofibers. FRET was induced from Coum to a
BODIPY-based probe embedded in the nanofibers, leading to polyanion detection by
fluorescent color change. CLSM imaging clearly demonstrated that the spherical fluorescence
of P-Coum in NH>-MCM and the fiber-like fluorescence of the BODIPY-type probe in the
supramolecular nanofibers (Figure 35C). Addition of polyanion induced translocation of the
fluorescence of Coum to BODIPY -stained supramolecular nanofibers as confirmed by in situ
CLSM imaging. lkeda et al. expanded this concept and constructed a fluorocolorimetric
sensor for polyamine with a hybrid of a supramolecular hydrogel and montmorillonite
(MMT) (Figure 35D, E).>** The surface of MMT, a layered clay, has high anionic charge
density to facilitate aggregation of cationic diethylaminocoumarin probes (G-Coum). Upon
addition of polyamines (e.g. spermine and spermidine), a greenish excimer emission of the
probe converted to an intensified blue monomer emission through cation exchange in MMT
and subsequent translocation to the supramolecular nanofibers. In situ CLSM imaging
showed that the coumarin fluorescence was observed as spherical spots with a diameter of 1—
10 um and not completely overlapped with a BODIPY fluorescence of the supramolecular
fibers, suggesting that the coumarin probe selectively bound to MMT (Figure 35F, left). 30

min after addition of spermine, the coumarin fluorescence could also be detected from the
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supramolecular nanofibers (Figure 35F, right). With this multicomponent hydrogel system,
polyamines such as spermine and spermidine can be detected in a concentration-dependent

manner by fluorescent color change at the bulk state (Figure 35G).
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Figure 35. (A) Schematic illustration of a polyanion sensor based on a multicomponent
supramolecular hydrogel containing phosphatase and NH>-MCM. (B) FRET-based sensing
mechanism of the polyanion sensor. Reproduced with permission from ref 301. Copyright
2020 Wiley-VCH. (C) CLSM imaging the polyanion sensor. Reproduced with permission
from ref 227. Copyright 2009 American Chemical Society. (D) Molecular structures used for
a polyamine sensor. (E) Schematic illustration of the polyamine sensing mechanism. (F)
CLSM imaging of the multicomponent hydrogel containing (red) supramolecular nanofibers,
(green) G-Coum, and MMT (left) before and (right) after addition of sperimine. Scale bar: 5
pm. (G) Detection of spermidine and spermine by a hydrogel droplet chip. Reproduced with

permission from ref 233. Copyright 2011 American Chemical Society.
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In 2012, Boekhoven et al. reported a drug delivery/release platform with tunable
release rate by combination of an enzyme-responsive supramolecular hydrogel and
enzyme-loaded liposomes (Figure 36A, B).?*"3% Upon heating above the phase transition
temperature of the liposome, the encapsulated chymotrypsin was diffused to the gel matrix,
followed by hydrolysis of a fluorophore-modified gelator, resulting in the release of the
fluorescent molecules. To evaluate the structure of the multicomponent hydrogel, the
supramolecular fibers and liposomes were stained with the fluorescently-labeled monomers,
I-FITC and NBD-PE, respectively, and RITC-chymotrypsin was employed. /n situ CLSM
imaging of this multicomponent hydrogel showed that the fluorescence of supramolecular
fibers and liposomes were not overlapped with each other and the fluorescence of
RITC-chymotrypsin was detected from the interior of the liposome, indicating the orthogonal
self-assembly of supramolecular nanofibers and liposomes without any leakage of the

enzyme (Figure 36C).
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Figure 36. (A) Chemical structure of a gelator. (B) Schematic illustration of controlled
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multicomponent hydrogel. Red: liposomes stained with a lipid probe, green: the gel network,
blue: fluorescently-labeled chymotrypsin. Reproduced with permission from ref 240.

Copyright 2012 American Chemical Society.

CLSM imaging after selective fluorescent staining is powerful to characterize

self-sorting supramolecular nanofibers, whose characterization is extremely difficult by TEM,

78



SEM, and AFM 200:267.284.285.294.299.306.316 Qnogi et al. reported super-resolution microscopic
imaging of self-sorting nanofibers composed of peptide- and lipid-type hydrogelators with
STED and Airyscan CLSM (Figure 37A). They designed two distinct fluorescent probes that
possess the corresponding same self-assembled motif same as each hydrogelator (Figure
37B). Super-resolution STED imaging of the hydrogel consisting of two hydrogelators and
two fluorescent probes visualized an orthogonal self-sorting network, in which the peptide-
and lipid-type nanofibers were well entangled but not overlapped with each other (Figure
37C). By use of 3D Airyscan CLSM imaging, the self-sorting network was formed in the
depth direction (Figure 37D). Real-time imaging immediately after dissolving the
hydrogelators and probes showed distinct kinetics of nanofiber formation; formation of the
lipid-type nanofibers already completed but the peptide-type nanofibers gradually generated
with an induction time of 15 min (Figure 37E, F). It suggested that distinct formation kinetics
should be important for self-sorting phenomena. To obtain an implication about rules of the
self-sorting of supramolecular fibers in molecular design, Kubota et al. investigated
self-assembly properties of a focused library of the peptide- and lipid-type hydrogelators
about distinct hydrophobicity and net charge (Figure 38).°%° The imaging-based assay
revealed that the same charge of peptide- and lipid-type hydrogelators and moderate
hydrophobicity of the peptide-type hydrogelator would be required to achieve the

self-sorting.
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Figure 37. (A) Schematic illustration of orthogonal formation of distinct supramolecular
nanofibers through self-sorting phenomena. (B) Chemical structures of hydrogelators and
their selective fluorescent probes. (C) STED and (D) 3D Airyscan CLSM images of
orthogonal supramolecular nanofibers. (E, F) Time-lapse CLSM imaging of the formation
process in the (E) absence and (F) presence of peptide-type seeds. Green: peptide-type
nanofibers, red: lipid-type nanofibers. Reproduced with permission from ref 260. Copyright

2016 Springer Nature.
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Figure 38. (A) Chemical structures of peptide- and lipid-type hydrogelators. (B) Table for
self-sorting behaviors among various kinds of peptide- and lipid-type hydrogelators. S:
self-sorting, C: coassembly. (C, D) Representative examples of coassembled structures.
Magenta: peptide-type nanofibes, green: lipid-type nanofibers. Scale bar: 20 um. Reproduced

with permission from ref 285. Copyright 2018 American Chemical Society.

In 2020, the same group succeeded in construction of two distinct self-sorting
network patterns, interpenetrated and parallel, by using oxime formation and exchange
reactions (Figure 39A).°° In this study, a benzaldehyde-tethered peptide-type hydrogelator
was newly synthesized to control the self-assembly ability through oxime bond formation
with a hydroxylamine compound. Airyscan CLSM imaging revealed that the interpenetrated
self-sorting network (peptide- and lipid-type nanofibers were entangled but not overlapped)
was formed upon addition of benzylhydroxylamine to a mixture of a peptide-type
hydrogelator precursor and lipid-type nanofibers (Figure 39B, left). Interestingly, real-time
imaging of visualized two different formation mechanisms; seed formation on the surface of
the lipid-type nanofibers and subsequently at the interstitial water layer. On the basis of this
observation, the authors succeeded to construct the parallel self-sorting network through
controlling of selective seed formation on the surface of the lipid-type nanofibers (Figure 39B,
right, 39C), where the peptide- and lipid-type nanofibers were oriented in parallel but slightly
misaligned, by decelerating the generation kinetics of the peptide-type nanofibers using

oxime exchange reaction.
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Reproduced with permission from ref 306. Copyright 2020 Springer Nature.

Composite materials of supramolecular and polymer gels have recently emerged as

novel soft matters that combine advantages of two components, such as flexible designability
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in functions and mechanical stiffness. As in the case of supramolecular double-network gels,
CLSM imaging is powerful to elucidate the gel network structure. In 2012, Kiriya et al.
reported meter-long, robust supramolecular strands encapsulated in polymer hydrogel jackets
by use of microfluidic techniques (Figure 40A).>> They employed a supramolecular
lipid-type hydrogelator with a phosphate head group and calcium alginate as a polymer gel.
In a microfluidic device, a fluid of lipid-type hydrogelators and a sheath fluid of sodium
alginate, lipid-type fluorescent dyes and fluorescent beads were introduced in different inlets,
and this flow was surrounded by a solution of CaCl, introduced from the third inlet. CLSM
imaging of the resultant strands showed supramolecular nanofibers, which aligned along
one-dimensional direction, were encapsulated by the alginate gel jacket with a width of ca.
50 um (Figure 40B). The jacketed supramolecular strands were mechanically robust enough
to form macroscopic patterns, and could work as a template for conductive polyaniline
synthesis.

In 2017, Lovrak et al. reported generation of free-standing composite hydrogel objects
with control over size, shape, and functionality based on a reaction-diffusion mechanism
(Figure 40C).?"” In the polymer gel matrix (e.g. agar and alginate gels), they synthesized
supramolecular hydrogelators through hydrazone bond formation of hydrazide and aldehyde
precursors followed by self-assembly. CLSM imaging of the resultant hydrogel object
revealed that localization of supramolecular nanofibers and the alginate network were well
overlapped, suggesting that the alginate network may work as a scaffold of supramolecular
nanofibers (Figure 40D). Moreover, using CLSM imaging, they demonstrated controlled
functionalization over the location and density profile of multiple functional molecules
(fluorescent dyes and proteins) in the hydrogels.

Shigemitsu et al. recently succeeded in visualization of a segregated structure of
supramolecular nanofibers and physically-crosslinked polymer network in a composite
hydrogel by CLSM imaging (Figure 40E).”°® The composite hydrogel is composed of an
enzyme-sensitive peptide-type supramolecular gel and an agarose. The supramolecular
nanofibers were stained with a TMR-guanidium probe and fluorescein-modified agarose was

employed (Figure 40F). Airyscan CLSM imaging of the composite hydrogel revealed the
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segregated structure of supramolecular nanofibers and the sea-island network made of
agarose (Figure 40G). Interestingly, supramolecular nanofibers located mainly at the darker
void region of the agarose network, which were also supported by the line plot analysis. The
orthogonality of supramolecular nanofibers and agarose was also supported by CD
spectroscopy and temperature-dependent rheological analysis. It was also confirmed that
stimulus-response of supramolecular nanofibers retained in the composite hydrogel, where
supramolecular nanofibers and agarose played distinct roles in controlled protein release,

protein entrapment and mechanical stiffness, respectively.
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Figure 40. (A) Formation of jacketed strands composed of supramolecular nanofibers
covered by Ca-alginate by the microfluidic method. (B) CLSM imaging of jacketed
supramolecular strands. Red: supramolecular nanofibers, green: Ca-alginate. Reproduced
with permission from ref 203. Copyright 2012 Wiley-VCH. (C) Self-assembly of

supmolecular fibers in Ca-alginate matrix by use of reaction-diffusion. (D) CLSM imaging of
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the hybrid hydrogel. Cyan: supramolecular fibers, magenta: Ca-alginate. Scale bar: 50 pm.
Reproduced with permission from ref 207. Copyright 2017 Springer Nature. (E) Orthogonal
hybridization of supramolecular nanofibers and agarose. (F) Chemical structures of a
peptide-type hydrogelator, its fluorescent probe, and fluorescein-modified agarose. (G)
Airyscan CLSM image of the composite hydrogel. Green: agarose, magenta: supramolecular

nanofibers. Reproduced with permission from ref 208. Copyright 2020 Springer Nature.

CLSM imaging enables to visualize larger structural heterogeneity of micrometer- or
submilimeter-scale phase-separated hydrogels.?®”??>2°¢ In 2019, Wang et al. reported a
hierarchical compartmentalized supramolecular hydrogel through multilevel self-sorting
events.””® They used a modular gel system with tunable properties based on in sifu formation
of hydrazone hydrogelators from a tris-hydrazide core and benzaldehyde derivatives (Figure
41A). A turbid hydrogel was formed through mixing a tris-hydrazide core (H) with neutral
(ethyleneglycol) and anionic (sulfonate) benzaldehydes (A and A, respectively). CLSM
imaging revealed a worm-like microstructure with a width of ca. 10 pm, which was
preferentially stained with fluorescein-tethered anionic benzaldehyde (Figure 41B). In
magnified views, fibrous structures with a width of ca. 200 nm could be observed at
interstitial space between the worm-like structure but no significant object was detected in the
worm-like structure probably due to thinner nanofibers that cannot be resolved by CLSM.
The cationic fluorescent dye, Hoechst33342, selectively stained the worm-like structure,
implying that the worm-like structure should be composed of anionic-charged nanofibers
whereas the interstitial space could be filled with neutral nanofibers. Time-lapse imaging
clarified a formation process of the worm-like structure: a homogenous Hoechst33342
fluorescence initially appeared, and, after 5 h this fluorescence started to become
inhomogenous, followed by the sheet worm-like structure could be observed after 5.6 h. This
phase-separation phenomenon is similar to an aqueous two-phase system of PEG polymers
and anionic polyelectrotes.

Inspired by self-sorting supramolecular hydrogels, Sun et al. synthesized

micrometer-sized compartmentalized hydrogels by mixing of diblock copolypeptides that
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self-assemble through hydrophobic interaction or polyion complexation.*>*7 They
employed amphiphilic diblock copolypeptides bearing hydrophobic L-leucine residues as a
self-assembling moiety and nonionic, hydrophilic L-methionine sulfoxide chain (M®A)200L30
(Figure 41C). For polyion complexation, two types of dual hydrophilic copolypeptide
consisting of poly(L-glutamate) or poly(L-lysine) residues as charged segments and
L-methionine sulfoxide [(M©As5)Kss and (M®A);ssEss] were employed. CLSM imaging of a
hydrogel formed through mixing fluorescently-labeled (M©A)a00L30, (MCAiss)Kss, and
(MOA)55Ess visualized a mutually-exclusive, segregated structure in microscale dimensions,
which support the formation of self-sorted compartmentalized networks (Figure 40D, top).
Furthermore, the z-stack imaging showed the segregated structure was also formed

three-dimensionally (Figure 41D, bottom).
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Figure 41. (A) Chemical structures of hydrogelators and a fluorescent probe. (B) CLSM
imaging of a phase-separated supramolecular hydrogel. Green: fluorescein, blue:
Hoechst33342. Reproduced with permission from ref 296. Copyright 2019 American
Chemical Society. (C) Chemical structures of self-assembling polymers. (D) 2D and 3D
CLSM images of a phase-separated polymer hydrogel. Green: Alexa fluor 488-labled
(MOA);55Ess, red: Alexa Fluor 633-labeled (MPA)200E30. Scale bar: 10 pm. Reproduced with

permission from ref 497. Copyright 2019 American Chemical Society.
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CLSM imaging is also powerful to clarify the structure of multicomponent
protocells, 340.349.353.395.396.399.401.423.433.436.437.440-445.493-496.498 T 2014, Dora Tang et al.
developed a hybrid protocell model based on the self-assembly of fatty-acid membrane at the
surface of preorganized complex coacervate microdroplets.*’” The authors demonstrated the
spontaneous formation of membrane-coated coacervate microdroplets upon addition of
sodium oleate at concentration below critical micelle concentration to a solution of PDDA
(polydiallyldimethylammonium  chloride)/ATP  and  oligolysine/RNA  coacervate
microdroplets as confirmed dynamic light scattering (DLS) and small angle X-ray scattering
measurements. CLSM imaging showed that a lipid-soluble BODIPY FL-Ci¢ dye was located
on the surface of the droplets in the presence of oleate, whereas homogeneous fluorescence
could be observed throughout the interior in the absence of oleate (Figure 42). Fluorescence
lifetime imaging microscopy (FLIM) with BODIPY Cjo, a probe for the viscosity of the
fatty-acid membrane, showed that the viscosity in the oleate surface layer is comparable to
that of a control oleate/oleic acid vesicles (7 = 20—40 cP). In contrast, the viscosity of the
PDDA/ATP matrix was not significantly changed by the amount of oleate (1-4 cP). These
data suggested that the lipid membrane did not influence the local structure of the
phase-separated compartment. Furthermore, CLSM imaging clarified the remarkable changes

in the uptake of fluorescent dyes. In the presence of negatively-charged oleate membrane,

anionic dyes such as calcein or fluorescein were excluded from the droplet interior.
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Scale bar: 1 pum. Reproduced with permission from ref 407. Copyright 2014 Springer Nature.

CLSM imaging can be applied to examine the structures and functions of multiple
droplet assemblies of hydrogels, polymer conjugates, water-in-oil emulsions. 30439499510 Ip
2008, Matsumoto et al. reported photo-triggered mass transport and the subsequent

223 A hydrogel composed of a lipid-type

enzymatic reactions in supramolecular gel droplets.
supramolecular hydrogelator bearing fumaric amide as a trans-cis photo-switching module
showed the macroscopic gel-sol transition upon light irradiation. The gel droplets were
formed by injection of a hot solution of the gelator into hexadecane followed by vortex
mixing (Figure 43A, top). CLSM imaging revealed that a diameter of the gel droplets was
determined to be 50-100 um (60 pL—0.5 nL) and visualized well-developed fibrous networks
of the gelator within the droplet (Figure 43A, bottom). The authors then tried a
photo-triggered enzymatic reaction through molecular diffusion between the droplets. Two
distinct droplets containing alkaline phosphatase or a corresponding fluorogenic substrate

were placed in contact. Without photo irradiation, the enzymatic reaction did not take place.

However, upon photo-induced partial fusion of the two droplets, the fluorescence emission by
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phosphatase-catalyzed reaction product immediately appeared at the interface, indicating that

mass transport between the gel droplets was well controlled by light (Figure 43B).
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Figure 43. (A) (Top) Schematic illustration of formation of supramolecular gel droplets.

(Bottom) 3D CLSM images of the gel droplet. (B) The photo-induced stepwise fusion
between three gel droplets. Scale bar: 500 pm. Reproduced with permission from ref 223.

Copyright 2008 Royal Society of Chemistry.

Gobbo et al. reported the programmed assembly of proteinosomes made from BSA
covalently conjugated with PNIPAM-co-MAA (MAA: methacrylic acid) through
strain-promoted azide-alkyne cycloaddition (SPAAC) reactions (Figure 44A).°% To obtain
synthetic prototissues, BSA/polymer nanoconjugates modified with azide or strained alkyne
were mixed within w/o/w Pickering emulsions. After removal of the encapsulated oil, CLSM
imaging visualized spatially-integrated spheroid-like structures (mean size: ~70 pm, volume:
180 = 80 puL) (Figure 44B). Owing to thermo-responsive property of PNIPAM, the resultant
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synthetic spheroids showed a reversible swelling/shrinking behavior with the maximum
shrinkage of ~40% (Figure 44C). Amplitude of contraction properties of the spheroids could

be modulated by the inner pH change by enzymatic reaction proceeded in the spheroids.
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Figure 44. (A) Preparation of proteinosome spheroids. (B) Fluorescent microscopic images
of caged spheroids composed of (red) RITC-labeled azide-, (green) FITC-modified
alkyne-functionalized proteinosomes covered by (blue) a DyLight 405-labeled host
proteinosome membrane. CLSM images of coacervate microdroplets in the absence/presence
of fatty acids. Scale bar: 100 um (left), 50 um (right). (C) Temperature-responsive reversible
volume changes of uncaged proteinosome spheroid. Scale bar: 50 pm. Reproduced with

permission from ref 508. Copyright 2018 Springer Nature.

In 2020, Downs et al. reported a new strategy for making the gel droplet network

511

composed of patterned multi-responsive hydrogels.”’’ The gel network was prepared by

photo-polymerization of manually-assembled pre-gel droplets of a mixture of NIPAM
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monomer, methylene bis(acrylamide) (MBA) crosslinker and o-ketoglutaric acid
photoinitiator coated with lipid monolayer in lipid-containing oil. Photopolymerization
resulted in rupture of the lipid bilayers to form a continuous PNIPAM gel network. By this
gel droplet techniques, patterned domains containing temperature-responsive, magnetic-field
responsive hydrogels upon incorporation of gold nanoparticles and magnetic beads,
respectively, into the pre-gel solution. Optical microscopy visualized that the patterned gel
network containing gold nanoparticles showed light-activated reversible shape change such
as curling and domains carrying magnetic beads allowed movement in a magnetic field. Such
multi-responsive hydrogel structures should give new potential for the design of miniaturized

soft robotics and biomedical devices.

5.4.3. Manipulation of molecular assemblies

Confocal microscopy allows not only the observation but also the manipulation of specimens
containing photo-reactive functional moieties, such as caged groups, at the micrometer
resolution by combination with multi-photon excitation techniques.???234248.352,357.312-336 Tp
this section, representative examples about functionalization/manipulation of molecular
assemblies are highlighted.

In 2009, Kloxin et al. firstly achieved 3D patterning of chemical PEG-based polymer
gels with photodegradable nitrobenzyl linkers by a two-photon laser scanning microscope.’'
Using two-photon excitation, 3D patterns could be generated within a hydrogel by local
photodegradation, which was confirmed by 3D CLSM imaging. The same group also
demonstrated photo-induced 3D post-fabrication of tetra-arm PEG gels using combination of
photo-induced thiol-ene reaction and photodegradation of nitrobenzyl groups (Figure
45A).°?! A di-functionalized linker possesses two photo-reactive functional groups: (i) a vinyl
functionality at the side chain that is readily reacted to thiol-containing compounds through
the radical-mediated thiol-ene addition under visible light irradiation, (ii) the photodegradable
nitrobenzyl ester moiety embedded in the backbone that decomposes for cleavage of the

crosslinks upon UV light irradiation. Multiphoton excitation techniques allowed to create

elaborate, three-dimensional biochemical patterns within a hydrogel modified with these
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photo-reactive groups (Figure 45B, C). To demonstrate the potential utility of such a hydrogel,
the authors showed functionalization of the gel with RGD peptides, which can be used to
manipulate cellular functions in a spatiotemporally regulated manner. In 2019, Shadish et al.
reported post-functionalization of chemical polymer gels by release and immobilization of
multiple proteins, such as fluorescent proteins and growth factors, functionalized through
sortase-tag based protein ligation.’*® Such photoreversible immobilization of epidermal
growth factor (EGF) within the hydrogel enabled dynamic regulation of cellular proliferation

and intracellular epidermal growth factor receptor (EGFR) signaling pathway.

Figure 45. (A) Chemical structures of monomers of a photo-responsive tetra-armed PEG gel.
(B) 3D patterning of the tetra-armed PEG gel by multiphoton laser light (860 nm) with an
Alexa Fluor 488-modified RGD peptide. (C) Photodegradation by a multiphoton laser light
(740 nm). Scale bar: 100 pum. Reproduced with permission from ref 521. Copyright 2011

Springer Nature.

In 2014, Yoshii et al. demonstrated 3D patterning of supramolecular hydrogels
composed of a photodegradable peptide hydrogelator tethering dimethylaminocoumarin at

the N-terminus (Figure 46A, B).>* Upon two-photon excitation at 740 nm, the entangled

92



nanofibers disappeared in the irradiated area, leading to a dramatic change of the fluidity with
high spatial resolution (10 pum x 10 pm x 10 um) (Figure 46C). The off-on switching of the
Brownian motion of nanoparticles and proteins and of swimming of E. Coli inside the

hydrogels were also observed.
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Figure 46. (A) Chemical structure of a photo-responsive supramolecular hydrogelator. (B)
Schematic illustration of photo-responsive nanofiber degradation. (C) 3D patterning of the
supramolecular hydrogel by the two-photon laser light. Scale bar: 10 um (top, middle), 20
pum (bottom). Reproduced with permission from ref 248. Copyright 2014 Wiley-VCH.

In 2018, Oran et al. demonstrated a 3D nanofabrication technique by isotropic
shrinkage of photo-patterned hydrogels.”! A polyacrylate hydrogel was used for a scaffold,
as this hydrogel is well known to expand and shrink by 10-20-fold in linear dimension. The
3D nanofabrication process was conducted by two-photon CLSM in the following three
phases. First, two-photon excitation of fluorescein derivatives carrying a further modification
handle causes the fluorescein to react with the hydrogel. Second, after removal of the
fluorescein solution, functional molecules/materials such as fluorescent dyes, DNAs, and
AuNP, are deposited through the modification handles on the hydrogel framework. Third, the
patterned hydrogel was shrunken by 10-20-fold upon treatment of acid or divalent cations,
resulting in creation of the desired nanoscale-level fabrication. The minimal feature size of
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this technique was estimated to be 59.6 = 3.8 nm by measuring a line width of AuNP
deposited from a single-voxel-wide pattern. This method can directly write conductive 3D
silver nanostructures within a hydrogel scaffold.

Optical tweezers have emerged as a manipulation tool for microscopic objects such as
nanoparticles and are frequently used to study behaviors of single molecules (such as
molecular motors) modified with micrometer-sized beads. Optical tweezers can also be
applied to artificial molecular assemblies. In 2003, Frusawa et al. measured the Young’s
modulus of a single-lipid nanotube consisting of synthetic glycolipids,
cardanyl-B-D-glucopyranoside, by using optical tweezers.?'* A solution of the nanotubes was
placed on a glass slide for optical trap, and the nanotube that attached well at only one end
was bent by optical tweezers. The flexural rigidity K was estimated from the relaxation time t
(transition from bow-shaped to initial straight form) to be 2.2 x 102*> Nm? which
corresponds with the Young’s modulus, £ ~ 720 MPa. This value was similar to the Young’s
modulus of microtubules, £ ~ 1000 MPa.

In 2015, Gould et al. reported manipulation of block copolymer micelles to allow the
creation of arrays of functional soft-matter objects.’*’~** They employed B-A-B block
polymer micelles bearing a crystalline PFS core and amorphous coronas of hydrophilic P2VP
or hydrophobic PMVS. Through living crystallization-driven self-assembly, a spherical
supermicelle with different core diameters (from 100 to 500 nm) was prepared upon addition
of PFS-b-P2VP block copolymer unimers to short cylindrical PFS-6-PMVS seed micelles.
The resultant micelles could be trapped and manipulated by optical tweezers as confirmed by
optical microscopy (Figure 47A, B). They demonstrated the photoinitiated crosslinking of
supermicelles held in contact by optical tweezers through vinyl groups under photoirradiation
in the presence of photoinitiators. This dynamic holographic assembly enabled the patterning
of supermicelles into arrays and growth of supermicelles under the flow condition (Figure

47C, D).
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Figure 47. (A) Intermicelle crosslinking upon UV irradiation by use of optical tweezers. (B)
Optical microscopic images of a chain-like linear super-structure containing up to six
polymer micelles. (C) Patterned deposition and subsequent growth of supermicelles. (D)
CLSM images of an array of supermicelles after addition and washing of 1, 2, and 3 aliquots
of a polymer micelle solution. Scale bar: 5 pm. Reproduced with permission from ref 537.

Copyright 2015 Springer Nature.

5.4.4. Observation of self-assembly/disassembly in cellular milieu

One of the current challenging issues in supramolecular chemistry is the controlled formation
of molecular assemblies in complex biological environments such as live cells, tissues, and
animals. Such molecular assemblies are expected to enable evaluation and manipulation of

biomolecules activities and the consequent cell fate. CLSM is one of promising tools to
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examine molecular self-assembly in living cells/tissues/animals, which contains a myriad of
biomolecules.

The Hamachi group developed magnetic resonance imaging- and fluorescent-based
protein sensing relied on recognition-driven disassembly of self-assembling probes (Figure
48A).°%5% The fluorescent-based probes consist of three modules: (i) a hydrophilic ligand
specific to target proteins [e.g. methotrexate (MTX) for folate receptor, benzenesulfonamide
for carbonic anhydrase], (i1) a fluorescent dye as a detection modality (e.g. TMR or FL), (iii)
a relatively hydrophobic linker to connect the ligand and the fluorescent dye (Figure 48B).7*?
The emission of the MTX-tethered probe [for dihydrofolate reductase (DHFR) and folate
receptor] was weak (® = 0.03), and significantly increased by addition of DHFR (® = 0.25).
AFM imaging revealed that the probe self-assembled into spherical aggregates with a
diameter of 10-50 nm. This turn-on probe allowed to image membrane-bound receptor
protein, folate receptors, on live cells, while the background signal from the extracellular
region was negligible (Figure 48C). This disassembly-based sensing system can be applied to
overexpressed and endogenous intracellular proteins, including carbonic anhydrase and heat
shock protein 90, which process was clearly followed by CLSM imaging in live cells (Figure
48D, E).”* The reversible assembly-disassembly in living cells enabled imaging-based
inhibitor assay, providing affinity values toward active endogenous proteins in living cells
(Figure 48F, G). This methodology would be helpful for direct drug discovery screening. In
2017, Li et al. successfully demonstrated that the recognition-driven disassembly concept is

applicable to tumor-xenograft bearing mice.”**

The authors prepared self-assembled
nanomaterials from a Zn?>* phthalocyanine derivative bearing targeting ligands (biotin) linked
through triethylene glycol linkers (Pc-TEG-B). Fluorescent spectroscopy showed the
fluorescence of Pc-TEG-B was completely quenched upon self-assembly, whereas the
fluorescent intensity increased by ca. 250-fold on treatment of avidin. The authors succeeded
in application of this probe to in vivo fluorescence imaging and photoacoustic tomography.
After intravenous injection of the self-assembled Pc-TEG-B particles into mice bearing A549

tumors (avidin positive), the fluorescence with high S/N ratio could be observed from the

tumor probably through enhanced permeation and retention (EPR) effect and
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receptor-mediated endocytosis. Interestingly, photoacoustic tomography, an emerging and
noninvasive imaging modality, revealed that a photoacoustic signal of the self-assembled
Pc-TEG-B could be detected from the tumor. These results indicated that the

disassembly-based sensing system would be suitable for multimodal imaging techniques in
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Figure 48. (A) Disassembly-induced turn-on detection of membrane-bound receptors. (B)
Chemical structure of a self-assembling probe for folate receptor. (C) CLSM image of KB
cells treated with the self-assembled probe in the (top) absence or (bottom) presence of folate,
a competitive inhibitor. Scale bar: 40 um. Reproduced with permission from ref 542.
Copyright 2012 American Chemical Society. (D) Disassembly-induced turn-on detection of
soluble proteins inside living cells. (E) Chemical structure of a self-assembling probe for
carbonic anhydrase. (F) CLSM imaging of MCF-7 cells treated with the probe in the (top)

absence or (bottom) presence of ethoxzolamide (EZA), a competitive inhibitor. Scale bar: 20
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pm. (G) Fluorescence titration profile of the relative change in fluorescent intensity (/1o — 1).

Reproduced with permission from ref 543. Copyright 2014 American Chemical Society.

In 2012, Xu and coworkers reported CLSM imaging of enzyme-triggered self-assembly
of peptide-based monomers in living cells.”* To achieve this, they designed a hydrogelator
precursor, NapFFK(NBD)Yp, which possesses NBD as an environmentally-sensitive
fluorophore showing higher quantum yield in a hydrophobic environment (Figure 49A).
Dephosphorylation of the precursor catalyzed by alkaline phosphatase produces the
corresponding hydrogelator, resulting in self-assembly into a nanofibrous structure. CLSM
imaging of HeLa cells after treatment of 500 uM of the precursor showed the accumulation
of the fluorophore inside living cells (Figure 49B). The spatial distribution and morphology
of the fluorescence was quite similar to that of endoplasmic reticulum (ER). In the presence
of an inhibitor of PTPIB, a phosphatase localized on the surface of ER, increment of
intracellular fluorescence became rather slow, suggesting PTP1B would contribute to
dephosphorylation of the precursor. The concept of enzyme-triggered self-assembly has
recently been extended to intracellular self-assembly targeting to other organelles including
mitochondria, nuclei, etc.33%746-3

In 2014, Ye et al. reported bioorthogonal cyclization-mediated self-assembly in vivo
through biocompatible reaction between free cysteine and cyanobenzothiazole with a
second-order reaction of 9.1 Mls71.9995% To detect the activity of caspase-3/7, they
elaborately designed a caspase-sensitive nanoaggregation probe, which possess D-cysteine
and 2-cyano-6-hydroquinoline linked to an amino luciferin scaffold (Figure 49C). Amino and
thiol groups of D-cysteine were capped with L-DEVD peptide and a disulfide bond,
respectively, for two-step activation that was involved with caspase-3/7-catalyzed cleavage
and intracellular thiol-mediated reduction. The two-step activation induces intramolecular
condensation to produce a hydrophobic macrocycle, which spontaneously self-assemble into
spherical aggregates in situ. 3D-SIM imaging of apoptotic HeLa cells treated with the Alexa
Fluor 488-labeled probe revealed that strongly fluorescent puncta distributed throughout the

cytosol and their average size was determined to be 148 = 36 nm, which correlates well with
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in vitro DLS and TEM results (Figure 49D). The similar nanoparticle could be detected
within an apoptotic tumor tissue slice after intravenous administration of the probe into

doxorubicin-treated tumor-bearing mice.
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Figure 49. (A) Phosphatase-induced formation of a fluorescent hydrogelator. (B)
Time-dependent CLSM images of HeLa cells treated with the gelator precursor. Scale bar: 50
pm. Reproduced with permission from ref 545. Copyright 2012 Springer Nature. (C)
Glutathione- and caspase-induced self-assembly. (D) 3D-SIM images of self-assembled
fluorescent nanoaggregates in (top) apoptotic cells and (bottom) apoptotic tumor tissues.

Reproduced with permission from ref 556. Copyright 2014 Springer Nature.
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Synthetic biology approach recently allows the construction of artificial molecular
assemblies, such as hydrogels and coacervate droplets, from designed synthetic proteins in
living cells, as confirmed by in situ CLSM imaging.34!-337-363

In 2018, Nakamura et al. reported a strategy for a rapid production of protein-based
hydrogels inside living cells, named iPOLYMER, that rely on a chemically-induced
dimerization (CID) technique (Figure 50A).**! They designed two types of polypeptides: a
yellow fluorescent protein (YFP) tethering tandem repeats of FKBP, and a cyan fluorescent
protein (CFP) carrying tandem repeats of FRB. These two polypeptides are expected to
self-assemble into a hydrogel-like network upon treatment of rapamycin, a dimerizer of
FKBP and FRB. Indeed, puncta could be observed immediately after addition of rapamycin
to COS-7 cells expressing both polypeptides (Figure 50B). FRET measurement between CFP
and YFP showed that higher FRET signals were detected by CLSM at the puncta within 5
min of rapamycin addition. Moreover, FRAP analysis of the puncta showed little fluorescent
recovery, suggesting the irreversible nature of rapamycin-induced CID. Furthermore, the
author succeeded in functionalization of iPOLYMER gels by fusing an RNA recognition
motif to CR to produce RNA granule mimics inside living cells.

Very recently, Dzuricky ef al. demonstrated engineering of liquid condensates of

artificial disordered proteins in living cells.’**

They designed a polypeptide sequence,
(GRGDSPYS)xx (XX: number of repeats, 20-80) (A-IDP), that was inspired by Rec-1 resilin.
Fluorescent microscopic imaging showed formation of densely fluorescent small puncta in E.
Coli expressing stGFP-fused A-IDP (Figure 50C, D). The puncta grew in time and coalesce
to become a single coacervate droplet per cell. In addition, the authors succeeded to carry out

SPAAC and enzymatic reaction using a split B-galactosidase system inside the A-IDP

condensates as confirmed by CLSM imaging.

100



\..
o

A4
&
o
—
AN ~J
NN > ¥
Flexible 4’_. N ? P é
linker Inducible
formation 5

a2 .

— &

Hydrogel network =
C One phase Two phases
10h

(WT}-20- siGFP . vie @ . Higher molecular weight
% % % % \ \ lower Csar

[WT}-20-siGFP

VNS
[WT]-40: SKGP-[GRGDSPYS]J40-GY

Figure 50. (A) iPOLYMER strategy for formation of the hydrogel network consisting of the

YFP-tagged five tandem repeat of FKBP and the CFP-tagged five tandem repeat of FRB
induced by rapamycin treatment. (B) Time-lapse CLSM imaging of fluorescent puncta
formation in COS-7 cells. Scale bar: 10 um. Reproduced with permission from ref 341.
Copyright 2018 Springer Nature. (C) Intracellular droplet formation of sfGFP-tagged
artificial intrinstically-disordered proteins in living E. Coli. (D) CLSM imaging
of stGFP-tagged artificial intrinstically-disordered proteins as a function of induction time.

Scale bar: 5 pm. Reproduced with permission from ref 564. Copyright 2020 Springer Nature.

6. Conclusion and outlook

In conclusion, microscopic imaging techniques including EM, AFM, CLSM, and SR imaging
allows the visualization of not only static structures of individual molecular assemblies at
distinct length scale (sub nanometer to millimeter), but also their dynamic aspects over a
wide range of time scale (ms—hours). As shown in Figure 51, these recently-developed
imaging modalities allow to cover a wide range of components, sizes, and shapes of
supramolecular assemblies. Besides, force microscopy by AFM and optical tweezers and
fluorescence spectral/lifetime imaging by CLSM can evaluate physicochemical properties of
supramolecules including stiffness, viscosity, dielectric constant, etc. Very recently,

correlative microscopy has emerged as a promising approach, which allows us to provide
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more detailed structural information of the specimen using two distinct microscopic
techniques in a relatively large scale.’**% Such correlative microscopy combines the
advantages of distinct imaging modalities. For example, correlative light-electron microscopy
provides both the specificity and real-time observation of confocal/super-resolution imaging
and the better structural resolution of EM. Xu and coworkers reported correlative light and
electron microscopy of self-assembled synthetic nanofibers formed on cell surfaces (Figure
52A-1).°% Nakamura et al. investigated the ultrastructure of iPOLYMER puncta by
correlative fluorescent and electron microscopy (Figure 52J).°*! Such rapidly evolving
microscopic imaging technologies could open up new opportunities for deeper understanding
and further development of synthetic molecular assemblies as well as natural ones, which

leads to rational design of novel supramolecular assembled materials.
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Figure 51. Spatial resolution of imaging techniques and size of organic molecules and their

assemblies.
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Figure 52. (A) Phosphatase-induced formation of a fluorescent hydrogelator. (B) Overlay
image of fluorescent and differential interference contrast images of HeLa cells treated with
the hydrogel precursor. (C) TEM image of the same cell shown in (B). (D, E)
Higher-magnification TEM images of the red boxed areas shown in (B) and (C), respectively.
(F) 3D rendered model of the 3D tomographic reconstruction. (G-I) TEM images of
untreated cells. Scale bars: (B, C, G) 2000 nm, (D, E, I) 200 nm, (H) 500 nm. (H, I)
Higher-magnification TEM images of the blue boxed areas shown in (G) and (H),
respectively. Reproduced with permission from ref 569. Copyright 2016 Elsevier. (J)
Correlative EM/CLSM images of iPOLYMER gels. Reproduced with permission from ref

341. Copyright 2018 Springer Nature.
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A list of abbreviations

AFM atomic force microscopy

AMP adenosine monophosphate

ATP adenosine triphosphate

BSA bovine serum albumin

BTA 1,3,5-benzenetricarboxamide

CD circular dichroism

CDSA crystallization-driven self-assembly

CLSM confocal laser scanning microscopy

Cryo-EM cryogenic electron microscopy

CuAAC Cu'-catalyzed azide-alkyne cycloaddition
DHPE 1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine
DHFR dihydroforate reductase

DIC differential interference contrast

DLS dynamic light scattering

DMS dimethyl sulfate

DOPC 1,2-dioleoyl-sn-glycero-3-phosphocholine
DOPS 1,2-dioleoyl-sn-glycero-3-phospho-L-serine
DPPE 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine
DTT dithiothreitol

EDC 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide
EDTA ethylenediaminetetraacetic acid

EDX energy dispersive X-ray spectroscopy

EGF epidermal growth factor

EGFR epidermal growth factor receptor

EM electron microscopy

EPR enhanced permeation and retention

FD force distance curve

FITC fluorescein isothiocyanate
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FLIM
FRAP
GDP
GFP
GTP
HMW
HOPG
HS-AFM
IMS
1PAINT
LC-EM
LCST
LMW
LPP
MAA
MALDI
MBA
MCH
MD
MF
MOF
MMT
MTX
NBD
NHS
OPV
P2VP
PA
PAAm

fluorescence lifetime imaging microscopy
fluorescence recovery after photobleaching
guanosine diphosphate

green fluorescent protein

guanosine triphosphate

high molecular weight

highly ordered pyrolytic graphite

high speed-atomic force microscopy
imaging mass spectroscopy

interfacial point accumulation for imaging in nanoscale topography
liquid cell electron microscopy

lower critical solution temperature

low molecular weight

lambda protein phosphatase

methacrylic acid

matrix assisted laser desorption ionization
methylene bis(acrylamide)
methylcyclohexane

molecular dynamics

melamine formaldehyde

metal-organic framework
montmorillonite

methotrexate

nitrobenzofurazan

N-hydroxysuccinimide
oligo(p-phenylenevinylene)
poly(2-vinylpyridine)

peptide amphiphile

polyacrylamide
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PAH poly(allylamine hydrochloride)

PAINT point accumulation for imaging in nanoscale topography
PALM photoactivated localization microscopy
PBI perylene bisimide

PBO poly(butylene oxide)

PBS phosphate buffered saline

PCL poly(caprolactone)

PDDA polydiallyldimethylammonium chloride
PDI perylene diimide

PDMS polydimethylsiloxane

PEG polyethylene glycol

PEO poly(ethylene oxide)

PeP peptide-grafted polymer

PFS poly(ferrocenyldimethylsilane)

PIC polyisocyanide

PMVS poly(methylvinylsiloxane)

PNIPAM poly(N-isopropylacrylamide)

PS phosphatidylserine

PSS poly(sodium styrenesulfonate)

RITC rhodamine isothiocyanate

SEM scanning electron microscopy

SIM structured illumination microscopy

SMLM single molecule localization microscopy
SPAAC strain-promoted azide-alkyne cycloaddition
STED stimulated emission depletion

STEM scanning transmission electron microscopy
STORM stochastic optical reconstruction microscopy
TACN 1,4,7-triazacyclononane

TEM transmission electron microscopy
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TIRFM total internal reflection fluorescence microscope

TMR tetramethylrhodamine
UPLC ultra-performance liquid chromatography
ZIF zeolite imidazolate framework
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