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General introduction 

 

Nucleic acids (DNA and RNA) are biopolymers made of nucleotides, consisting of a base, 

sugar, and phosphoric acid, linked together by phosphodiester bonds. Nucleic acids play important 

roles in preserving, transcribing, and translating genetic information, and are essential to the central 

dogma, the basic principle of life. Furthermore, nucleic acids are also important substances in the 

industrial field. For example, trifluridine is utilized for an antiviral molecule of Herpes simplex virus 

(HSV), rhabdovirus, and orthopoxvirus infection. It is also utilized as an anticancer agent for 

metastatic colorectal cancer, and gastrointestinal tumors. Therefore, study on nucleic acid metabolism 

and its enzymes leads to not only the investigation of the evolution and origin of living organisms but 

also contributions to the industrial field. 

It is speculated that nucleic acids played an important role in the early life on the primitive 

Earth. In the RNA world hypothesis, RNA preceded proteins and DNA, and DNA derived from RNA 

in primitive earth. All living organisms on the earth enzymatically synthesize deoxyribonucleotides, 

constituent molecules of DNA, through the process of ribonucleotide reduction, which is catalyzed by 

ribonucleotide reductases (RNRs). RNRs provide four deoxyribonucleoside triphosphate (dNTP) 

building blocks needed for DNA synthesis. The existence of RNR is one of the main grounds for the 

theory that DNA is derived from RNA. However, it is found that biosynthesis of deoxyribonucleosides 

is possible from various molecular materials by utilizing the function of enzymes in the 2-deoxyribose-

5-phosphate aldolase (DERA) pathway. This indicates the possibility of existence of 

deoxyribonucleoside synthesis pathway that does not go through RNR. In Chapter 1, the effects of 

RNR gene disruption on growth of Escherichia coli BW38029 were investigated as a first step in 

verifying RNR substitution through the DERA pathway. 

There are four alternative pathways for pyrimidine degradation in biological systems: the 

oxidative pathway, the reductive pathway, the pyrimidine utilization (rut) pathway, and the URC 

pathway. Of these four pyrimidine degradation pathways, the oxidative pathway is one that has not 

been well studied and has many unknown points. In the oxidative pathway, pyrimidine is degraded to 

urea and malonic acid via a barbituric acid derivative. The oxidative pathway of pyrimidine 

metabolism was first reported in 1952 in Mycobacterium, Corynebacterium, and Nocardia strains 

isolated from soil. However, the precise understanding of oxidative pyrimidine metabolism was not 

established, and only the crude extracts of microorganisms were used in these studies. Building upon 

these works, a study on oxidative pyrimidine metabolism in the pyrimidine-assimilating 

microorganism, Rhodococcus erythropolis JCM 3132 was initiated. This study reports on the 

purification and activity evaluation of uracil/thymine dehydrogenase (UTDH) (Chapter 2) and 

ureidomalonase (Chapter 3), which catalyze the first and third step reactions of the oxidative pathway. 
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Chapter 1 

The design of complete synthetic medium for ribonucleotide reductase disrupted strain of 

Escherichia coli BW38029 

 

Abstract 

In all known cellular systems, synthesis of deoxyribonucleotides occurs exclusively through 

the process of ribonucleotide reduction, which is catalyzed by ribonucleotide reductase (RNR). 

Another efficient enzymatic process has been established, in which 2′-deoxyribonucleoside (dNS) is 

synthesized from glucose, acetaldehyde, and a nucleobase through the dNS retrosynthesis pathway. If 

dNSs can be synthesized in growing cells through the retrosynthesis pathway, it opens the prospect of 

an alternative evolutionary pathway to DNA synthesis. To confirm this hypothesis, an RNR knockout 

strain of Escherichia coli BW38029 was constructed, and its auxotrophy was investigated. This strain 

required only deoxycytidine among deoxyribonucleosides (dNSs) and, interestingly, nicotinamide for 

its growth. It was suggested that knockout of RNR may affect not only dNS synthesis but also other 

metabolic pathways. From these results, its complete synthetic medium was proposed, which is the 

MOPS medium containing dC and nicotinamide. 

 

Introduction 

All living organisms on the earth enzymatically synthesize deoxyribonucleotides, 

constituent molecules of DNA, through the process of ribonucleotide reduction, which is catalyzed 

by RNRs. RNRs provide four deoxyribonucleoside triphosphate (dNTP) building blocks needed for 

DNA synthesis (Jordan & Reichard, 1998; Kolberg et al., 2004; Lundin et al., 2010; Nordlund & 

Reichard, 2006; A. M. Poole et al., 2002). Based on the mechanism of radical formation (Jordan & 

Reichard, 1998; Lundin et al., 2009, 2010; A. M. Poole et al., 2002; Stubbe & van Der Donk, 1998), 

RNRs are grouped into three classes (Table 1-1). All three classes of RNR catalyze the cleavage of 

the C-OH bond at the 2′ position of the ribonucleotides (A, T, G, C) and the formation of the C-H 

bond at the same position. The three classes of RNR share a common radical chemistry in the 

ribonucleotide reduction. However, they employ very different strategies for radical formation, 

transfer, and regeneration (Jordan & Reichard, 1998; Lundin et al., 2009, 2010; Nordlund & Reichard, 

2006; A. M. Poole et al., 2002). Class I RNRs are subdivided into class Ia and class Ib. Both are 

composed of α2 and β2 dimers, and oxygen is necessary for the function. A stable tyrosyl radical is 

generated in the β subunit making use of the iron-oxygen center. Then the radical is transferred to the 

α subunit, where the reduction of the ribose (ribonucleotide) takes place. Upon reaching the active 

site, the radical is transferred to the ribose (ribonucleotide). Class II RNRs function under aerobic or 

anaerobic condition and are composed of monomer or homologous dimer (α or α2). A 5′-

deoxyadenosyl radical is generated via cleavage of deoxyadenosylcobalamin (vitamin B12 coenzyme) 
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in class II RNRs. Unlike class I RNRs, no protein-based radical is produced in this class RNR (Jordan 

& Reichard, 1998; Lundin et al., 2009, 2010; Nordlund & Reichard, 2006; A. M. Poole et al., 2002). 

Class III RNRs function under strict anaerobic condition and are homodimers (α2). A second protein 

β2, termed the activase (Tamarit et al., 1999), is necessary for activation of class III RNRs. The 

activase contains a Fe-S cluster, where a 5′-deoxyadenosyl radical is formed via cleavage of the 

cofactor S-adenosylmethionine. The produced radical is transferred to the homodimers α2 and stored 

as a stable glycyl radical (King & Reichard, 1995; Young et al., 1996). 

In previous research about efficient enzyme synthesis of deoxyribonucleosides, it has been 

found that biosynthesis of deoxyribonucleosides is possible from simple molecular materials such as 

glucose, acetaldehyde, and nucleobase by utilizing the function of enzymes in the DERA pathway 

known as a reversible nucleoside degradation system (Fig. 1-1) (Horinouchi et al., 2006a; Horinouchi, 

Sakai, et al., 2012). In the first step of deoxyribonucleoside (dNS) degradation metabolism, purine 

nucleoside phosphorylase (PNP) and thymidine phosphorylase (TP) catalyze the reversible 

phosphorolysis of dNSs to free base and 2-deoxyribose 1-phosphate (DR1P). In the next step, 

phosphopentomutase (PPM) catalyzes the transfer of phosphate group between the C1 and C5 carbons 

of ribose to generate 2-deoxyribose 5-phosphate (DR5P). Then, DR5P is cleaved into D-

glyceraldehyde 3-phosphate (G3P) and acetaldehyde; the former product is a direct intermediate in 

glycolysis. Therefore, dNS could be produced from glucose and acetaldehyde using reversible 

reactions of DERA pathway. 

Retrosynthesis of dNS by the DERA pathway suggests the possibility of biosynthesis of dNS 

and DNA not via RNR. The possibility would raise a question about the theory that "DNA is derived 

from RNA" in the RNA world hypothesis (A. M. Poole, 2011; A. M. Poole et al., 2014). In this study, 

as a first step to verify whether dNS supply by RNR can be substituted by other pathways, the growth 

conditions of RNR genes-disrupted E. coli BW38029 were investigated to construct a synthetic 

medium for this strain (Table 1-2). 

 

 

Fig. 1-1. Degradation and retrosynthesis of dNS by DERA pathway. 

DERA, deoxyriboaldolase; PPMase, phosphopentomutase; NPase, nucleoside phosphorylase 
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Table 1-1. The classes of RNR 

 ClassI ClassII ClassIII 

Operation Aerobic Aerobic ＆ anaerobic Anaerobic 

Structure α2β2 α or α2 α2 (activated by β2) 

Genes α：nrdA or nrdE nrdJ α：nrdD 

 β：nrdB or nrdF β：nrdG 

Metal site for Fe-O-Fe Co (in AdoCb1) 4Fe-4S 

radical formation 

Distribution Eubacteria, Eukaryotes Eubacteria, Archaea Eubacteria, Archaea 

 

Table 1-2. RNR in E. coli and the enzyme related to dNS metabolism 

Gene Enzyme Class Operation Essential or not 

nrdA Ribonucleoside-diphosphate reductase α-subunit Ia Aerobic E 

nrdB Ribonucleoside-diphosphate reductase β-subunit E 

nrdE Ribonucleoside-diphosphate reductase α-subunit Ib Aerobic E 

nrdF Ribonucleoside-diphosphate reductase β-subunit E 

nrdD Anaerobic ribonucleoside-triphosphate reductase III Strict N 

nrdG Anaerobic ribonucleoside reductase-activating protein anaerobic N 

 

Methods 

Strains and growth condition 

All strains and plasmids used in this study are listed in Table 1-3. E. coli K-12 strain 

BW38029 was used as the wild-type strain for all experiments. ΔRNR, E. coli BW38029 ΔnrdAB 

ΔnrdEF ΔnrdDG with pCDF-Mmdak (Table 1-3), was grown in 5 mL LB medium (1 % (w/v) NaCl, 

0.5 % (w/v) yeast extract, 1 % (w/v) tryptone with or without 2 % (w/v) agar) supplemented with 

0.05 % (w/v) deoxycytidine (dC). In case of ΔRNR transformants, LB media supplemented with 0.5 % 

(w/v) dC, 0.17 % (w/v) yeast nitrogen base without amino acid and ammonium sulfate (YNB), and 60 

nM Coenzyme B12 were used. The other strains were grown in 5 mL of LB media. Cultivation of E. 

coli was carried out at 37 °C with shaking at 300 rpm. MOPS minimal medium with 0.3 M glucose 

(Neidhardt et al., 1974) , and LB medium were used in growth test of ΔRNR. When necessary, 50 

µg/mL streptomycin, 50 µg/mL kanamycin, 10 µg/mL tetracycline, and 1 mM IPTG were added to 

the media. 
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Table 1-3. List of strains and plasmids used in this study 

 

pCDF-Mmdak and pKD-nrdAB construction 

A pTAKN-2 vector containing sequences of the tac promoter and codon-optimized Mm-dak 

(pTAKN-Mmdak) was ordered to Eurofins (supplementary file). pTAKN-Mmdak and pCDF-1b 

(Merck, Germany) were incubated with PfoI (TAKARA BIO INC., Japan) at 37 °C for 1 hour. The 

plasmids treated by PfoI were purified by gel extraction utilizing FastGne Gel/PCR Extraction Kit 

(NIPPON Genetics, Japan). These plasmids treated by PfoI were also similarly treated with XhoI 

(TAKARA BIO INC., Japan). pCDF-Mmdak was constructed by ligation of these plasmids treated 

with PfoI and XhoI by utilizing DNA ligation kit (TAKARA BIO INC., Japan). The vector sequence 

was confirmed by Sanger sequencing using pCDF-PfoI-f and T7r (Table 1-4). The vector obtained 

was used as pCDF-Mmdak. 

For construction of pKD-nrdAB, PCR was performed by Proflex PCR System (Thermo 

Fisher SCIENTIFIC, USA), and KOD FX (TOYOBO Corporation, Japan) was used as DNA 

polymerase. NrdAB-F and nrdAB-R were used as primers. The amplification conditions were 94 °C 

for 3 minutes, 35 cycles of 94 °C for 30 seconds, 51 °C for 30 seconds, and 72 °C for 5 minutes. The 

PCR product and pKD46 were incubated with SacI (TAKARA BIO INC., Japan) at 37 °C for 1 hour. 

pKD46-nrdAB was constructed by ligation of these fragments treated with SacI by utilizing DNA 

ligation kit (TAKARA BIO INC., Japan). The vector construction was confirmed by colony PCR. The 

vector obtained was used as pKD-nrdAB.  

Strain/plasmid Relevant genotype Source/reference 

BW38029 rnB3 φ (lacZp4105(UV5)-lacY)638 Backbone of ASKA collection,  

 ΔlacZhsdR514 Δ(araBAD)567 rph+ unpublished, Mori H ＆ colleagues 

ΔRNR BW38029 ΔnrdAB ΔnrdEF ΔnrdDG  This study 

 with pCDF-Mmdak 

pKD46 Lambda Red recombinase expression plasmid with ampr,  (Datsenko & Wanner, 2000) 

 useful in homologous recombination 

pKD-nrdAB nrdAB cloned downstream of exo of pKD46,  This study 

 used in gene disruption and nrdAB overexpression. 

 Ptac was inserted before the encoding region. 

pKD41 Containing a cat-PrhaB-ccdB cassette,  (Datsenko & Wanner, 2000) 

 used in amplification of cat-PrhaB-ccdB cassette 

pCDF-Mmdak Gene region encoding dak from Mycoplasma mycoides subsp.  This study 

 mycoides cloned between PofI and XhoI of pCDF; A PtacII  

 was inserted before the encoding region 

pACYC-pdc  Gene region encoding pdc from Zymomonas mobilis subsp This study 

 mobilis ATCC29191 (Brau & Sahm, 1986) cloned between  

 ScaI and PstI of pACYC177; A PtacII was inserted before the  

 encoding region 

pBR-deo  gene region encoding deoC, deoA, deoB, deoD from MG1655 This study 

 inserted at the PvuI site; A PtacII was inserted before each gene 
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Table 1-4. Primers used in this study 

 

  

Primer pairs Application 

ΔnrdEF1 5'-atgggtacgcaaagcgatatcgaaaacgttcgtaaagga For cloning of fragment 1-2 from pKD41, for 

 gtaaccgaattacccggatattatcgtgagg-3' nrdEF disruption 

ΔnrdEF2 5'-cgggaattatttccctgctgcgggtagtgatatttttgaaaa 

 taacacccaggttgaactgcggatcttg-3' 

ΔnrdEF3 5'-gaacggattcaggtagacgagccttacatc-3' For cloning of fragment 3-6 for nrdEF  

ΔnrdEF4 5'-tcagaaattccagtcttctgcggttgtcgttgccaa-3' disruption 

ΔnrdEF5 5'-ttggcaacgacaaccgcagaagactggaatttctga-3' 

ΔnrdEF6 5'-tcccgtgatataagggctgagagcaaatcg-3' 

ΔnrdEF7 5'- agcgttttatcgaacgtttaggtctgc -3' For cloning of fragment 7-8 for nrdEF  

ΔnrdEF8 5'- gcatgaatattgatgcgagcaaatcgc -3' detection 

ΔnrdDG1 5'-gcctttcccaatttctgtggataacctgttcttaaaaatatgg For cloning of fragment 1-2 from pKD41, for  

 agcgatcacccggatattatcgtgagg-3' nrdDG disruption 

ΔnrdDG2 5'-cgttaattcctcatttccctgttgcctgcactcaggtaacagg 

 gaacttaaggttgaactgcggatcttg-3'  

ΔnrdDG3 5'-catatcgctgtagcgcccgtcatccg-3' For cloning of fragment 3-6 for nrdDG  

ΔnrdDG4 5'-atgacaccgcatgtgatggtgcatcatttgcgatga-3' disruption 

ΔnrdDG5 5'-tcatcgcaaatgatgcaccatcacatgcggtgtcat-3' 

ΔnrdDG6 5'-ggcgcaagtcaaagacgcgttaacg-3' 

ΔnrdDG7 5'-ccggggttttgtctgtcagtatgt-3' For cloning of fragment 7-8 for nrdDG  

ΔnrdDG8 5'-tcggcgtcatttgctgctgatctcg-3' detection 

ΔnrdAB1 5'-gtctgcatgaaactattgcggaaagaattccaaaaacaggta For cloning of fragment 1-2 from pKD41, for  

 cgacatacacccggatattatcgtgagg-3' nrdAB disruption 

ΔnrdAB2 5'-atcctggcacagcagttgtgtgccagtgatgcgcagggtaac 

 gcgggccaaggttgaactgcggatcttg-3' 

ΔnrdAB3 5'-cttgtctgacctaaggtgcgcgaaagcca-3' For cloning of fragment 3-6 for nrdAB  

ΔnrdAB4 5'-tcagagctggaagttactcagcagattctgattcat-3' disruption 

ΔnrdAB5 5'-atgaatcagaatctgctgagtaacttccagctctga-3' 

ΔnrdAB6 5'-caggtgaaagcgtattactacgccatgta-3' 

ΔnrdAB7 5'- gtgatgactcgtgcttagatcaa -3' For cloning of fragment 7-8 for nrdAB  

ΔnrdAB8 5'- gcagaagctggttttcttgacctgga -3' detection 

nrdAB-F 5'-aacagagctcacatacatgaatcagaatctg-3' For cloning of fragment of nrdAB with SacI  

nrdAB-R 5'-aacggagctcatcagagctggaagttact-3' recognition sequence 

pKD46-mut-dec3 5'-caatggcgatgacgcatcctcacg-3' For cloning of downstream of exo of pKD46,  

pKD46-mut-dec4 5'-atctcaatggttcgttctcatggc-3' for pKD46 and pKD-nrdAB detection 

pCDF-PfoI-f 5'-ggttttgcgccattcgatgg-3' For sanger sequencing of pCDF-Mmdak 

T7-r 5'-gctagttattgctcagcgg-3' 

pdc-F  5’-caggcgaattcatgagttatactgtcggt-3’ (EcoRI) For cloning of pdc from Zymomonas mobilis. 

pdc-R 5’-ccggcaagcttctagaggagcttgttaacag-3’ (HindIII) Restriction enzyme sites were underlined. 

pACYC-pdc-F  5’-ccacgagtactgagctgttgacaattaatcatcg-3’ (ScaI) For cloning of pdc from pKK-pdc. 

pACYC-pdc-R  5’-atgcactgcaggtagaaacgcaaaaaggcc-3’ (PstI) Restriction enzyme sites were underlined. 
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Disruption of nrdAB, nrdEF, and nrdDG 

 A two-step homologous recombination method was employed to generate nrdEF disruption 

mutant. In the first step, a 2.2 kb fragment 1-2 containing 50 bp upstream of nrdE, a cat-PrhaB-ccdB 

cassette, and 50 bp downstream of nrdF was amplified from pKD41 (Datsenko & Wanner, 2000), and 

introduced into competent cells of E. coli BW38029 containing pKD46 (Datsenko & Wanner, 2000). 

Through homologous recombination, the nrdEF genes of the genome were replaced by the cat-PrhaB-

ccdB cassette (Fig. 1-2A). In the second step, a 700 bp fragment 3-6, composed of the upstream region 

of nrdE, the first 18 bp of nrdE, the last 18 bp of nrdF, and the downstream region of nrdF, was 

amplified by overlap extension PCR (Horton et al., 1989), and introduced into a competent mutant 

created in the first step. The inserted cat-PrhaB-ccdB cassette was replaced with fragment 3-6 through 

the second step homologous recombination (Fig. 1-2B). A scarless mutant only containing the first 18 

bp of nrdE plus the last 18 bp of nrdF was constructed. The nrdDG was disrupted in the same method. 

pCDF-Mmdak cloned deoxyadenosine kinase from Mycoplasma mycoides subsp. mycoides was 

introduced in Δ nrdEF/ Δ nrdDG for support the phosphorylation of dNS. The nrdAB of 

ΔnrdEF/ΔnrdDG with pCDF-Mmdak was disrupted using pKD-nrdAB. In order to confirm that no 

pKD-nrdAB remained in the obtained ΔRNR, pKD46 was introduced into the ΔRNR. Next, colony 

PCR was performed using ΔRNR into which pKD46 had been introduced as a template and primer 

pKD46-mut-dec3 and pKD46-mut-dec4. The strain, in which only a PCR product with a length unique 

to pKD46 was amplified, was treated as strains in which pKD46-nrdAB was removed. This strain was 

incubated at 37 °C on LB plate containing 0.5 % dC and pKD46 in this strain was removed because 

pKD46 is a temperature-sensitive plasmid. Finally, ampicillin sensitivity of this strain was confirmed 

by incubation of this strain on an LB plate containing 0.05 % dC and 50 µg/mL ampicillin. The strain 

that showed ampicillin sensitivity was used as ΔRNR in growth test. The list of primers used in this 

study was shown in Table 1-4. 

 

Fig. 1-2. Schematic representation of ΔnrdEF construction by overlap extension and homologous 

recombination. 
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A, fragment 1-2 cloned from pKD41 replaced nrdEF in the genome of E. coli BW38029. Strains that 

grew on the plate containing chloramphenicol were selected and examined, B, fragment 3-6 composed 

of the upstream region of nrdE, the first 18 bp of nrdE and the downstream region of nrdF, the last 18 

bp of nrdF, replaced the inserted cat-PrhaB-ccdB cascette to form ΔnrdEF. The ccdB is a lethal gene 

whose product targets DNA gyrase. Its protein is a potent cytotoxin and induces DNA strand breakage. 

A PrhaB, which is the rhamnose inducible promoter, located before ccdB, so the strain containing cat-

PrhaB-ccdB fragment in the genome could not grow in medium containing rhamnose. The ccdB was 

used to anti-select the nrdEF mutant after the second recombination. Only the strains that lost the cat-

PrhaB-ccdB could grow on a plate containing rhamnose. 

 

Construction of pdc overexpression vector and deo operon overexpression vector. 

To avoid direct supply of toxic acetaldehyde, the vector overexpressing pyruvate 

decarboxylase (pdc) was constructed. To construct the pdc overexpression vector, the genomic DNA 

of Zymomonas mobilis subsp. mobilis ATCC29191 (Brau & Sahm, 1986) was purified with DNeasy 

Blood &Tissue Kit (QIAGEN, USA), and the pdc gene was amplified with the purified genomic DNA 

as template, with primers pdc-F/R (Table 1-4). After digestion with EcoRI and HindIII, pdc was ligated 

downstream of PtacII in plasmid pKK233-3 digested with the same restriction enzymes to construct 

pKK-pdc. The PtacII–pdc cassette was amplified with primers pACYC-pdc-F/R (Table 1-4), digested 

with ScaI and PstI, and then ligated into pACYC177 digested with the same restriction enzymes to 

construct pACYC-pdc. 

The deo operon, which encoded the DERA pathway enzymes, was synthesized based on the sequences 

of MG1655 by Biomatik (USA) and inserted into pBMH at the PvuI site. To express all of the four 

genes efficiently, PtacII and T7 terminator were inserted before and after each gene respectively. After 

digestion with PvuI, the synthesized deo operon was ligated into pBR322 digested with the same 

restriction enzyme and dephosphorylated with bacterial alkaline phosphatase (E. coli C75) to construct 

pBR-deo. 

 

Colony PCR 

The bacteria were cultured on an LB plate (1 % (w/v) NaCl, 0.5 % (w/v) yeast extract, 1 % 

(w/v) tryptone, and 2 % (w/v) agar) containing 0.5 % (w/v) dC to obtain colonies. The colonies were 

suspended in 8 µL Milli Q water and incubated at 96 °C for 3 minutes. The suspension was centrifuged 

at 15,000 rpm for 1 minute. The supernatant (2.7 µL) was used for the reaction, and the total volume 

of the reaction solution was 10 µL. PCR was performed by Proflex PCR System (Thermo Fisher 

SCIENTIFIC, USA), and KOD FX (TOYOBO Corporation, Japan) was used as DNA polymerase. 

pKD-mut-dec3 and pKD-mut-dec4 were used as primers. The amplification conditions were 94 °C for 

2 minutes and 30 cycles of 98 °C for 10 seconds, 50 °C for 30 seconds and 68 °C for 225 seconds. 
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The PCR product was confirmed by agarose gel electrophoresis. 

 

E. coli transformation 

Transformation of E. coli was performed by electroporation. E. coli strains with knockout 

of all RNR genes were cultured overnight in LB media containing 0.05 % (w/v) dC. The cells were 

washed three times with ice-cold sterilized 10 % (v/v) glycerol and suspended in 100 µL ice-cooled 

sterilized 10 % glycerol to obtain electrocompetent cells. One µL of 10-40 (ng/µL) vector solution 

was added to 25 µL of this electrocompetent cell. The solution was transferred to a 1 mm gap cuvette. 

As the vectors, pCDF-Mmdak, pKD46, pKD-nrdAB, pACYC-pdc, and pBR-deo were used. An 

electric pulse of 1.8 kV for 5 ms was given to it using Multiporator (Eppendorf Corporation, Germany). 

Immediately after applying the electric pulse, 1 mL of LB media was added to the cells and incubated 

at 37 °C for 1 hour. The culture was centrifuged at 10,000 rpm for 1 minute to remove 800 µL of 

supernatant and then suspended. The suspension was applied to an LB plate (1 % (w/v) NaCl, 0.5 % 

(w/v) yeast extract, 1 % (w/v) tryptone, 2 % (w/v) agarose) containing 0.05 % or 0.5 % dC and cultured 

at 37 °C.  

 

Growth test 

The growth tests of ΔRNR were carried out using supplemented LB medium and MOPS 

minimal medium. For these tests, strains were pre-cultured in 5 mL of LB medium containing 0.05 % 

dC overnight, harvested by centrifugation, washed with LB medium or MOPS minimal medium, and 

then inoculated into 2 mL of LB medium or MOPS minimal medium at OD600 = 0.005. These tests 

were carried out at 37 °C with shaking at 300 rpm. Each 0.1 % (w/v) dNS (deoxyadenosine∙H2O (dA), 

deoxyguanosine∙H2O (dG), deoxyinosine (dI), thymidine (dT), dC, deoxyuridine (dU)), 0.1 % (w/v) 

deoxyribose (dR), amino acids (0.015 % (w/v) L-tyrosine, and 0.05 % (w/v) the other 19 kinds of L-

amino acids), 0.17 % (w/v) yeast nitrogen base without amino acids and ammonium sulfate (YNB), 

and/or vitamins (2 mg/L inositol, 0.4 mg/L nicotinamide, 0.4 mg/L pyridoxine HCl, 0.4 mg/L thiamine 

HCl, 0.4 mg/L calcium pantothenate, 0.2 mg/L riboflavin, 0.2 mg/L p-aminobenzoic acid, 2 µg/L folic 

acid, 2 µg/L biotin, and 60 nM coenzyme B12) were added when necessary. 50 µL culture was sampled 

and diluted with 150 µL MilliQ water followed by OD600 measurement utilizing SpectraMax ABS 

Plus (Molecular Devices, USA). The OD600 of three cultured media of the same composition was 

measured, and the average and standard error of the obtained OD600 were calculated. 

 

Enzymatic retrosynthesis of dNSs 

E. coli transformants [ΔRNR(pBR-deo, pACYC-pdc)] were cultivated in the medium 

described above with 1.0 mM IPTG at 37 °C overnight. The cells were harvested by centrifugation 

(3,000 rpm for 10 minutes), washed with 0.85 % NaCl, and prepared for reaction. Cells were stored at 
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−20 °C. The reaction mixture was 200 µL and included 600 mM glucose, 250 mM sodium pyruvate, 

100 mM adenine or cytosine (saturated), 24 mM MgSO4∙7H2O, 20 mM potassium phosphate buffer 

(pH 7.0), 1.0 mM MnCl2∙4H2O, 0.1 mM glucose 1,6-diphosphate, 1.0 % (v/v) xylene, and 15 % (w/v) 

wet cells of ΔRNR(pBR-deo, pACYC-pdc) or ΔRNR cells. The reactions were carried out at 30 °C 

with shaking at 120 rpm for 4 hours. The reaction mixture was mixed with ice cold methanol. After 

centrifuge (15,000 rpm for 10 minutes), the supernatant was used for dNS production analysis by 

HPLC. 

 

HPLC analysis of nucleobase and deoxyribonucleoside 

The analysis was performed by a Shimadzu LC-VP system (Shimadzu, Japan) equipped with 

COSMOSIL Packed column 5C18-AR-II 4.6ID×150 mm (Nacalai Tesque, Japan). Eluent A (10 mM 

ammonium acetate buffer (pH4.5)) and eluent B (acetonitrile) were used as the mobile phases at a flow 

rate of 1.5 mL/min. The column oven temperature was kept at 40 °C. The gradient program was as 

follows: 0 % B for 0−5 min, 0−5 % B for 5−10 min, 5−60 % B for 10−17.5 min, 60 % B for 17.5−22.5 

min, 60−0 % B for 22.5−25 min, 0 % B for 25−30 min. The injection volume was 10 µL. The eluted 

compounds were monitored with a UV detector at the absorbance of 254 nm. 

 

Results 

Construction of the ∆RNR of E. coli BW38029. 

To investigate the replacement of RNR by supplying dNS, nrdEF was deleted with the 

method described above. As shown in Fig. 1-2, the vast majority sequence of nrdE and nrdF was 

deleted, only the first 18 bp of nrdE and the last 18 bp of nrdF were reserved. Other genes, nrdDG and 

nrdAB, were also deleted in the same method. All the disruptions of RNR gene were certified by PCR 

(Fig. 1-3) and sequencing. pCDF-Mmdak was introduced to ΔnrdEF/ΔnrdDG strain for the support 

of dNS phosphorylation, followed by disruption of nrdAB. Finally, knockout status was confirmed by 

whole genome sequencing. 
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Fig. 1-3. Results of PCR with primers external to all three nrd operons in ΔRNR compared with 

the wild-type progenitor strain (BW38029).  

1 kb Plus DNA Ladder was used as marker. In lanes 1, 3, and 5, the total DNA of BW38029 was used 

as template; in lanes 2, 4, and 6 the total DNA of the ∆RNR was used as template. In lane 1 and 2 

primers for amplification of nrdAB were used; in lanes 3 and 4 primers for amplification of nrdEF 

were used; in lanes 5 and 6 primers for amplification of nrdDG were used. Lanes 1, 3, and 5, band 

sizes for all three operons in wild-type E. coli BW38029 (nrdAB 4471 bp, nrdEF 3694 bp, and nrdDG 

3502 bp). Lanes 2, 4, and 6, band sizes consistent with operon deletion (ΔnrdAB 857 bp, ΔnrdEF 616 

bp, and ΔnrdDG 777 bp) in the ΔRNR line. 

 

Growth of ΔRNR in the media supplemented with dNS. 

The growth of the mutant was tested and compared in the presence of dNS. The growth of 

ΔRNR in LB medium containing 0.02 % or 0.1 % dNS (dA, dG, dT, dC, or dU) was tested (Fig. 1-4). 

LB media containing 0.02 % or 0. 1% dC reached the OD600 of 1 or 1.2, respectively, whereas ΔRNR 

didn’t grow in the media containing other dNSs.  

On the other hand, in the MOPS medium, the growth was not recovered even when dC was 

added (Fig. 1-5). Therefore, the medium supplemented with not only dC but also YNB, coenzyme B12 

or amino acids was attempted, and the OD600 of the media supplemented with YNB reached 0.8 to 1.4. 

ΔRNR did not grow in the media supplemented with only coenzyme B12 or amino acids. However, 

adding amino acids to the YNB-containing medium accelerated the growth. No clear effect of 

coenzymeB12 on the growth of ΔRNR was observed in this experiment. Next, the replacement of 

YNB with the vitamins contained in YNB was attempted (Fig. 1-6). ΔRNR also grew in the media 

that contained vitamins instead of YNB. However, the standard error of OD600 was larger in the 

medium supplemented with vitamins than in the medium containing YNB. Furthermore, dNS 

requirement of ΔRNR was tested in MOPS media containing all the vitamins mentioned above (Fig. 
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1-7). Even in the MOPS medium containing the vitamins, ΔRNR strictly required dC, and OD600 

reached 0.45. The addition of other dNSs and dR did not restore the growth of the ΔRNR strain.  

In addition, the vitamin requirements of ΔRNR were also evaluated by culturing ΔRNR in 

MOPS media containing 9 out of the 10 types of vitamins mentioned above (Fig. 1-8) and MOPS 

media containing only 1 type of vitamins (Fig. 1-9). In the growth test of Fig. 1-8, OD600 of the medium 

containing all the vitamins reached 0.5. ΔRNR grew better in medium without inositol than in this 

medium (OD600 ≥ 0.7). OD600 of the medium without p-aminobenzoic acid was comparable to that of 

the medium containing all the vitamins. The growth of ΔRNR was slower on media without other 

vitamins than on the medium with all the vitamins, and in particular, the strain did not grow on the 

medium without nicotinamide. When only one vitamin was added to the medium, ΔRNR grew only 

in the medium supplemented with nicotinamide (OD600 ≈ 0.14). In the test of Fig. 1-9, OD600 of this 

medium was approximately half that of the medium supplemented with all the vitamins. From these 

results, it was suggested that the MOPS medium containing dC and nicotinamide was complete 

synthetic medium for ΔRNR. 

 

 

Fig. 1-4. dNS requirements of ΔRNR strains on LB medium. 

Growth was monitored for ΔRNR in the media supplemented with dA (red circle), dG (orange square), 

dT (green rhombus), dC (blue triangle), and dU (purple inverted triangle). Closed markers indicate the 

media with 0.1 % (w/v) dNS concentration, and open markers indicate the media with 0.02 % (w/v) 

dNS concentration. Grey dashed line shows the growth curve of the wild type in LB medium. 
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Fig. 1-5. Amino acids and vitamins requirements of ΔRNR strain in MOPS medium with 0.1 % 

(w/v) dC. 

Blue circle shows the medium without amino acids or YNB. Red square shows the medium containing 

YNB. Yellow rhombus shows the medium containing amino acids. Green triangle shows the medium 

containing YNB and amino acids. Closed markers indicate the media with 60 nM Coenzyme B12, and 

open markers indicate the media without Coenzyme B12.  

 

 

Fig. 1-6. The comparison of growth of ΔRNR in MOPS medium supplemented with YNB and 

medium supplemented with vitamins. 

Blue circle shows the medium with YNB. Orange square shows the medium with vitamins described 

in Methods. Both of them contained 0.1 % (w/v) dC and 60 nM Coenzyme B12. 
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Fig. 1-7. dNS and dR requirements of ΔRNR strains in MOPS medium containing all the 

vitamins mentioned in methods.  

Growth was monitored for ΔRNR in media supplemented with 0 % (w/v) dNS (grey cross, dash line), 

0.1 % (w/v) dA (closed red circle), 0.1 % (w/v) dG (closed orange triangle), 0.1 % (w/v) dI (closed 

yellow square), 0.1 % (w/v) dT (open green circle), 0.1 % (w/v) dC (open blue triangle), 0.1 % (w/v) 

dU (open purple square), 0.1 % (w/v) dR (brown cross).  

 

 

Fig. 1-8. Effects of vitamin deficiency on the growth of ΔRNR. 

The author evaluated the growth of ΔRNR in MOPS medium containing 0.1 % (w/v) dC and nine 

vitamins other than inositol (closed dark red circle), nicotinamide (closed red triangle), pyridoxine∙HCl 

(closed inverted triangle), thiamine∙HCl (closed yellow square), calcium pantothenate (closed pale 

green rhombus), riboflavin (open green circle), p-aminobenzoic acid (open pale blue triangle), folic 

acid (open blue inverted triangle), biotin (open purple square), or coenzyme B12 (open brown 

rhombus). At the same time as culturing on these media, culturing was also performed on media with 

or without all vitamins (black cross or grey cross with dash line), and the growth was evaluated. 
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Fig. 1-9. Vitamins requirements of ΔRNR strain in MOPS medium with 0.1 % (w/v) dC. 

Growth was monitored for ΔRNR in the media supplemented with inositol (closed dark red circle), 

nicotinamide (closed red triangle), pyridoxine∙HCl (closed inverted triangle), thiamine∙HCl (closed 

yellow square), calcium pantothenate (closed pale green rhombus), riboflavin (open green circle), p-

aminobenzoic acid (open pale blue triangle), folic acid (open blue inverted triangle), biotin (open 

purple square), or coenzyme B12 (open brown rhombus). At the same time as culturing on these media, 

culturing was also performed on media with or without all vitamins (black cross or grey cross with 

dash line), and the growth was evaluated. 

 

dNS production by ΔRNR overexpressing deo operon and pdc 

To produce dNS via DERA pathway in ΔRNR, deo operon which encoded the DERA 

pathway enzymes was overexpressed by pBR-deo. Moreover, to avoid direct supply of toxic 

acetaldehyde, pyruvate decarboxylase (pdc) was overexpressed by pACYC-pdc. dNS production from 

glucose, sodium pyruvate, and adenine or cytosine by ΔRNR overexpressing deo operon and pdc was 

evaluated. When adenine was used, synthesis of deoxyinosine (dI), but not deoxyadenosine (dA),  

was confirmed (Fig. 1-10-A). Hypoxanthine, a nucleobase of dI, was also identified. When using 

cytosine, synthesis of deoxyuridine (dU), but not dC, was confirmed (Fig. 1-10-B). Uracil, a 

nucleobase of dU, was also identified. 



16 

 

 

Fig. 1-10 HPLC analysis of dNS production via DERA pathway. 

HPLC analysis of the reaction mixture containing 100 mM adenine (A) and cytosine (B). A: The blue 

chart shows 1 mM dA. The orange chart shows 1 mM dI. The grey chart shows 1 mM adenine. The 

yellow chart shows 1 mM hypoxanthine. The light blue chart shows the reaction mixture with ΔRNR. 

The green chart shows the reaction mixture with ΔRNR(pBR-deo, pACYC-pdc). B: The blue chart 

shows 1 mM dC. The orange chart shows 1 mM dU. The grey chart shows 1 mM cytosine. The yellow 

chart shows 1 mM uracil. The light blue chart shows the reaction mixture with ΔRNR. The green 

chart shows the reaction mixture with ΔRNR(pBR-deo, pACYC-pdc). 
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Discussion 

At present, the RNA world hypothesis–preceding the origin of DNA and genetically encoded 

proteins, RNA was both genetic material and an important catalyst, and DNA originated from RNA– 

has become the dominant model for the biological understanding of the early evolution of life. Many 

observations support this hypothesis (Benner et al., 1989; Diener, 2003; Gierer & Schramm, 1956; 

Johnston et al., 2001; Nudler & Mironov, 2004; Talini et al., 2009), while many other observations 

contradict the hypothesis (Burton & Lehman, 2009; A. Poole et al., 2000; A. M. Poole & Logan, 2005; 

Schwarzer et al., 2003). Some reports have suggested that DNA could have a much earlier origin 

(Burton & Lehman, 2009; Dworkin et al., 2003; Heine et al., 2001). An efficient enzymatic process 

has been established in which dNSs is synthesized from glucose, acetaldehyde, and nucleobases 

through reverse deoxyriboaldolation (Horinouchi et al., 2006a, 2006b, 2009; Ogawa et al., 2003). This 

process is energy favorable and does not require multiple complex conversions. Therefore, one can 

easily imagine that primal organisms might favor this process for dNS synthesis at the beginning of 

life. The first and most important step for the verification of this hypothesis is to develop knockout 

strains that do not use RNR at all. In this study, a strain of E. coli BW38029 in which nrdAB, nrdEF, 

and nrdDG were disrupted was constructed. Then, the growth of the ΔRNR strain was evaluated in 

order to understand the physiological characteristics of ΔRNR strain and to construct its completely 

synthetic medium. 

A previous study evaluated the auxotrophy of the ΔRNR strain of E. coli B strain Rel606 

and reported that the addition of dC to the MOPS medium restored growth (Arras et al., 2023). In this 

study, the requirement of ΔRNR from BW38029 for not only dA, dG, dT, and dC, which were tested 

in our previous study, was investigated (Arras et al., 2023), but also dU, dI, and dR in MOPS medium 

containing vitamins (Fig. 1-7). This result indicates that only dC was used as a substrate for production 

of all four deoxyribonucleotides, and strongly supports the possibility shown in previous studies that 

dU is not a suitable substrate and deletion of cdd, which codes for cytidine deaminase, favors the 

survival of ΔRNR (Arras et al., 2023; Hosono & Kuno, 1973). On the other hand, the differences from 

ΔRNR strain of B strain Rel606 were observed. The ΔRNR strain of K-12 strain BW38029, like B 

strain Rel606, required only dC of dNS for growth, but the addition of only dC did not restore growth 

in MOPS medium, and vitamins were required for growth (Fig. 1-5). Even when these vitamins were 

added, dC was strictly required (Fig. 1-7). 

In addition, the requirement for each vitamin was investigated (Fig. 1-8, 9). These results 

indicated that nicotinamide is essential for the growth of ΔRNR and that several other vitamins also 

support the growth. Nicotinamide is an intermediate in the NAD+ and NADP+ salvage pathways, and 

NAD+ can be either converted from the intermediate via this salvage pathway or synthesized de novo 

from simple amino acid precursors such as tryptophan and aspartate (Belenky, Bogan, et al., 2007; 

Belenky et al., 2009; Belenky, Racette, et al., 2007; Bieganowski & Brenner, 2004; Borradaile & 
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Pickering, 2009; Dong et al., 2014; Foster & Moat, 1980; Gerdes et al., 2006; Kurnasov et al., 2002). 

Therefore, it is possible that the synthesis of NAD+ and NADP+ was suppressed in ΔRNR for some 

reason. In addition, the presence or absence of nicotinamide auxotrophy is a major difference between 

the ΔRNR of the BW38029 strain in this study and the ΔRNR of Rel606 in the previous study (Arras 

et al., 2023). This is thought to be due to the difference in genes between the K strain and the B strain 

of E. coli or the difference in the expression level of Mm-dak. It has been confirmed that B strains 

such as Rel606 and K strains have genetic differences (Studier et al., 2009). Also, in the case of ΔRNR 

from Rel606, expression of Mm-dak was confirmed even in the absence of IPTG, but not in ΔRNR 

used in this study. It is possible that these differences affect vitamin requirements. However, further 

work is necessary to identify the reason why ΔRNR from BW38029 required not only dC but also 

vitamins such as nicotinamide for its growth. 

A candidate alternative pathway for RNR is the deoxyribonucleoside synthesis pathway 

using the DERA pathway. dI and dU were synthesized by utilizing ΔRNR overexpressing deo operon 

and pdc (Fig. 1-10). This dNS synthesis system requires high concentrations of acetaldehyde 

(Horinouchi et al., 2006a; Horinouchi, Sakai, et al., 2012). However, high concentrations of 

acetaldehyde are toxic to living cells. Therefore, acetaldehyde was supplied from pyruvic acid by Pdc. 

The enzymes of this dNS synthetic pathway based on the DERA pathway were introduced into the Δ

RNR using the vectors. The dNS synthesis ability of this strain that highly expresses this alternative 

dNS synthesis pathway was confirmed by resting bacterial cell reaction (Fig. 1-10). As a result, dI and 

dU were synthesized from adenine and cytosine respectively as a nucleobase of substrate via this 

alternative dNS synthetic pathway. This is presumed to be the result of deamination of the nucleobase 

used as a substrate and the generated dNS. In fact, most of cytosine in the reaction mixture is 

deaminated (Fig. 1-10-B). In other words, it is necessary to suppress this deamination catalyzed by 

cytosine/isoguanine deaminase and cytidine/deoxycytidine deaminase in order to stably supply dC 

necessary for the growth of ΔRNR (Hitchcock et al., 2011; Vita et al., 1985). Moreover, the catalytic 

activity of thymidinephosphorylase in the reaction of deoxycytidine to cytosine and deoxyribose 1-

phosphate has not been confirmed (Panova et al., 2008). Therefore, there is a possibility that dC cannot 

be synthesized using this synthesis system. However, this problem may be solved by utilizing enzymes 

that synthesize dC from other dNS, such as nucleoside deoxyribosyltransferase-II (Cardinaud, 1978). 

In summary, as a first step to verify whether dNS supply by RNR can be substituted by other 

pathways, the synthetic medium for the ΔRNR strain was determined to be MOPS medium containing 

dC and nicotinamide. In addition, an alternative metabolic pathway for RNR via DERA pathway was 

proposed as the pathway shown in Fig. 1-11. 
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Fig. 1-11 Future plan of alternative metabolic pathway for RNR via DERA pathway. 
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Chapter 2 

Biochemical studies on microbial oxidative pyrimidine metabolism 

 

Section 1 

Gene identification and enzymatic characterization of the initial enzyme in pyrimidine oxidative 

metabolism, uracil-thymine dehydrogenase 

 

Abstract 

Uracil-thymine dehydrogenase (UTDH), which catalyzes the irreversible oxidation of uracil 

to barbituric acid in oxidative pyrimidine metabolism, was purified from Rhodococcus erythropolis 

JCM 3132. The finding of unusual stabilizing conditions (pH 11, in the presence of NADP+ or 

NADPH) enabled the enzyme purification. The purified enzyme was a heteromer consisting of three 

different subunits. The enzyme catalyzed oxidation of uracil to barbituric acid with artificial electron 

acceptors such as methylene blue, phenazine methosulfate, benzoquinone, and α-naphthoquinone; 

however, NAD+, NADP+, flavin adenine dinucleotide, and flavin mononucleotide did not serve as 

electron acceptors. The enzyme acted not only on uracil and thymine but also on 5-halogen-substituted 

uracil and hydroxypyrimidine (pyrimidone), while dihydropyrimidine, which is an intermediate in 

reductive pyrimidine metabolism, and purine did not serve as substrates. The activity of UTDH was 

enhanced by cerium ions, and this activation was observed with all combinations of substrates and 

electron acceptors. 

 

Introduction 

Four alternative pathways for pyrimidine degradation have been reported in biological 

systems (Fig. 2-1): the oxidative pathway, the reductive pathway, the pyrimidine utilization (rut) 

pathway, and the URC pathway. In the reductive pathway, pyrimidine is degraded to β-amino acid, 

ammonia, and CO2 via a dihydropyrimidine derivative (Syldatk et al., 1999; Vogels & Van der Drift, 

1976) (Fig. 2-1B). The reductive pathway is widely found in mammals, plants, bacteria, and archaea. 

This pathway has been studied in detail because of the usefulness of dihydropyrimidinase for the 

synthesis of β-amino acids, as well as optically active D-amino acids, via stereoselective 5′-

monosubstituted hydantoins hydrolysis by the enzyme, as well as optically active β-amino acids 

synthesis (Ogawa & Shimizu, 1997). Another route, the rut pathway, has been identified in Escherichia 

coli (Loh et al., 2006; Osterman, 2006; Piškur et al., 2007), in which uracil, added as a nitrogen source, 

is metabolized to 3-hydroxypropionic acid, ammonia, and CO2 (Fig. 2-1C). Lachancea kluyveri has 

the URC pathway, in which uracil is converted to urea via ribosyl-urea (Andersson Rasmussen et al., 

2014) (Fig. 2-1D). In the other route, the oxidative pathway, pyrimidine is degraded to urea and 

malonic acid via a barbituric acid derivative (Fig. 2-1A). The pyrimidine oxidative pathway was 
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reported in 1952 for the first time, in Mycobacterium, Corynebacterium, and Nocardia strains isolated 

from soil (Hayaishi & Kornberg, 1952; Lara, 1952). However, the precise understanding of oxidative 

pyrimidine metabolism was not established, and only the crude extracts of microorganisms were used 

in these studies. Building upon these works, a study on oxidative pyrimidine metabolism in the 

pyrimidine-assimilating microorganism, Rhodococcus erythropolis JCM 3132 was initiated (Soong et 

al., 2001b, 2002). The pyrimidine degrading activity of the strain had been revealed to be useful for 

enzymatic purine nucleoside production using nucleoside phosphorylase by controlling the reaction 

equilibrium by pyrimidine decomposition. Preliminary reports on the oxidative metabolism in this 

strain revealed that barbiturase catalyzing amide hydrolysis of barbituric acids to ureidomalonic acid 

and ureidomalonase, a ureidomalonic acid hydrolase, are involved in this pathway. 

To date, however, there have been no studies on the physiological characteristics of uracil-

thymine dehydrogenase (UTDH), which catalyzes the initial reaction of this pathway because of its 

unstable features. In this paper, the author report UTDH purification, identification of UTDH gene, 

and properties of the purified UTDH in detail.  

 

 

Fig. 2-1 Microbial metabolism of pyrimidine bases. 

(A) Oxidative pathway (Hayaishi and Kornberg 1952; Lara 1952; Soong et al. 2001; Soong et al. 2002), 

(B) reductive pathway (Vogels and Drift 1976; Syldatk et al. 1999), (C) pyrimidine utilization (rut) 

pathway (Loh et al. 2006; Piskur et al. 2007; Osterman 2006), and (D) URC pathway (Rasmussen et 
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al. 2014). 

 

Methods 

Microorganisms and cultivation 

Rhodococcus erythropolis JCM 3132 was cultured at 28 °C for 4 days, with shaking in 

uracil-rich medium (Soong et al., 2001b). In necessary, 25 µg/mL of chloramphenicol was added. 

 

UTDH activity assay 

The UTDH activity was assayed in the 100 µL reaction mixture (100 mM Tris/HCl (pH 8.5), 

5 mM uracil, 1 mM methylene blue, and an aliquot of enzyme). The reaction mixtures were incubated 

at 30 ° C for 30 min. HPLC analysis for uracil and barbituric acid was performed as described 

previously (Soong et al., 2001b). One unit of enzyme activity is defined as the amount of enzyme that 

catalyzed the consumption of substrate at the rate 1 µmol/min under the standard assay conditions. 

 

Stability of UTDH 

Frozen cells (20 % (w/v) were suspended in various buffers (25 mM potassium phosphate, 

pH 7.0; 25 mM borate/NaOH, pH 10.3; 25 mM borate/NaOH, pH 11.6) with 0.5 mM NADPH or 

NADH at 4 °C. The cell suspensions in the above buffers were disrupted by ultrasonication at 4 °C 

for 20 min and then centrifuged at 14,000 × g for 60 min. The UTDH activities in the resulting 

supernatants of cell-free extracts (CFE) were monitored daily using standard enzyme assay conditions 

(described above). Optimal conditions for UTDH stability were used for purification of UTDH. 

 

Purification of UTDH 

All purification steps were carried out at 0–5 °C. The buffer used was 25 mM borate/NaOH 

(pH 11.6) containing 0.1 mM NADPH and 0.1 mM DTT. Washed cells (20 g) from 10 L of uracil-rich 

medium were harvested by centrifugation (10,000 × g at 4 °C) and suspended in 20 mL of buffer. The 

suspension was disrupted with 0.25- to 0.5-mm diameter glass beads (Dyno-Mill KDL, W. A. 

Bachofen, Switzerland) at 5 °C for 25 min. After the centrifugation (10,000×g at 4°C), the resulting 

supernatant was used as the CFE. The CFEs were then injected to a DEAE-Sephacel column (2.5 × 

40 cm) previously washed by 1 L of the buffer. The elution program is a linear gradient of NaCl 

concentration 0–1M., and the UTDH activity of fractions was confirmed in the standard condition. 

NaCl was added to the fractions with UTDH activity to a final concentration of 4M, and the resulting 

enzyme solution was injected to a phenyl-Sepharose CL-4B column (2.5 × 20 cm) washed by the 

buffer with 4 M NaCl. The elution program is a decreasing salt gradient (4–0 M NaCl). The active 

fractions were concentrated by ultrafiltration using a molecular weight 10,000 cutoff membrane. The 

enzyme solution was injected to a Superdex 200 HiLoad 16/600 (1.6 × 60 cm) washed by buffer 
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containing 0.2 M NaCl, and then eluted with the same buffer. The fractions with UTDH activity were 

dialyzed against 5 L of the buffer for 12 h. The resulting enzyme was applied to a MonoQ HR5/5 

column (0.5 × 5 cm) previously washed by the buffer, followed by the elution of enzyme with a linear 

salt gradient (0–1 M NaCl). The fractions with UTDH activity were applied to a Superose-6 column 

(0.1 × 30 cm) previously washed by the buffer with 0.2 M NaCl. The enzyme was eluted with the 

same buffer, and the fractions with UTDH activity were utilized for characterization. 

 

Protein and gene analyses 

 Protein concentration measurement, molecular mass analysis of proteins by gel-permeation 

high-performance liquid chromatography, SDS-PAGE, preparation of internal peptides for sequencing, 

amino acid sequencing determination of NH2-terminal and internal amino acid sequences, and DNA 

manipulation and sequencing were performed as described previously (Soong et al., 2002). 

 

Cofactor analysis 

The purified UTDH (150 mg/mL) was dialyzed against 25 mM Tris/HCl (pH 7.5). The 

absorption spectrum of the dialyzed enzyme was measured with a microplate reader (Spectra Max 190, 

Molecular Devices). Fifty µL of UTDH was precipitated with 10 µL of 15 % (v/v) perchloric acid, 

followed by neutralization with 10 µL of 1 M potassium phosphate (pH 7.0). The supernatant was 

subjected to flavin analysis by HPLC (Shimadzu, Japan) equipped with an ion-exchange (QAE-2SW 

TSK-gel, 4.6 × 250 mm, Tosoh, Japan) eluted with 150 mM KH2PO4 (pH 2.5) at a flow rate of 1.0 

mL/min at 40 °C. The cofactors were identified and quantified based on the retention times and peak 

area of the standard compounds, i.e., FAD (13.5 min), flavin mononucleotide (FMN, 10.3 min), and 

riboflavin (4.4 min). 

 

PCR and inverse PCR 

Two primers (5-tggga(t/c)ggnga(t/c)ga(a/g)aa(t/c)acnttnacntt(t/c)tgg-3, and 5-

(a/g)aangcngt(t/c)tg(a/g)tgncc(t/c)tgncc(t/c)tg-3, where n = any base) were produced based on two 

internal peptide sequences, WDGDENTLTFW and QGQGHQTAFA, respectively. PCR was 

performed as described previously (Soong et al., 2002), except that primers and PCR cycles. Above 

primers and Thermoblock T-Gradient (Biometra, Germany) was used for PCR. The PCR conditions 

were 94 °C for 5 minutes, 30 cycles of 94 °C for 1 minute, 60 °C for 2 minutes and 72 °C for 3 minutes, 

and 72 °C for 5 minutes. The 900 bp PCR product was ligated into a TA cloning vector pCR2.1 

(Invitrogen), yielding pCR-UTDH1. The electroporation was performed by a Bio-Rad Gene-Pulser 

for the transformation into E. coli JM109. Screening for positive transformants was performed by 

EcoRI treatment of purified plasmid. The 900-bp insert was confirmed by sequencing with M13 

forward and reverse primers.  
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The inverse PCR was performed for the cloning of the upstream and downstream regions 

flanking the inserted gene. The genomic DNA was separately treated with several restriction enzymes, 

the restriction sites of which did not exist in the cloned 900-bp gene. A BamHI digest of 4.6-kbp was 

selected by Southern blot analysis. One µg/mL of genomic DNA was then treated with BamHI 

followed by self-ligation. PCR of this ligated DNA was performed utilizing two primers (S1, 5-

agaagctcatcgactgggacggatt-3, and AS1, 5-gggtgaacgatcttgacgccgaatccac-3). The 4.6-kb PCR 

product was purified, ligated into a TA cloning vector, followed by the transformation into E. coli 

JM109. The screening for positive colonies was performed by colony hybridization. The resulting 

cloned plasmid, pCR-UTDH2, was isolated and sequenced. 

 

Construction of UTDH overexpression strain 

The UTDH gene (Accession number: AB250759.1) was amplified by PCR using the 

following primers: 5′- 

TGTTTAACTTTAAGAAGGAGATATACCATGAAACCGTCGCCGCTGAC-3′ and 5′- 

TGGTGATGGTGATGCTCGAGAGATCTATCATGCATTCTCCTCTGATG-3′. PrimeSTAR Max 

DNA polymerase (Takara, Shiga, Japan) was utilized for PCR. The PCR conditions were 94 °C for 1 

minutes, and 30 cycles of 98 °C for 10 seconds, 69 °C for 5 seconds, and 72 °C for 20 seconds. 

pTipQC1 (Hokkaido System Science, Hokkaido, Japan) was treated with HindIII and NcoI, followed 

by the purification by gel electrophoresis. The digested product combined with the PCR products 

utilizing NEBuilder HiFi DNA Assembly (New England Biolabs, Massachusetts, USA). The resulting 

plasmid, pTipQC1/UTDH, was transformed into Rhodococcus erythropolis L88 (Hokkaido System 

Science, Hokkaido, Japan). 

 

Homologous expression of recombinant UTDH 

The Rhodococcus erythropolis pTipQC1/UTDH was cultivated in 5 mL of pre-culture LB 

medium at 28 °C with shaking at 300 rpm for overnight. The resulting pre-culture was inoculated into 

90 mL of LB medium with 0.2 mg/L of FeSO4·7H2O, Na2MoO4·2H2O, MnSO4·nH2O, CuSO4·5H2O, 

and ZnCl2. The main culture was incubated at 28 °C with shaking at 120 rpm for 3 h, followed by the 

addition of 0.2 µg/mL of thiostrepton to the main culture. After the addition of thiostrepton, the culture 

was incubated at 28 °C with shaking at 120 rpm for 1 day. The transformed cells were harvested from 

200 mL of culture and suspended in 20 mmol/L potassium phosphate pH 8.0 at twice volume of the 

cell weight. The cell suspension (400 µl) and 0.4 g of 0.1 mm low-alkaline glass beads were mixed in 

tube and treated with Multi-beads shocker (Yasui Kikai, Osaka, Japan) under the following conditions: 

temperature, 0 °C; speeds of rotation, 2,500 rpm; time program, ON TIME 60 s, OFF TIME 60 s, 6 

cycles. The cell debris was removed by centrifugation at 1,700 g for 15 min. The resulting supernatant 

was used as the CFE. 
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CFE reaction was carried out at 30 °C with shaking at 1000 rpm for 2 h. The reaction mixture 

contained 5 mM uracil, 1 mM methylene blue, and 10 % (v/v) of CFE in 20 mmol/L potassium 

phosphate pH 8.0. 

 

Results 

Stabilization of UTDH activity in the CFE 

Unstable feature of UTDH activity in the CFE made impossible its purification. For UTDH 

purification, various conditions were examined to retain the enzyme activity (pH and coexistence of 

cofactors and substrates). UTDH activity completely disappeared after 4 days when the CFE were kept 

in 25 mM potassium phosphate buffer (pH 7.0) at 4 °C. UTHD activity was stable at unusual alkaline 

conditions, over pH 10.5, with the presence of NADP+ or NADPH (Fig. 2-2). Enzyme purification 

was carried out in 25 mM borate/NaOH (pH 11.6), in the presence of NADPH. 

 

 

Fig. 2-2 Effects of pH and NADPH/NADP+ on the stability of UTDH. 

Frozen cells (20 %, w/v) were suspended in each 25 mM buffer without or with the presence of 0.5 

mM NADPH or NADP+. The cell suspension was then subjected to sonication, and cell-free extracts 

were obtained after centrifugation. UTDH activity in the cell-free extracts was monitored daily. 

 

Electron acceptors 

The effects of electron acceptors on uracil oxidation to barbiturate by UTDH were examined 

using cell-free extracts of R. erythropolis JCM 3132 as the enzyme source under standard enzyme 

assay conditions. It was found that methylene blue, phenazine methosulfate, benzoquinone, -

naphthoquinone, and dichlorophenolindophenol served as electron acceptors, whereas FAD, flavin 

mononucleotide (FMN), NAD+, and NADP+ did not (Table 2-1). Further analysis was conducted with 

methylene blue as a standard electron acceptor. 
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Table 2-1 Effect of electron acceptors 

Electron acceptors Relative activity (%) 

Methylene blue 100  

Phenazine methosulfate 79  

Benzoquinone 31  

α-Naphthoquinone 41  

Dichlorophenolindophenol 12  

FAD 1  

FMN 5  

NAD+ 0  

NADP+ 1  

None 5 

Reactions were performed using standard enzyme assay conditions (described in Methods) with each 

electron acceptor (1 mM). 

 

Purification, molecular weight, and cofactor contents 

Using 25 mM borate/NaOH (pH 11.6) containing 0.1 mM NADPH and 0.1 mM DTT as a 

purification buffer, UTDH was purified by column chromatography with activity detection by 

barbituric acid generation from uracil with methylene blue as an electron acceptor. The overall yield 

of purified UTDH was 10 % and the specific activity was increased by 320-fold (Table 2-2). When 

analyzed by gel-permeation high-performance liquid chromatography (HPLC) using a G3000SW 

column, a symmetrical peak of purified enzyme was observed. In comparison with marker proteins, 

the relative molecular mass of the native enzyme was estimated to be over 290,000. Analysis of the 

purified enzyme by SDS-PAGE revealed three different protein bands with relative molecular mass of 

90,000 (large subunit; L-subunit), 35,000 (medium subunit; M-subunit), and 25,000 (small subunit; S-

subunit) (Fig. 2-3A). These results indicated that the native enzyme consists of three different subunits.  

It was expected that this enzyme contained flavin because the absorption spectrum of the 

purified enzyme showed maximum absorbance at 440 nm (Fig 2-3B). The centrifuged supernatant of 

the enzyme solution treated with perchloric acid was analyzed by HPLC. The results revealed that this 

enzyme contained 1.7 moles of FAD per mole of protein. 
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Fig. 2-3 SDS-PAGE and UV-Vis spectrum of purified UTDH. 

 

Table 2-2 Purification of UTDH from Rhodococcus erythropolis JCM 3132 

Step Total protein Total activity Specific activity Recovery Fold 

 (mg) (µmol/min) (µmol/min/mg) (%) 

Cell-free extracts 323 8.58 0.027 100 1 

DEAE-sephacel 39.0 20.6 0.53 240 20 

Phenyl-sepharose 4.20 10.1 2.40 117 89 

Superdex S-200 1.00 8.38 8.38 98 310 

MonoQ HR 5/5 0.25 2.25 9.00 26 330 

Superose S-6 0.10 0.86 8.60 10 320 

Purification buffer: 25 mM Borate/NaOH with 0.1 mM NADPH and 0.1 mM DTT, pH 11.8 

 

Gene cloning and sequencing 

UTDH’s N-terminal and internal amino acid sequences were obtained. The N-terminal 

amino acid sequence of the M-subunit was MKPSPLTYHRPSSVEDA and the internal amino acid 

sequences of the L-subunit were IGKPIPREEDTRLLSGQGRYLDDLGHNA, 

AATGLTTQGQGHQTAFAQIVADDLGVK, and 

VSDVEIVTGDTRRFGYAVGTFASRGAVMSGSAFHVA. These amino acid sequences showed 

significant homologies with those of carbon monoxide dehydrogenase (CODH from Pseudomonas 

carboxydovorans), xanthine dehydrogenase (XDH from Sulfolobus solfataricus), nicotine 

dehydrogenase (NDH from Arthrobacter nicotinovorans), and quinoline 2-oxidoreductase (from 

Pseudomonas putida). 

Using degenerate primers derived from the internal peptide sequences of UTDH, the UTDH 
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gene fragments were amplified by PCR. Based on the gene sequences of these fragments, the complete 

sequence of three ORFs was obtained (total length of 4,069 bp) by the inverse PCR approach. The 

complete gene and amino acid sequences of UTDH were determined (AB250759.1). The FAD-binding 

sites, GGQSL and LGGS, were found in the amino acid sequence of the M-subunit. Two [2Fe-2S] 

cluster binding motifs, C-X4-C-X2-C-Xn-C and C-X2-C-Xn-C-X1-C, were found in the amino acid 

sequence of the S-subunit (Wang et al. 2016). The molybdenum-binding consensus sequence, GGGFG, 

in the amino acid sequence of the L-subunit, is a dinucleotide-binding motif assigned to the 

molybdopterin cytosine dinucleotide (MCD)-type molybdenum cofactor. 

 

Homologous expression of UTDH 

 SDS-PAGE of recombinant R. erythropolis expressing UTDH showed gene expression of 3 

subunits of UTDH (Fig. 2-4). However, the recombinant R. erythropolis showed no activity if metal 

solution described in Materials and methods was not added to culture medium. The addition of metal 

solution was necessary for the active expression of UTDH. 

As a result of HPLC analysis, R. erythropolis expressing UTDH produced barbituric acid 

from uracil, but not the vector control (Fig. 2-5). Therefore, the UTDH candidate gene (Accession 

number: AB250759.1) was confirmed to be the UTDH gene. 

 

 

Fig. 2-4 Homologous expression of UTDH by pTip vector 

A: Vector map of pTip-QC1-UTDH for homologous expression. B: SDS-PAGE analysis of CFE of R. 

erythropolis L88 expressing UTDH. 
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Fig. 2-5 HPLC analysis of reaction mixture incubated with CFE of R. erythropolis L88 expressing 

UTDH 

 

Effects of pH and temperature 

UTDH activity and stability were confirmed in sodium acetate, potassium phosphate, 

Tris/HCl, HEPES/NaOH, borate/NaOH, and glycine/NaOH buffer systems (100 mM), at pH 5.0, 7.0–

8.0, 7.5–9.2, 7.0–8.0, 9.0–10.2, and 9.0–10.7, respectively, using purified enzyme. The activity was 

highest in Tris/HCl buffer, pH 7.5 and 8.5 (Fig. 2-6C). When the enzyme was incubated at 30 °C for 

30 min at pH 6.5–12.0, more than 80 % of the initial activity was retained (Fig. 2-6D). The initial 

velocity of the oxidation of uracil increased with temperature, reaching a maximum at 50 °C (Fig. 2-

6A). More than 80 % of the initial activity was retained when the enzyme was incubated at pH 8.0 for 

30 min at temperatures lower than 50 °C (Fig. 2-6B).  
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Fig. 2-6 Effect of reaction temperature and pH on activity and stability of UTDH 

A. Effect of reaction temperature B. Thermal stability C. Effect of pH. Sodium acetate (pH 5.0), closed 

circle; potassium phosphate (pH 7.0–8.0), closed square; Tris/HCl (pH 7.5–9.2), closed triangle; 

borate/NaOH (pH 9.0–10.2), closed diamond; glycine/NaOH (pH 9.0–10.7), open circle. D. pH 

stability. Sodium acetate (pH 4.0–5.0), closed circle; potassium phosphate (pH 6.4–8.0), closed square; 

Tris/HCl (pH 7.5–9.2), closed triangle; borate/NaOH (pH 9.0–11.0), closed diamond; glycine/NaOH 

(pH 10.0–12.0), open circle. 

 

Substrate specificity and kinetic constants 

The purified enzyme catalyzed the oxidation of uracil and thymine as well as 5-substituted 

uracils and 4-(3H)-pyrimidone (Table 2-3). The following compounds were not transformed by the 

purified enzyme: dihydrouracil, dihydrothymine, dihydroorotate, orotate, cytosine, barbiturate, 6-

azauracil, 6-methyluracil, 6-aminouracil, xanthine, and nicotine. The Km, Vmax, and Vmax/Km values for 

uracil were 0.83 (mM), 8.5 (µmol/min/mg), and 10.24, respectively. The Km, Vmax, and Vmax/Km values 

for thymine were 0.71 (mM), 8.3 (µmol/min/mg), and 11.69, respectively. 
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Table 2-3 Substrate specificity and kinetic contents of UTDH 

Substrate Relative Km Vmax Vmax/Km 

(5 mM) activity (%) (mM) (µmol/min/mg) 

Uracil 100 0.83 8.5 10 

Thymine 70 0.71 8.3 12 

5-Ethyluracil 4 - - — 

5-Propyluracil 20 - - — 

5-Fluorouracil 23 - - — 

5-Chlorouracil 30 - - — 

5-Bromouracil 19 - - — 

5-Trifluoromethyluracil 19 - - — 

5-Nitrouracil 2 - - — 

4-(3H)-Pyrimidone 6 - - — 

Reactions were performed using the standard enzyme assay conditions (described in Materials and 

Methods) but varying substrates. 

 

Effects of inhibitors and metal ions 

Enzyme activity was assayed under standard conditions in the presence of various enzyme 

inhibitors and metal ions (2 mM; Table 2-4). Among the SH-reagents tested, p-chloromercuribenzoate 

and sodium arsenate completely inhibited enzyme activity, while iodoacetate, N-ethylmaleimide, and 

5,5′-dithiobis (2-nitrobenzoate) showed 11, 50, and 73 % inhibition, respectively. As for metal-binding 

reagents, KCN and NaN3 showed 98 % and 66 % inhibition, respectively. The enzyme was sensitive 

to metal ion chelators such as o-phenanthroline (1,10-phenanthroline), ,′-dipyridyl (2,2′-bipyridyl), 

and 8-hydroxyquinoline (8-quinolinol). Enzyme activity was inhibited by Cu2+, Zn2+, Co2+, Cd2+, Hg2+, 

and Pd2+, while it was enhanced by Ce4+. The following metals had no effect on UTDH activity: K+, 

Cs+, Rb2+, Ca2+, Mn2+, Mg2+, Be2+, Sr2+, Cr3+, Mo6+, La3+, Nd3+, Sm3+, and Pr3+. 
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Table 2-4 Effect of inhibitors and metal ions on UTDH activity 

Compound (2 mM) Relative activity (%) 

None 100 

SH-reagent 

 Iodoacetate 89 

 p-Chloromercuribenzoate 0 

 N-Ethylmaleimide 50 

 5-5′-Dithiobis(2-nitrobenzoate) 27 

 Sodium arsenate 0 

Carbonyl reagent 

 NH2OH 32 

 Hydrazine 52 

Metal-binding agents 

 KCN 2 

 NaN3 34 

Metal ion chelator 

 EDTA 109 

 o-phenanthroline 86 

 α,α′-Dipyridyl 79 

 8-Hydroxyquinone 50 

Metal ion 

 CuSO4 6 

 ZnSO4 16 

 CoCl2 5 

 CdCl2 65 

 HgCl2 0 

 PbCl2 53 

 Ce(SO4)2 156 

Reactions were performed using the standard enzyme assay conditions (described in Methods) with 

listed compounds (2 mM). The following metals had no effect on activity of UTDH: KCl, CsCl, RbCl, 

CaCl2, MnCl2, MgCl2, BeSO4, SrCl2, CrCl3, and Na2MoO4. 

 

Effect of cerium ions 

Because UTDH activity was enhanced in the presence of tetravalent cerium ions, the effect 

of trivalent cerium ions was investigated (Table 2-5). The largest increase in activity was observed 

with 0.5 mM CeCl3.  
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Enzyme activity in the presence of 0.5 mM CeCl3 was further evaluated with various 

electron acceptors and substrates (Table 2-6). Using uracil as the substrate and methylene blue, 

phenazine methosulfate, benzoquinone, or α-naphthoquinone as the electron acceptor, the addition of 

CeCl3 increased the enzyme activity in the range of 1.6- to 5.4-fold. With methylene blue as the 

electron acceptor and uracil, thymine, or 5-fluorouracil as the substrate, the addition of CeCl3 increased 

the activity in the range of 2.5- to 5.3-fold. 

The time course of the reaction in the presence of CeCl3 (0.5 mM) was monitored using 

uracil and methylene blue as the substrate and the electron acceptor, respectively. With the decrease in 

the substrate, the reaction velocity decreased in the absence of CeCl3. While in the presence of CeCl3, 

this decrease in the reaction velocity was not observed, and the initial velocity of the reaction was 

maintained during the reaction (Fig. 2-7). 

 

 

Fig. 2-7 Time course of UTDH reaction in the presence of Ce3+.  

Reactions were carried out using the standard enzyme assay conditions in the presence or absence of 

CeCl3 (0.5 mM). The triangle depicts barbituric acid production in the presence of Ce3+. The circle 

depicts barbituric acid production in the absence of Ce3+. The square depicts uracil consumption in the 

absence of Ce3+. The diamond depicts uracil consumption in the presence of Ce3+. 
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Table 2-5 Comparison of Ce3+ and Ce4+ on UTDH activity 

Cerium ion Relative activity (%) 

None 100 

CeCl3·7H2O (1 mM) 158 

CeCl3·7H2O (0.5 mM) 175 

Ce(SO4)2·4H2O (1 mM) 160 

Ce(SO4)2·4H2O (0.5 mM) 164 

Reactions were performed using the standard enzyme assay conditions (described in Methods) with 

different forms and concentrations of cerium ions. A decrease in the amount of substrate without Ce3+ 

or Ce4+ was defined as 100 %. 

 

Table 2-6 Effect of cerium ions on UTDH activity 

 Electron acceptor test Substrate test 

Cerium ion (0.5 mM) − + Cerium ion (0.5 mM) − + 

Electron acceptor Relative activity (%) Substrate Relative activity (%) 

Methylene blue 100 316 Uracil 100 388 

Phenazine methosulfate 100 539 Thymine 100 533 

Benzoquinone 100 159 5-Fluorouracil 100 250 

α-Naphthoquinone 100 191 

Reactions were performed using standard assay conditions (described in Methods). 

In the electron acceptor test, uracil was fixed as the substrate. In the substrate test, methylene blue 

was fixed as an electron acceptor. The amount of the product without Ce3+ was defined as 100 %. 

 

Discussion 

The information on oxidative pyrimidine metabolism available has been limited (Hayaishi 

& Kornberg, 1952; Lara, 1952), and the physiological properties of each enzyme involved in the 

metabolism have not yet been revealed. R. erythropolis, a microorganism that assimilates uracil as a 

carbon source, is a potent organism for the analysis of pyrimidine metabolism. Preliminary studies on 

metabolism using the CFE of this strain revealed that NAD(P)H didn’t enhance uracil decomposition 

and urea was a degradation product of uracil via barbituric acid as an intermediate. Based on these 

observations, it was hypothesized that pyrimidine was assimilated through the oxidative pathway in 

this organism. In chapter 2-1, the detailed physicochemical properties of UTDH that catalyze the first 

step of its metabolism were described. 

A challenge of this UTDH study was the instability of the enzyme; thus, the conditions for 

stabilizing UTDH were firstly established. The conditions that were established were unusual in that 

the enzyme required alkaline conditions (pH 11.6) and NADP+ as a stabilizer. These conditions, while 
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not optimal for the activity, enabled us to purify UTDH. The highly alkaline conditions may contribute 

to stabilizing UTDH by suppressing the activity of other enzymes, including proteases. Additionally, 

NADP+ may contribute to enzyme stabilization by assisting in UTDH complex formation because it 

is not involved in the reaction. The role of these conditions in UTDH stability will be of interest for 

further research. 

It was found that artificial electron acceptors such as methylene blue are required for UTDH 

activity. These are electron acceptors with a positive redox potential, and it is possible that electron 

acceptors with a positive redox potential, such as quinones, are involved in reactions in vivo. 

The genes of UTDH are located in 6,126,824..6,129,346 (L-subunit), 6,129,343..6,129,987 

(S-subunit), and 6,129,990..6,130,892 (M-subunit), and these are far from any genes involved in the 

biosynthesis of nucleobases, such as aspartate carbamoyltransferase catalytic subunit 

(2935360..2936304), dihydroorotase (2936301..2937638), and dihydroorotate dehydrogenase 

(3203920..3204990). As a result of a blast search based on the sequence of the L-subunit, it was found 

that the other Rhodococcus species, such as R. kyotonensis and R. qingshengii, had aerobic carbon-

monoxide dehydrogenase large subunit (90.7 %, and 99.88 % identity). This indicates that 

Rhodococcus species generally have UTDH activity. Complete gene and amino acid sequences of 

UTDH were deposited as AB250759.1 in 2008. However, the function of UTDH was not understood 

at that time, and this paper is the first to report the function of UTDH. 

 

Structural analysis of UTDH indicated that the subunit composition is L2M2S2 or L2M2S1 

form, containing 1.7 moles of FAD per mole enzyme (M-subunit), iron-sulfur cluster (S-subunit), and 

molybdenum (L-subunit). UTDH belongs to the xanthine oxidase family, but none has been reported 

to catalyze the oxidation of pyrimidine bases. Molybdopterin, FAD, and iron-sulfur clusters are usually 

associated with these enzymes (Hille et al., 2014). For this type of enzyme, the subunit containing the 

molybdenum-binding site directly binds to the substrate. Therefore, the L-subunit sequence of UTDH 

was compared with those from proteins stored in UniProtKB/Swiss-Prot (Swiss-Prot) using BLAST 

software and revealed significant homology (35 % identity, Fig. 2-8) with caffeine (1,3,7-

trimethylxanthine) dehydrogenase in Pseudomonas sp. CBB1 (Yu et al., 2008). Pseudomonas sp. 

caffeine dehydrogenase is also a heterotrimer with αβγ subunits, and the catalytic function of caffeine 

dehydrogenase is to oxidize the C-8 position and to form 1,3,7-trimethyluric acid. The shared features 

of UTDH and caffeine dehydrogenase are 1) xanthine is not a substrate, 2) dichlorophenolindophenol, 

but not NAD(P)+, serves as an electron acceptor, and 3) both are heteromeric enzymes with αβγ 

subunits. From these observations, UTDH and caffeine dehydrogenase show similar properties among 

known molybdenum hydroxylases, and it may be of future interest to examine whether Pseudomonas 

caffeine dehydrogenase also catalyzes the oxidation of pyrimidine bases. 

Crystal structures of carbon monoxide dehydrogenase (CODH) from Hydrogenophaga 
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pseudoflava (Hänzelmann et al., 2000) and quinoline 2-oxidoreductase (QOR) from Pseudomonas 

putida (Bonin et al., 2004) have been reported. There is the conserved domain to bind the molybdenum 

cofactor in the xanthine oxidase family. UTDH has the conserved domain as well as the other 

molybdenum hydroxylases (Fig. 2-8).  

As shown in Fig. 2-9, UTDH was found to belong to the molybdenum hydroxylase 

superfamily based on phylogenetic analysis of the sequence of L-subunit by an unweighted pair-group 

method with arithmetic mean (UPGMA). This superfamily is divided into eight families as shown in 

each box in Fig. 2-9. It was revealed that R. erythropolis UTDH is categorized into the same group as 

Pseudomonas CODH along with Pseudomonas CBB1 caffeine dehydrogenase (Yu et al., 2008). This 

subfamily shows strict specificity toward electron acceptors. UTDH, like caffeine dehydrogenase, uses 

methylene blue, phenazine methosulfate, and benzoquinone as electron acceptors, but not NAD+, 

NADP+, FAD, FMN, or molecular oxygen. In contrast, several XDHs can use NAD(P)+ and molecular 

oxygen as electron acceptors, despite their L-subunit protein sequence homology with UTDH.  

Interestingly, the activity of UTDH was found to be enhanced by cerium ions. This activation 

was observed with any combination of substrates and electron acceptors. There are several reports 

concerning the biochemical effects of cerium ions, such as an increase of chlorophyl contents and 

photosynthetic rate, and hydrolysis of DNA strands(Fashui et al., 2002; Yuguan et al., 2009) . Cerium 

ions can catalyze the hydrolysis of DNA chains like restriction enzymes and can nonenzymatically 

cleave phosphodiester bonds of DNA as a cerium–EDTA complex (Katada & Komiyama, 2009) or 

dimer (dicerium) complex (Branum et al., 2001). Revealing the scientific basis of the effect of cerium 

ions is also of future interest.  
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Fig. 2-8 Comparison of the amino acid sequence of UTDH  L-subunit with those of QOR, 

CODH, CaDH, and XDH.  

Alignment was performed with the GENETYX 11 program. Gaps denoted by dashes were inserted to 

obtain maximum homology. Conserved residues are indicated by gray (50 %) and black (100 %) 

background. UTDH, uracil-thymine dehydrogenase from R. erythropolis JCM 3132; QOR, quinoline 

2-oxidoreductase from Pseudomonas putida (P72224); CODH, carbon monoxide dehydrogenase from 

Hydrogenophaga pseudoflava (P19913); CaDH, caffeine dehydrogenase from Pseudomonas sp. 

Strain CBB1 (Swiss-Prot, D7REY3); XDH, xanthine dehydrogenase from E. coli (Swiss-Prot, 

Q46799). The *Q248 and motifs I to V interact with the molybdenum cofactor (Hanzelmann et al. 

2000). **The active-site loop. 
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Fig. 2-9 Phylogenetic tree for molybdenum hydroxylases.  

The tree was constructed by the UPGMA procedure using the CLC sequence viewer 6.9 (CLC bio, 

Denmark) based on the amino acid sequence of L-subunit. There are eight main families from an 

evolutionary standpoint as shown in boxes. AOD, aldehyde oxidase; NDH, nicotine dehydrogenase; 

HCR, 4-hydroxybenzoyl-CoA reductase; CODH, carbon monoxide dehydrogenase; XDH, xanthine 

dehydrogenase. All sequences are retrieved from the Swiss-Prot database, and the accession number 

for each sequence is given in parentheses: AOD, Gluconacetobacter polyoxogenes, (P17201); NDH, 

Pseudomonas putida (Q88FX8); HCR, Thauera aromatica (O33819); putative XDH, Escherichia coli 

(Q46799); XDH, Eubacterium barkeri (Q0QLF2); putative XDH, Bacillus subtilis (O32144); UTDH, 

Rhodococcus erythropolis (this study); CaDH, Pseudomonas sp. strain CBB1 (D7REY3); CODH, 

Oligotropha carboxidovorans (P19919); CODH, Pseudomonas pseudoflava (P19913); XDH, 

Dictyostelium discoideum (Q54FB7); XDH, rice (Q6AUV1); XDH, Aspergillus nidulans (Q12553); 

XDH, fruit fly (P10351); XDH, blue fly (P08793); XDH, chicken (P47990); AOD, monkey (Q5FB27); 

AOD, human (Q06278); AOD, rabbit (P80456); AOD, mouse (O54754); AOD, rat (Q9Z0U5); 

putative AOD, rice (Q6Z351); AOD (indole-3-acetaldehyde oxidase), Arabidopsis thaliana 

(Q7G193); AOD, Desulfovibrio gigas (Q46509). 

The values at the branch are local bootstrap probability, which is the rough reliability of its branch. 
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Section 2 

Heterologous expression and characterization of ureidomalonase 

 

Abstract 

There has been a report on the involvement of ureidomalonase in the catalysis of amide 

hydrolysis, which occurs during the third reaction step of the oxidative degradation of pyrimidine. 

However, to date, there has been no evidence of the identification of its functional gene or protein. In 

the present study, ureidomalonase from Rhodococcus erythropolis JCM3132 was successfully purified 

to homogeneity a functional protein from Escherichia coli Rosetta2 (DE3) overexpressing the enzyme, 

and it was shown that this purified enzyme catalyzes the amide hydrolysis of ureidomalonic acid into 

urea and malonic acid. It was also shown that the enzyme exhibited a strict specificity toward 

ureidomalonic acid. Importantly, gene expression of the gene cluster of the pyrimidine oxidative 

degradation pathway was shown to be inducible by the addition of uracil. The pyrimidine oxidative 

metabolism can be utilized for the production of purine nucleoside . Indeed, it was demonstrated that 

the pyrimidine oxidative degradation could be useful in the equilibrium control of ribose transfer 

between pyrimidine and purine bases, with a significant increase in the conversion yield of purine 

nucleoside synthesis. 

 

Introduction 

In living cells, the pyrimidine pools are tightly regulated by control mechanisms such as de 

novo biosynthesis, salvage, and degradation pathways because pyrimidine bases are precursors to 

DNA and RNA molecule synthesis. In the degradation process, RNA molecules serve as preferential 

sources compared to DNA. Pyrimidine is known to be degraded through 4 different pathways (Fig. 3-

1).  

The most studied pathway has been the reductive metabolic pathway, in which pyrimidine 

is reduced to dihydropyrimidine derivatives by dihydrouracil dehydrogenase in the initial reaction. It 

is then converted to β-amino acid, ammonia, and carbon dioxide via β-ureidoamino acid as a result of 

dihydropyrimidinase and ureidopropionase activities (Syldatk et al., 1999; Tsai & Axelrod, 1965; 

Vogels & Van der Drift, 1976) (Fig. 3-1B). It is well documented that mammals, plants, and 

microorganisms operate through this pathway. 

The pyrimidine utilization (rut) pathway was found in Escherichia coli (Loh et al., 2006; 

Osterman, 2006; Piškur et al., 2007). In the rut pathway, uracil added as a nitrogen source was 

metabolized into 3-hydroxypropionic acid, ammonia, and CO2 in the presence of oxygen at room 

temperature (Fig. 3-1C). Genetic information and metabolic mechanisms associated with the rut 

pathway have previously been reported (Parales & Ingraham, 2010). 

The URC pathway was found in Lachancea kluyveri in which uracil is converted to urea via 



46 

 

ribosyl-urea (Andersson Rasmussen et al., 2014) (Fig. 3-1D). 

In the oxidative pathway, pyrimidine is oxidized into barbituric acid derivatives by 

uracil/thymine dehydrogenase (UTDH) in the initial reaction. It is then converted into urea and 

malonic acid via ureidomalonic acid as a result of barbiturase and ureidomalonase activity (Fig. 3-1B). 

Investigations on the pyrimidine oxidative metabolism are limited to a single actinomycetes 

represented by Rhodococcus erythropolis (Horinouchi, Soon, et al., 2012; Soong et al., 2001b, 2002). 

Our study is based on the rationale that R. erythropolis assimilates uracil as a carbon source and may 

thus represent a potent strain for pyrimidine oxidative metabolism. The features of this stain are: 1) an 

energy-independent degradation of uracil, that is, no requirement of NAD(P)H, and 2) the existence 

of a conversion of barbituric acid into urea. On the basis of these observations, it was proposed that 

pyrimidine is assimilated through an oxidative pathway in the R. erythropolis strain. Microbial studies 

revealed that the metabolic activity of this strain differs from that of a pyrimidine reductive pathway. 

While current knowledge on the pyrimidine oxidative pathway is scarce, the existence of homologous 

genes involved in pyrimidine oxidative pathway has been reported in Saccharomonospora (Kyoto 

Encyclopedia of Genes and Genomes (KEGG); Svir_20970), Blastococcus (KEGG; BLASA_0154), 

and Pseudomonas (GenBankTM; AF086815) through recent genomics analysis. This strongly suggests 

that some microorganisms also possess pyrimidine oxidative metabolism. 

Over the past decades, reports on the pyrimidine oxidative pathway have been rare. Although 

it is a naturally occurring metabolic pathway, knowledge of the oxidative pathway and its biological 

importance is very limited. The references available on oxidative pyrimidine metabolism showed that 

pyrimidine bases are initially oxidized to barbituric acid derivatives, which are then further hydrolyzed 

directly into urea and malonic acid by barbiturase activity (Hayaishi & Kornberg, 1952; Lara, 1952; 

Wang & Lampen, 1952). Investigations on barbiturase in R. erythropolis, however, revealed the 

activity of another unidentified consecutive enzyme (Soong et al., 2001b). An unknown product 

derived from the barbiturase reaction was identified, and this product was characterized as follows: 1) 

it spontaneously cyclized to barbituric acid, 2) it gave no absorption peak around 250 nm, therefore it 

was considered to be a non-cyclic compound, and 3) it was transformed into urea and malonic acid by 

another consecutive enzyme. Altogether, these results suggest that the reaction product of barbiturase 

is ureidomalonic acid and that an unidentified enzyme —which was named ureidomalonase— is 

responsible for the catalysis of the amidohydrolysis of ureidomalonic acid into urea and malonic acid 

through the pyrimidine oxidative pathway. 

In the context of biotechnology, dihydropyrimidinase in the pyrimidine reductive 

degradation pathway is well known for its usefulness in synthesis of optically active β-amino acids 

(Soong et al., 2001a). From a clinical point of view, several reports have documented metabolic 

disorders associated with pyrimidine metabolisms. However, the clinical symptoms are not severe 

because pyrimidine metabolites are highly soluble in water. These reasons may explain the relative 
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delay in furthering the current understanding of pyrimidine metabolism.  

This paper described the cloning of its gene into Escherichia coli, the purification of 

ureidomalonase from E. coli overexpressing ureidomalonase with His-tag as a functional protein, and 

its functional analysis.  

 

 

Fig. 3-1 Microbial metabolism of pyrimidine base 

(A) Oxidative pathway (Hayaishi and Kornberg 1952; Lara 1952; Soong et al. 2001; Soong et al. 2002), 

(B) reductive pathway (Vogels and Drift 1976; Syldatk et al. 1999), (C) pyrimidine utilization (rut) 

pathway (Loh et al. 2006; Piskur et al. 2007; Osterman 2006), and (D) URC pathway (Rasmussen et 

al. 2014). 

 

A); reductive pyrimidine pathway (Syldatk et al., 1999; Tsai & Axelrod, 1965; Vogels & Van der Drift, 

1976), B); oxidative pyrimidine pathway (Hayaishi & Kornberg, 1952; Horinouchi, Soon, et al., 2012; 

Lara, 1952; Soong et al., 2001b, 2002; Wang & Lampen, 1952), C); pyrimidine utilization (rut) 

pathway (Loh et al., 2006; Osterman, 2006; Piškur et al., 2007). 
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Methods 

Microorganisms and cultivation 

Rhodococcus erythropolis JCM 3132, Escherichia coli DH5α, and E. coli Rosetta2 (DE3) 

were used for the experiments on ureidomalonase. LB medium was used for cultivation of these strains. 

R. erythropolis was cultivated at 28 ° C overnight with shaking. E. coli was cultivated at 37 ° C 

overnight with shaking. When necessary, 50µg/mL ampicillin and 100 µM IPTG were added to the 

media. 

Gene cloning  

Total genomic DNA of R. erythropolis JCM3132 was isolated using DNeasy Blood & Tissue 

Kit (QIAGEN, U.S.A.). For amplification of the gene sequence encoding for ureidomalonase, PCR 

amplification was performed with PrimeSTAR® GXL polymerase (TAKARA BIO INC., Japan), the 

forward primer (5′- gtttaactttaagaaggagatatacatatggttcatgctgctgaccc -3′) and the reverse primer (5′- 

gtttaactttaagaaggagatatacatatggttcatgctgctgaccc -3′) using the genomic DNA of R. erythropolis 

JCM3132 as template. ProFlex PCR System (Thermo Fisher Scientific, U.S.A.) was programmed for 

30 cycles of denaturation at 98 C for 10 seconds; annealing at 60 C for 15 seconds; and extension at 

68 C for 90 seconds. The resulting 1.5-kb gene was purified by DNA extraction from the agarose gel 

utilizing Gel/PCR Extraction Kit (Nippon Genetics, Japan). The purified gene was ligated into pET21b 

(Merck KGaA, Germany), which was treated by NdeI and XhoI by utilizing In-Fusion HD Cloning 

Kit (TAKARA BIO INC., Japan), yielding plasmid pET21b-hisum. This was maintained in E. coli 

DH5α, and the sequence of the inserted fragment was confirmed by Sanger sequencing using T7 

forward and reverse primers. 

 

Expression of ureidomalonase into E. coli 

The gene encoding ureidomalonase with His-tag (C-terminus) was expressed in E. coli 

Rosetta2 cells. This strain was pre-cultured in 5 mL of LB medium containing 50 µg/mL ampicillin at 

37 C overnight. 15 mL of pre-culture was inoculated into 750 mL of LB medium containing 50 µg/mL 

ampicillin, and the main culture was incubated at 37 C for 2 hours. After incubation, 75 µL of 1 M 

IPTG was added, and the main culture was incubated at 16 C overnight. The cells were harvested 

from 1.5 L of the main culture and then used for purification of ureidomalonase. 

 

Purification of ureidomalonase 

All purification steps were carried out at 0–5 °C. The buffer used was 20 mM potassium 

phosphate (pH 7.5) containing 5 mM imidazole, and 500 mM NaCl. Washed E. coli Rsetta2 cells 

overexpressing ureidomalonase with His-tag (6 g) were suspended in 12 mL of the buffer. The 

suspension was disrupted by ultrasonication utilizing INSONATOR 201M (KUBOTA, Japan) (200 W, 

5 min/Total 20 minutes). The resulting supernatant was used as the cell-free extract. The cell-free 
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extracts were then applied to a His trap HP 5 mL pre-equilibrated with the buffer. The enzyme was 

eluted with a linear gradient of 5–100 mM imidazole in 1 L of the buffer, and the activity of the eluted 

fractions was measured using standard enzyme assay conditions (described below). The active 

fractions were combined and concentrated to less than 2 mL by ultrafiltration. 10 mL of 20 mM 

phosphate buffer (pH 7.5) was added to the concentrated solution and concentrated once again. 1 mL 

of glycerol was added to 1 mL of the concentrate and stored at −20 °C. 

 

Determination of ureidomalonase concentration 

 The concentration of ureidomalonase was determined by Bradford assay (Kielkopf et al., 

2020). Bio-Rad Protein Assay Dye Reagent Concentrate (Bio-Rad Laboratories, Inc., U.S.A.) was 

utilized for the assay. 0.1, 0.05, 0.02, and 0.01 % (w/v) BSA were utilized as a standard protein for 

creating a calibration curve. 

 

Enzyme assay 

The standard assay mixture comprises 10 mM of ureidomalonic acid and 20 mM of KPB 

(pH 8.0) in 50 µL. The reactions were initiated by adding 5 µL of 2 (µg/mL) enzyme solutions at 

30 C for 1 h and stopped with 5 µL of 15 % (v/v) perchloric acid. The reaction mixtures were 

then neutralized with 45 µL of 500 mM KPB (pH 8.0) and centrifuged at 15,000 rpm for 10 min. 

Urea production in the supernatants was analyzed. The enzymatic activity was defined as the 

amount of urea produced by HPLC analysis. 50 µL of supernatant was used for urea assay. 

Substrate specificity of ureidomalonase was determined as follows: 10 mM of barbituric 

acid, β-ureidopropionic acid, and allantoin were tested in the same conditions as those of the 

standard assay mixture, but without the addition of partially purified barbiturase. These reaction 

mixtures were then subjected to HPLC analysis. 

 

Stability of ureidomalonase 

 To determine the temperature stability of ureidomalonase, 50 µL of 2 (µg/mL) 

ureidomalonase was incubated at 10–70 °C for 10 min, followed by cooling on ice. The resulting 

enzyme solutions were used for standard assay.  

 To determine the pH stability of ureidomalonase, 1 µL of 200 (µg/mL) ureidomalonase 

was added to 9 µL of each buffer (20 mM sodium citrate (pH2.5–3.5), sodium acetate (pH4.0–

5.5), potassium phosphate (pH6.0–8.0), Tris/HCl (pH8.5, and 9.0), sodium carbonate (pH9.5–11), 

and sodium phosphate (pH11.5–12.5)), and incubated on ice for 10 min, followed by added to 90 

µL of 20 mM potassium phosphate buffer (pH7.5). The resulting enzyme solutions were used for 

standard assay. 
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Urea assay 

 QuantiChrom Urea Assay Kit (BioAssay Systems, U. S. A.) was utilized for measuring 

urea concentration of the reaction mixture. 

 

HPLC analysis 

Urea, malonic acid, ureidomalonic acid, and reaction mixture of enzyme assay were 

analyzed by HPLC at 190 nm [column, YMC-Pack Polyamine II (4.6 × 250 mm, YMC CO., LTD., 

Japan); eluent, 50 mM NH4H2PO4-H3PO4 (pH 2.8)/acetonitrile (20/80); flow rate, 1.0 mL/min; 

temperature, 37 C]. 

 

SDS-PAGE 

The purified ureidomalonase was analyzed through SDS-PAGE using a 12.5 % 

polyacrylamide gel, which was stained with Coomassie Brilliant Blue R-250. Protein 

concentrations were determined using the dye binding assay of Bradford (Bio-Rad Laboratories, 

Hercules, USA). 

 

Induction of enzyme production in the gene cluster of the pyrimidine oxidative pathway 

The medium, containing 2 g carbon source (uracil or glucose), 0.2 g yeast extract, 0.2 g 

tryptone, 1 g K2HPO4, 1 g KH2PO4, 0.5 g sea salt (Sigma-Aldrich, St. Louis, USA), 1 mg 

FeSO4·7H2O, 1 mg Na2MoO4·2H2O, 1 mg MnSO4, 1 mg CuSO4, and 1 mg ZnCl2 in 1 L of tap 

water, was used to induce the enzyme production in the gene cluster of the pyrimidine oxidative 

pathway. R. erythropolis JCM3132 was pre-cultured in 5 mL of this medium at 37 °C for 3 days. 

3 pre-cultures (total: 15 mL) were inoculated into 750 mL of this medium, and the main culture 

was incubated at 37 °C for 3 days. The cells were harvested from 750 mL of the main culture. 

The cell free extract of R. erythropolis JCM3132 was obtained as described above except that the 

buffer was 100 mM Tris/HCl (pH 8.5). 

 

Results 

Purification, and substrate specificity of ureidomalonase 

Purification: The purified fraction obtained with a His trap column described above gave a 

single protein band as visualized on SDS-PAGE (Fig. 3-2), corresponding to a theoretical molecular 

weight of 54,865. The concentration of purified enzyme solution mixed with the same volume of 

glycerol was 200 (µg/mL). 

Substrate specificity: The purified ureidomalonase showed strict specificity towards 

ureidomalonic acid (Fig. 3-3-A). Indeed, a precursor of ureidomalonic acid (barbituric acid), the 

intermediate of pyrimidine reductive metabolism (β-ureidopropionic acid), and that of purine 
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metabolism (allantoin) were also tested as substrates. However, there were no peaks whose retention 

times perfectly match those of urea (Fig. 3-3-B-D). Moreover, the substrate other than ureidomalonic 

acid did not decrease after incubation (Fig. 3-4). It was indicated that ureidomalonase has strict 

catalytic activity against ureidomalonic acid. 

 

 

Fig. 3-2 Purified ureidomalonase on SDS-PAGE. 

About 0.3 µg of ureidomalonase was applied to SDS-PAGE. 
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Fig. 3-3 HPLC analysis of reaction mixture of enzyme assay. 

These figures show the results of HPLC analysis of a reaction mixture containing 10 mM 

ureidomalonic acid (A), barbituric acid (B), β-ureidopropionic acid (C), and allantoin (D).  

 

Fig. 3-4 Substrate residual rate after incubation. 

The amount of the substrate after the incubation without the purified enzyme was defined as 100 %. 
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Effects of pH and temperature 

Enzyme activity and stability were assayed in the buffer described above (20 mM) using purified 

enzyme. Under standard assay conditions, the highest activity was observed in Tris/HCl buffer, pH 8.5 

(Fig.3-5-A). When the enzyme was incubated on ice for 10 min at pH 4–12.5, the activity was retained 

(Fig. 3-5-B). The hydrolysis reaction of ureidomalonic acid increased with temperature, reaching a 

maximum of 40 °C (Fig. 3-5-C). When the enzyme was incubated at 4–45 °C for 10 min, the activity 

was retained (Fig. 3-5-D). 

 

Fig. 3-5 Effect of reaction temperature and pH on activity and stability of ureidomalonase 

A. Effect of pH. 20 mM sodium citrate (pH2.5–3.5), sodium acetate (pH4.0–5.5), potassium phosphate 

(pH6.0–8.0), Tris/HCl (pH8.5, and 9.0), and sodium carbonate (pH9.5–11) B. pH stability. 20 mM 

sodium citrate (pH2.5-3.5), sodium acetate (pH4.0–5.5), potassium phosphate (pH6.0–8.0), Tris/HCl 

(pH8.5, and 9.0), sodium carbonate (pH9.5–11), and sodium phosphate (pH11.5–12.5). C. Effect of 

reaction temperature. D. Thermal stability. 

 

Homology analysis.  

Amino acid sequence analysis determined that the purified protein showed homology with 

putative amidases described in R. opacus (NCBI; WP_005243547; 77 % identity), Saccharopolyspora 
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spinosa (NCBI; WP_010699428; 58 % homology), and Pseudomonas sp. M1 (NCBI; 

WP_009615078; 58 % homology), and glutamyl tRNA (Gln) amidotransferases such as that from 

Lactobacillus plantarum WCFS1 (Swiss-Prot; Q88XP7). 

 

Characterization of pyrimidine oxidative pathway in R. erythropolis 

Gene cluster of the pyrimidine oxidative pathway. The nucleotide sequence of an 

approximately 10-kb region around the ureidomalonase gene was determined using primers based 

on the strain PR4 gene. The ORFs of which functions have already been described are indicated 

in closed arrows (Fig. 3-6). Here, it is revealed that the 10-kb sequence contains 8 complete ORFs 

as determined by computer aided analysis and that the gene cluster of strain JCM3132 is almost 

the same (over 99 %) as that of strain PR4. 

The enzyme production in the gene cluster of the pyrimidine oxidative pathway in R. 

erythropolis JCM3132 was induced by cultivation in the medium described above. The enzyme 

activity was determined with the addition of uracil or barbituric acid as a substrate in the 

enzymatic assay reaction. Results showed that the cells grown with uracil exhibited the enzymatic 

activities of UTDH, barbiturase, and ureidomalonase (Table 3-1). While barbituric acid was 

produced, malonic acid was not produced in the presence of uracil. On the other hand, cells grown 

in the presence of glucose as a carbon source exhibit no detectable levels of uracil or barbituric 

acid degradation. Altogether, these results indicate that expression of the enzymes encoded in the 

gene cluster is inducible by uracil. 

 

 

Fig. 3-6 Gene cluster of pyrimidine oxidative pathway in R. erythropolis JCM3132. 

Closed arrows are ORFs, and their enzymatic functions were already revealed. 

 

 

 

 

 

 

 



55 

 

Table 3-1 Effect of uracil on the enzyme production involved in the gene cluster of the pyrimidine 

oxidative pathway. 

 

*1The reaction mixture contained, 100 mL of 5 mM uracil, 1 mM methylene blue (as electron acceptor), 

100 mM Tris/HCl (pH 8.5), and an aliquot of cell-free extract of strain JCM3132. These reactions 

were performed at 30 C for 1.5 h with shaking (160 rpm). 

*2The reaction mixture contained 100 mL of 5 mM barbituric acid, 100 mM KPB (pH 8.5), and an 

aliquot of cell-free extract of strain JCM3132. These reactions were performed at 30 C for 1.5 h with 

shaking (160 rpm). 

n. d. indicates no detectable activity. 

 

Discussion 

To the best of our knowledge, this is the first study to describe the gene and protein function 

of ureidomalonase in the oxidative degradation pathway of pyrimidine. Also, a clearer understanding 

of the structure and expression of the gene cluster associated with this pathway were provided. 

Ureidomalonase did not show any catalytic activity towards linear amides (β-ureidopropionic acid, β-

ureidoisobutyric acid), which represent intermediate products in the pyrimidine reductive pathway, 

nor towards allantoin and allantoic acid, which are intermediate products in purine metabolism. This 

enzyme showed resistance to high pH conditions. This feature is consistent with UTDH from R. 

erythropolis JCM3132. This enzyme did not exhibit any sequence similarity with β-ureidopropionase 

or carbomoylase, which represent its match in the reductive pathway and the hydantoin metabolism, 

respectively. Like ureidomalonase, barbiturase did not exhibit any sequence similarity with 

dihydropyrimidinase or hydantoinase (Soong et al., 2002). This phenomenon suggests that the 

oxidative and reductive pathways of pyrimidine degradation have emerged from different evolutionary 

paths, as a result of environmental adaptation. 

The gene cluster of the pyrimidine oxidative pathway was identified and the catalytic 

functions of UTDH (this study), barbiturase (Soong et al., 2002), and ureidomalonase (this study) are 

 

carbon source substrate 
0.1% each 5 mM each 

uracil  barbituric acid  malonic acid  

 *1uracil 3.60 0.12 n.d. 
*2barbituric acid n.d. 2.60 

glcose *1uracil 5.00 n.d. n.d. 

glcose *2barbituric acid 5.00 n.d. 

uracil + glucose *1uracil 3.24 0.07 n.d. 

uracil + glucose *2barbituric acid n.d. 2.50 

culture enzymatic reaction 

uracil 

uracil 

substrates and products detection  

in the enzymatic reaction (mM) 
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described. It is also revealed that the gene expression of this cluster is inducible in the presence of 

uracil (Table 3-1). 

The function of one enzyme, which was annotated as a potential aminotransferase, remains 

unknown. Another putative uracil phosphoribosyltransferase is also adjoined to the gene cluster. 

Because this enzyme is involved in the salvage pathway for uracil in pyrimidine nucleosides synthesis, 

the collaboration of pyrimidine oxidative degradation and salvage synthesis, at both the catalytic and 

genetic level, may be suggested for regulation of pyrimidine pools in strains that degrade pyrimidine 

through the oxidative pathway. The final products of these latter pathways are malonic acid and urea. 

Malonic acid is commonly fused to CoA in living cells and serves as malonyl-CoA in fatty acid 

synthesis (Kim & Chae, 1991). On the other hand, it was reported that malonic acid plays a role as a 

precursor of oxaloacetate, which consists of its tricarboxylic acid cycle. In the case of R. erythropolis, 

malonic acid generated by ureidomalonase might flow into fatty acid synthesis and energy production. 

There is only one example of the successful application of pyrimidine oxidative metabolism 

in biotechnology, and this relates to controlling the equilibrium of ribose-transfer reaction between 

pyrimidine and purine. Pyrimidine nucleosides are easily synthesized by chemical methods, while 

purine nucleosides are not effectively synthesized due to the requirement for a complex multi-step 

process. In the enzymatic ribose-transfer reaction, thymidine is converted into 2′-deoxyguanosine via 

2-deoxyribose 1-phosphate, a reaction catalyzed by pyrimidine nucleoside phosphorylase and purine 

nucleoside phosphorylase (Fig. 3-7) (Mikami et al. 2000). The critical but common issue in this 

process is fine control of the reaction equilibrium. In this case, the equilibrium between the substrate 

(pyrimidine nucleoside) and product (purine nucleoside) is inclined toward the substrate side and 

causes a low conversion yield of thymidine into 2′-deoxyguanosine (12 %). Thereupon, the addition 

of Arthrobacter sp. YGK22, which possesses a pyrimidine oxidative pathway into a base-exchange 

reaction led to the removal of free thymine from the reaction, and then the reaction equilibrium was 

shifted toward 2′-deoxyguanosine synthesis. As a result, the conversion yield was greatly increased 

(75 %) (Mikami et al. 2000). One of the notable advantages of the utilization of pyrimidine oxidative 

metabolism is that the reaction mixture does not necessarily need to be supplemented with expensive 

cofactors such as NAD(P). In the application context of the pyrimidine reductive pathway onto this 

ribose-transfer reaction, NAD(P)H might, however, be required because dihydrouracil dehydrogenase, 

which is an enzyme involved in the initial stages of the reductive pathway, requires it. In the case of 

R. erythropolis JCM3132 cells, the same positive effect as that of Arthrobacter sp. was observed 

(Mikami et al. 2000). Recently, in the field of nucleic acid medicine, the demand for nucleoside 

analogs is increasing as small interfering (si) RNA drugs and second-generation antisense drugs are 

tolerant to nuclease because of RNA interference mechanisms and chemical modifications of ribose. 

However, the chemical synthesis of purine nucleosides remains difficult. Therefore, it is hopeful that 

applying pyrimidine oxidative metabolism may contribute to increasing the productivity of purine 
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nucleosides and their analogs using the above ribose-transfer reactions. Along with the reductive and 

the rut pathways, knowledge of the oxidative pathway will provide some insight into the physiological 

importance of nucleic acid metabolism, and its potential contribution to biotechnology. 

 

 

Fig. 3-7 Equilibrium control of ribose-transfer reaction between pyrimidine and purine by 

addition of pyrimidine oxidative degradation. 
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Conclusion 

 

Currently, the only known biosynthesis of deoxyribonucleotides in living organisms is the 

reduction reaction of ribonucleotides by ribonucleotide reductase (RNR) (RNR pathway). On the other 

hand, it was confirmed that deoxyribonucleosides can be synthesized by utilizing the enzyme function 

of the 2-deoxyribose-5-phosphate aldolase (DERA) pathway, which is a deoxyribonucleoside 

degradation pathway. This suggests that DNA constituent molecules can be biosynthesized by routes 

other than the RNA pathway and casts doubt on the RNA origin theory for the origin of living 

molecules. The study in Chapter 1 provides valuable insight into the possibility of alternative RNR 

pathways by other DNA component synthesis systems. 

There are four alternative pathways for pyrimidine degradation in biological systems: the 

oxidative pathway, the reductive pathway, the pyrimidine utilization (rut) pathway, and the URC 

pathway. In the oxidative pathway, pyrimidine is degraded to urea and malonic acid via a barbituric 

acid derivative. The oxidative pathway of pyrimidine metabolism was first reported in Mycobacterium, 

Corynebacterium, and Nocardia strains isolated from soil. However, the precise understanding of 

oxidative pyrimidine metabolism was not established. The studies in Chapter 2 provide novel 

information on enzymes in oxidative pyrimidine metabolism. 

 In Chapter 1, the RNR knockout strain of Escherichia coli BW38029 was constructed (Δ

RNR). This strain required only deoxycytidine among deoxyribonucleosides (dNSs) for growth. 

Supply of deoxycytidine (dC) through the DERA pathway has not been confirmed, and so far, 

replacement of the RNR pathway with the DERA pathway has not been achieved, but this may be 

resolved by coupling nucleoside-deoxyribosyltransferase II (ndtII) to the DERA pathway. Interestingly, 

the growth of this strain was enhanced by vitamins, especially nicotinamide, which was essential for 

growth. It was suggested that knockout of RNR may affect not only dNS synthesis but also other 

metabolic pathways. From these results, its complete synthetic medium was proposed, which is the 

MOPS medium containing dC and nicotinamide. 

 In Section 1 of Chapter 2, uracil-thymine dehydrogenase (UTDH), which catalyzes the 

irreversible oxidation of uracil to barbituric acid in oxidative pyrimidine metabolism, was purified 

from Rhodococcus erythropolis JCM 3132. The finding of unusual stabilizing conditions (high 

alkaline, pH 11, in the presence of NADP+ or NADPH) enabled the enzyme purification. The purified 

enzyme was found to be a heteromer consisting of three different subunits. The enzyme catalyzed 

oxidation of uracil to barbituric acid with artificial electron acceptors such as methylene blue, 

phenazine methosulfate, benzoquinone, and α-naphthoquinone; however, NAD+, NADP+, flavin 

adenine dinucleotide, and flavin mononucleotide did not serve as electron acceptors. The enzyme acted 

not only on uracil and thymine but also on 5-halogen-substituted uracil and hydroxypyrimidine 

(pyrimidone), while dihydropyrimidine, which is an intermediate in reductive pyrimidine metabolism, 
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and purine did not serve as substrates. Interestingly, the activity of UTDH was enhanced by cerium 

ions, and this activation was observed with all combinations of substrates (uracil, thymine, 5-

fluorouracil) and electron acceptors (methylene blue, phenazine methosulfate, benzoquinone, α-

naphthoquinone). 

 In Section 2 of Chapter 2, ureidomalonase from R. erythropolis JCM3132 was purified to 

homogeneity as a functional protein from E. coli Rosetta2 (DE3) overexpressing this enzyme, and it 

was shown that this purified enzyme catalyzes the amidohydrolysis of ureidomalonic acid into urea 

and malonic acid. It was also shown that the enzyme exhibited a strict specificity toward ureidomalonic 

acid. Importantly, gene expression of the gene cluster of the pyrimidine oxidative degradation pathway 

was shown to be inducible by addition of uracil. An example of the utilization of pyrimidine oxidative 

metabolism is described in the context of biotechnology. Indeed, it was demonstrated that the 

pyrimidine oxidative degradation could be useful in the equilibrium control of ribose transfer between 

pyrimidine and purine bases, with a significant increase in the conversion yield of purine nucleoside 

synthesis. 

 Altogether, this research suggests that other pathways may replace the RNR pathway. Δ

RNR required dC for growth. Although synthesis of dC via the DERA pathway could not be confirmed, 

other dNSs can be synthesized, indicating the possibility of synthesizing dC by conjugation with NdtII. 

This research also provides detailed information on enzymes involved in oxidative pyrimidine 

metabolism. UTDH catalyzes the irreversible oxidation of uracil to barbituric acid in oxidative 

pyrimidine metabolism. The enzyme was revealed to be composed of three different subunits, each 

containing an FAD-binding site, an iron-sulfur cluster, and a molybdenum-binding site. 

Ureidomalonase catalyzes the amidohydrolysis of ureidomalonic acid into urea and malonic acid. It 

was also shown that the enzyme exhibited a strict specificity toward ureidomalonic acid. 
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