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Chapter 1

General Introduction



1.1 Renewable energy

Energy is the cornerstone of our present society, and it will undoubtedly maintain its
critical role in shaping our future. Global energy demand had risen in tandem with
technological advancements, population growth, and economic expansion since the onset of
the industrial revolution in the 17" century."> To meet this ever-growing demand, fossil fuels,
such as oil, natural gas, and coal, have played a central role.> However, it is important to
acknowledge that fossil fuels are finite and non-renewable resources. While fossil fuels have
been instrumental in driving global industrialization due to their affordability, convenience,
and reliability, their prolonged use has taken a toll on the environment.>* This is primarily
evident in the alarming increase in greenhouse gas emissions, contributing to global warming
experienced worldwide.**

In response to this environmental crisis, the international community has united
through agreements like the Kyoto Protocol and the Paris Agreement.’ These global accords
have urged the governments worldwide to shift their energy policies away from polluting
fossil fuels and towards cleaner, renewable energy sources.® As a result, renewable energy
such as solar, hydropower, bioenergy, geothermal, and wind energy have experienced
substantial growth in worldwide adoption.” Unlike fossil fuels, renewable energy harnesses
the power of natural cycles, offering a cleaner and more sustainable alternative.®

Among these sustainable energy options, biofuels stand out as an attractive alternative
due to their chemical similarity to fossil fuels.” Biofuels are derived from renewable
biological sources (lignocellulosic biomass) such as corn, woody biomass, algae, soybeans,

and palm oils.'® Biofuels like biodiesel and bioethanol have gained widespread popularity,



especially in Brazil and United States, where they are often blended with conventional fossil
fuels and used in transportation sector.!! In addition to their renewability, biofuels have the
potential to alleviate the adverse environmental impacts associated with fossil fuels by

reducing overall greenhouse gas emissions and pollutants.!>!3

1.2 Lignocellulosic biomass

Lignocellulosic biomass, a complex organic material found abundantly worldwide,
acting as a natural storehouse of solar energy, harnessed by plants through photosynthesis
process.'* In this process, plants absorbs sunlight, extract carbon dioxide from the atmosphere,
and draw water from the ground. These inputs are then transformed into glucose, a versatile
molecule that serves as the fuel for plant growth,!>16

Lignocellulosic biomass displays diverse forms and compositions, reflecting the
planet's rich biodiversity.!”!” Broadly, it can be categorized into the following groups. Woody
Biomass: This category encompasses materials such as wood residues, sawdust, and forest
debris obtained from trees, shrubs, and woody plants.?® Agricultural Biomass: This category
includes materials from various crops and agricultural residues, such as corn stover, wheat
straw, and sugarcane bagasse.?%!

The Earth is home to a vast amount of biomass across various ecosystems, ranging
from forests to oceans. Estimates suggest that the world's total biomass reserves amount to
approximately 1.8 trillion tons on land and 4 billion tons in aquatic environments.?>* The
sheer abundance and versatility of lignocellulosic biomass position itself as a promising and

sustainable resource for producing valuable biofuels and biochemicals.>*** Additionally,



another significant advantage of utilizing lignocellulosic biomass for energy production is
that any carbon dioxide released into the atmosphere essentially constitutes recycled
carbon.!”-? This carbon originally came from the atmosphere during the plants' growth phase
through photosynthesis.!** This unique carbon recycling process renders lignocellulosic
biomass a carbon-neutral resource, meaning it neither increases nor decreases the overall
levels of carbon dioxide in the atmosphere.!”!®2* To fully tap into this potential, it is essential
to gain a comprehensive understanding of the diverse chemical compositions present in
lignocellulosic biomass.

Lignocellulosic biomass typically consists of three primary components: cellulose,

).26

hemicellulose, and lignin (Figure 1.1).”® The distribution of these components can vary

significantly among different sources and types of biomass.?’ By harnessing these chemical
compounds, we can establish integrated biorefineries capable of producing substantial

quantities of valuable biofuels and biochemicals from lignocellulosic biomass.*3
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Figure 1.1. Composition of lignocellulosic biomass.?®



1.2.1 Cellulose

Cellulose, the most abundant organic polymer found in nature, makes up a significant
portion of lignocellulosic biomass, comprising approximately 40-60% of its weight.?’
Cellulose is a complex polysaccharide that serves as the primary component of the plant cell
wall, imparting stiffness and stability to it.>° It consists of a linear homopolymer composed
of B-D-glucopyranose units linked together via B-1,4 glycosidic bonds, with cellobiose as the
fundamental repeating unit (see Figure 1.2).3! These cellulose chains organize themselves
into microfibrils, which further assemble into cellulose fibrils.*>*3 The cohesion between
neighboring cellulose chains is facilitated by hydrogen bonds and van der Waal's forces,
resulting in parallel alignment and the formation of a crystalline structure, which limits
enzyme accessibility. >3

Cellulose materials find widespread applications in various manufacturing industries,
including textiles, pharmaceuticals, and industrial sugar production.’® They are used as
building materials in the form of wood, in the production of paper products, and for
manufacturing cotton, linen, and rayon for clothing, as well as cellulose acetate for packaging
films.>” Cellulose and its derivatives are known for their strength, reproducibility,
recyclability, and biocompatibility, making them suitable for a range of biomedical

applications, such as blood purification membranes.*%3
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Figure 1.2. Structure of cellulose. Left: cellulose chain's nonreducing and reducing ends. Right: the repeating

unit (anhydroglucose).?!



1.2.2 Hemicellulose

Hemicelluloses, a diverse group of biopolymers, constitute approximately 20-40% of
the total biomass weight and ranked as the second most abundant branched hetero
biopolymers.*® Hemicellulose is situated beneath cellulose fibers and plays a crucial role in
tightly linking microfibrils through non-covalent attractions. It also forms complex bonds,
both covalent and non-covalent, with lignin, contributing to the overall structural strength of
the biomass.*!

Unlike cellulose, hemicellulose is a form of dietary fiber derived from a
heterogeneous group of sugars. This includes d-xylose, d-mannose, and d-galactose in the
hemicellulose backbone chain, as well as l-arabinose, d-galactose, and 4-O-methyl-d-
glucuronic acid in the hemicellulose side chains.**** The structure of hemicellulose is more
complex than that of cellulose, characterized by numerous branches, with acetyl groups being
the most prevalent. In hardwoods, hemicellulose mainly consists of pentose subunits, such
as xylose (see Figure 1.3).*° In softwoods, hemicellulose consists of hexose subunits,
including glucose, mannose, and galactose.***” Generally, hemicellulose is amorphous, soft,
and can be hydrolyzed by dilute acids, bases, or hemicellulase enzymes. Its amorphous nature,
low degree of polymerization, and susceptibility to pretreatment processes make
hemicellulose valuable in various industrial applications, including hydrogels, drug carriers,

and cosmetics.*®*°
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Figure 1.3. Structure of hemicellulose (xylan and glucomannan).*’

1.2.3 Lignin

Lignin is the most abundant aromatic biopolymer on Earth.>® It plays a crucial role in
providing structural reinforcement and resilience to plant tissues and is vital for water and
nutrient transport.’! Lignin's remarkable mechanical properties make it an essential
hydrophobic strengthening agent, which, in turn, complicates the hydrolysis process and
enhances the recalcitrance of lignocellulose.’? Additionally, lignin acts as a protective barrier,
shielding plant cells from enzymatic and chemical attacks, due to its higher resistance to
degradation compared to polysaccharides.>*>*

Lignin is the most complex renewable three-dimensional biopolymer containing
various functional groups, including phenylpropane, methoxy, and non-carbohydrate
polyphenolic substances. It contributes to approximately 10-25% of the weight of
lignocellulosic biomass.>®

The biosynthesis of lignin is a complex process consisting of three stages: (i) the
creation of lignin monomers, (i1) their transport to the apoplast (the area between plant cells),

and (iii) polymerization.®¢>° During monomer formation, three types of monolignols are

generated through the phenylalanine/tyrosine metabolic pathway in a plant's cell wall:



sinapyl alcohol (S), coniferyl alcohol (G), and p-coumaryl alcohol (H).>”*%%-%3 Different
plant types have varying compositions of these monolignols. Softwood, for instance,
primarily contains G-type lignin, with up to 95% of G-units. Hardwood, on the other hand,
mainly consists 46-75% of S-units and 25-50% of G-units. Grass has a composition of 5-
33% H-units, 33-80% of G-units, and 20-54% of S-units.®!-63

These monolignols then undergo random polymerization, resulting in the formation
of the complex and diverse structure known as lignin.** Two major types of linkages connect
the units: ether linkages (B-O-4' and 4-O-5") and carbon-carbon (B-5', B-1’, and B-B’) linkages
(see Figure 1.4).% Among these, B-O-4' ether linkages account for approximately 50% of the
total linkages in native lignin, along with an additional 5-12% consisting of B-B’, 1-9% of 5-
5', and B-1' linkages.%> Consequently, the destruction of p-O-4', which is the most reactive

linkage, represents the critical step in lignin conversion.®¢6%
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1.3 Lignocellulosic biomass to biofuels and biochemicals
1.3.1 Biofuels

The term 'biofuel' refers to fuel obtained from renewable living materials, such as
plants and animals.%’ Biofuels serve as energy carriers and non-fossil fuels that store the
energy derived from organic biomass, including plants, animals, and microorganisms.*’
Biofuels can take various forms: (1) liquid, like bioethanol and biodiesel; (2) solid, including
charcoal, wood pellets, and fuelwood; and (3) gas, such as biogas.”® The categorization of
biofuels is based on their biomass feedstock source and the technology used in their
production, dividing them into first- to fourth-generation biofuels.”!:"2

First-generation biofuels primarily originate from edible parts of plants.”* Notable
examples of first-generation biofuels include biodiesel, ethanol, biofuel gasoline, and
biogas.”* Currently, these first-generation biofuels are primarily produced using agricultural
feedstocks with high polysaccharide contents such as sugarcane, corn, and sugar beets.”
However, this approach has faced criticism from the global community due to ethical
concerns related to the debate over using food crops for fuel production and the expansion of
large farmlands for this purpose.®’

Second-generation biofuels are derived from non-edible plants or non-edible parts of
plants.”® Abundant non-edible lignocellulosic biomass, such as grasses, forest residues, and
agricultural waste, serves as the feedstock for second-generation biofuel production.”’

Examples of second-generation biofuels include bioethanol, butanol, and mixed alcohols.”®”



Third-generation biofuels are derived from photosynthetic microbes, particularly

0

microalgae.®® Fourth-generation biofuels are produced from genetically modified

photosynthetic microbes, such as cyanobacteria, algae, and fungi.®!

1.3.1.1 Bioethanol

Bioethanol, a prominent biofuel, holds great promise as an eco-friendly alternative to
conventional fuels especially in the energy and transportation sector.®? It also serves as both
a precursor and a highly efficient organic solvent for synthesizing various valuable chemicals
and composites.

Derived from lignocellulosic biomass, bioethanol emerges as a particularly promising,
environmentally friendly biofuel choice. It offers numerous advantages, including a high
octane rating, a low boiling point, and high energy content comparable to traditional fuels.?*
Notably, vehicles can run on gasoline blended with up to 85% (v/v) bioethanol without any
modifications, presenting a significant opportunity to reduce greenhouse gas emissions and
petroleum consumption.®*

Generally, the production of bioethanol involves microbial fermentation, primarily
utilizing carbohydrates from plants rich in sugars, such as corn, sugarcane, or lignocellulosic
biomass.®® The production process consists of three key steps: (1) pretreatment to separate
lignin from cellulose, (2) hydrolysis of cellulose to obtain fermentable sugars, and (3)
fermentation to convert sugars into ethanol, followed by distillation for ethanol purification.

Despite its advantages, the widespread industrialization of bioethanol has been

limited to a few countries like Brazil and the USA due to the high energy consumption in
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pretreatment, fermentation, and separation processes.?’ A significant challenge is the elevated
processing cost, making the process economically unfeasible. Therefore, the development of
an efficient pretreatment method that removes lignin while minimizing sugar content loss are

critical in addressing this challenge.

1.3.2 Biochemicals

Lignocellulosic biomass has the potential to not only supplement but also potentially
replace petroleum-based chemical feedstocks and raw materials.®® Lignocellulosic biomass
comprises cellulose and hemicellulose, the carbohydrate components, which are used in
bioenergy production and the synthesis of essential low-molecular organic chemicals,
including ethanol, methanol, acetic acid, formic acid, and 5-hydroxymethyl furfural.®® While
a considerable amount of research focuses on valorization of cellulose and hemicellulose,
lignin, unfortunately, tends to receive less attention due to its highly recalcitrant properties.
Nevertheless, the economic feasibility of biorefineries largely depends on efficiently
harnessing all three components: cellulose, hemicellulose, and lignin.”® Consequently, recent
research have emphasized towards unlocking lignin's potential for the production of valuable
biochemicals.

Lignin, formed through the radical polymerization of monolignols, holds significant
promise as a source of aromatic chemical feedstocks and products.”! For example,
bioproducts like vanillin, guaiacol, carbon-based nanomaterials, bioplastics, dyes, and
aerogels can all be derived from lignin.”** These lignin-derived bioproducts serve as

sustainable alternatives to petroleum-based counterparts, offering both cost-effectiveness and
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renewability while simultaneously addressing concerns related to the production of non-

biodegradable products and ecological pollution.”

1.4 Pretreatment of lignocellulosic biomass

Efficient production of biofuels and biochemicals from lignocellulosic biomass
necessitates an effective pretreatment process. The primary objective of pretreatment is to
break down cellulose, hemicellulose, and lignin found within lignocellulosic biomass.”® This
breakdown enables their subsequent conversion into valuable bioproducts with higher
efficiency.”> Additionally, maintaining the native structure of these biomass components
during pretreatment is essential to preserve their functionality for subsequent conversion to
bioproducts.®® Furthermore, factors such as energy consumption and economic feasibility of
the pretreatment method is pivotal in determining its suitability for industrial applications.”’

In general, pretreatment approaches can be broadly categorized into three main

categories: physical, chemical, and biological methods.”®

1.4.1 Physical pretreatment methods

Physical pretreatments involve disrupting the lignocellulose structure without
introducing substantial chemical alterations to the individual cell wall components.”® These
treatments make use of various mechanical tools and techniques such as millers, grinders,
screws, or microwave radiation.'”” One of the common methods employed in physical
pretreatment is reducing the size of biomass particles through comminution, which includes

dry, wet, vibratory, and compression-based ball milling.!®
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The goal of physical pretreatment is to enhance the digestibility of enzymes by
increasing the surface area accessible to the cell wall in relation to its volume.” In certain
cases, extensive ball milling can lead to the decrystallization of cellulose and a reduction in
the degree of polymerization, subsequently increasing hydrolysis efficiency.!?! However, it
is important to note that merely reducing particle size is often insufficient to significantly
boost the rate of enzymatic hydrolysis.!”! Moreover, as the desired particle size decreases,
the cost of size reduction rises exponentially, potentially making the process economically
impractical in commercial applications.” Consequently, it is common practice to follow
physical pretreatment with chemical or biological treatments to avoid the need for extreme

particle size reduction.””

1.4.2 Chemical pretreatment methods

Chemical pretreatment stands as one of the most prevalent methods for breaking
down lignocellulosic biomass.!? It harnesses a range of chemical agents such as organic
solvents (1,4-dioxane) and alkaline (sodium hydroxide) to break apart the stubborn
components of lignocellulosic biomass, with the ultimate goal of transforming this feedstock
into optimal substrates for bioproduct production.!'??

One key objective of chemical pretreatment is to modify or eliminate lignin while
simultaneously reducing cellulose crystallinity.”®"'% While chemical pretreatment methods
have proven effective in enhancing the digestibility of lignocellulosic biomass, they do come
with noteworthy downsides. These methods are often burdened by substantial costs and

environmental concerns due to the significant quantities of chemical residues that necessitate
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safe handling and disposal post-pretreatment.'?®> Moreover, chemical pretreatment typically
prioritizes the extraction of cellulose and hemicellulose, which often result in detrimental
structural alterations to native lignin.!® Consequently, this structural change makes it

challenging to find further applications for lignin.

1.4.3 Biological methods

Biological pretreatment of lignocellulosic biomass emerges as a highly promising and
environmentally friendly alternative to chemical pretreatment methods.!* Its distinctive non-
destructive nature minimizes structural alterations, especially in lignin, making it an
attractive choice.!® This approach is renowned for its simplicity, cost-effectiveness, and eco-
friendly attributes, as it demands lower energy input (lower reaction temperatures) and avoids
the use of harsh chemicals.!®

The biological pretreatment process employ bacteria, fungi, or their enzymes to break
down the intricate structure of lignocellulosic materials before further processing.'> Among
them, fungi, particularly white-rot fungi, have exhibited remarkable effectiveness in
pretreating lignocellulosic biomass.!%® Pretreatment of lignocellulosic biomass with white-
rot fungi enhanced the accessibility of cellulose and hemicellulose for enzymatic hydrolysis,
a critical step in biofuel production.'® For instance, when rice straw undergoes fungal
pretreatment using white-rot fungi, a significant portion of lignin was removed with minimal
loss in cellulose and hemicellulose content.!%*!%7 The lignin removal significantly enhanced
d.107.108

the subsequent saccharification process, leading to a higher bioethanol yiel

Additionally, the lignin removed during the process holds inherent value as it can be further
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processed into valuable biochemicals.!®

Consequently, biological pretreatment holds the potential to fully utilize all three
components (cellulose, hemicellulose, and lignin) within lignocellulosic biomass,

establishing a complete biorefinery process.

1.5 White-rot fungi

The selective removal of lignin from lignocellulose has long been a central goal in
unlocking the potential of plant biomass. In nature, this process plays a critical role in
recycling terrestrial carbon and relies on the actions of microorganisms such as white-rot
fungi.'”” Unlike many thermochemical industrial processes, certain white-rot fungi possess
the remarkable ability to selectively break down lignin while preserving the integrity of the
polysaccharides, all without causing environmental harm.!' Consequently, these selective
white-rot fungi are gaining increasing attention for their potential applications in
biotechnological fields such as biopulping and biofuel production.'!?7-110

These fungi employ a combination of extracellular ligninolytic enzymes, organic
acids, mediators, and accessory enzymes to accomplish the complex task of degrading
lignin.!"® The primary enzymes responsible for this selective lignin degradation are
collectively referred to as ligninolytic enzymes. Generally, there are four key ligninolytic

enzymes involved in the process: laccase, manganese peroxidase, lignin peroxidase, and

versatile peroxidase.'!!

15



1.5.1 Laccase

Laccase (EC 1.10.3.2; Lac) is an extracellular enzyme containing copper, which
facilitates the reduction of molecular oxygen to water while simultaneously catalyzing the
one-electron oxidation of various substrates.!!? These substrates include diphenols, methoxy-
substituted monophenols, aromatics, and aliphatic amines.'!>!'* Laccase is a glycosylated
protein with a molecular weight ranging from 60 to 90 kDa.!'* Since its initial discovery in
the sap of the Japanese lacquer tree Rhus vernicifera, numerous laccase isozymes have been
isolated from a variety of sources, including bacteria, fungi, plants, and insects.!!> Laccase is
distinct from peroxidase enzymes in that it does not require hydrogen peroxide (H20;) but
relies on oxygen for its catalytic reactions.''

Fungal laccases generally possess a redox potential of < 800 mV vs. NHE, making
them effective at oxidizing the phenolic subunits found in lignin.''” Conversely, non-phenolic
subunits with higher redox potentials (>1400 mV vs. NHE) are resistant to oxidation by
laccase alone.''” However, when laccase is combined with a suitable mediator, its oxidizing
capacity can be extended to non-phenolic lignin structures.!!”

Figure 1.5 (a) illustrates the direct oxidation (in the absence of a mediator) of a
substrate by laccase, while Figure 1.5 (b) demonstrates the indirect oxidation (in the presence
of a mediator) of the substrate by laccase.!'® In a laccase/mediator system, the oxidized
mediator exhibits a high redox potential, enabling it to oxidize non-phenolic substrates
through either electron transfer or radical hydrogen atom transfer mechanisms.!'® Due to its
versatility, laccase finds wide application in the food industry, pulp industry, and synthetic

chemistry.
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Figure 1.5. Catalytic mechanism of Lac (a) without mediator (b) with mediator.''®

1.5.2 Manganese peroxidase

Manganese peroxidase (EC 1.11.1.13; MnP) is a heme-containing glycoprotein that
was initially identified in 1985 in Phanerochaete chrysosporium.'' Belonging to the class II
heme peroxidase family, MnP relies on the presence of hydrogen peroxide (H>O») to initiate
its enzymatic activity.'?® Like other ligninolytic enzymes, MnP is secreted extracellularly.
MnP is particularly proficient at oxidizing phenolic lignin, although it can also oxidize non-
phenolic lignin in the presence of mediators.!?® This enzyme is primarily produced by
basidiomycetous fungi, with Ceriporiopsis subvermispora being the sole species known to
contain genes for all three MnP subfamilies.'?®!?! MnP takes on various forms, with
molecular sizes ranging from 38 to 62.5 kDa and comprises approximately 350 amino acid
residues.'?? Intriguingly, MnP shares a relatively similar sequence with another ligninolytic
enzyme, lignin peroxidase (LiP), with a sequence similarity of around 43%.!%3

As depicted in Figure 1.6, when MnP encounters H»O;, it undergoes oxidation,

forming a Fe*'-oxo-porphyrin-radical complex referred to as MnP compound 1.'>* MnP
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compound I catalyzes the oxidation of a manganese ion and is subsequently reduced to MnP
compound II.'2* MnP compound II is then further reduced back to its native resting state,
during which another manganese ion undergoes oxidation. These oxidized manganese ions
play a crucial role in the oxidation of lignin substrates, enabling MnP to oxidize a diverse
range of substrates, both phenolic and non-phenolic.!® Industries such as biopulping,
biobleaching, and bioremediation have harnessed the capabilities of MnP in their
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Figure 1.6. Catalytic cycle of MnP.!>*
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1.5.3 Lignin peroxidase

Lignin peroxidase (EC 1.11.1.14; LiP), also known as ligninase, is a glycosylated
hemeprotein belonging to the class II fungal secretory peroxidases.'?” It typically has a
molecular weight ranging from 37 to 50 kDa.!?8 Its discovery dates back to 1983 in the fungus
P. chrysosporium, and since then, various isozymes of LiP have been identified and

sequenced in different fungi.'”® Some species possess multiple LiP isoenzymes, with
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Trametes versicolor, for instance, having as many as 16.'?° For a considerable time, LiP was
regarded as one of the most crucial enzymes in lignin degradation, exhibiting oxidative
activity towards both phenolic and non-phenolic lignin.'** Unlike MnP, LiP does not rely on
manganese ions for its catalytic reactions. Instead, LiP's high redox potential allows it to
directly oxidize non-phenolic lignin, a task that enzymes with lower redox potentials like
MnP and Lac cannot accomplish without mediators.!*! Like other peroxidases, LiP also
requires H>O> to initiate its catalytic activity.'?®

The catalytic cycle of LiP can be divided into three key steps, as illustrated in Figure
1.7.132 Initially, LiP is oxidized by H>O», resulting in the formation of a high redox potential
intermediate known as compound I oxo-ferryl.!* Compound I then oxidizes a substrate while
acquiring an electron to become compound II. The final step involved compound II oxidizing
another substrate and returning to its resting ferric state, marking the completion of one
oxidative cycle of LiP.!*>!33 Thanks to its high redox potential, LiP has garnered significant
attention for its applications in scientific research, industry, and biotechnology.'**

H,0, H,0

1r|-re 1 -re /
LiP]-Fe (III) LiP|""-Fe (IV)

LiP resting LiP I (compound I)

k J

|LiP]-Fe (IV)
LiP I (Compound II)

Figure 1.7. Catalytic cycle of LiP.'*
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1.5.4 Versatile peroxidase

Versatile peroxidase (EC 1.11.1.16; VP), initially identified in the white-rot fungus
Pleurotus eryngii, is a relatively recent addition to the family of lignin-degrading
peroxidases.!® It is exclusively found in fungi of the Pleurotus, Bjerkandera, and Lepista
genera.'** VP is often described as a hybrid enzyme, as it possesses the oxidative capabilities
of both LiP and MnP."*? Similar to LiP, VP can directly oxidize lignin with high redox
potential that is non-phenolic in nature.!*¢ Furthermore, VP has a unique Mn?" catalytic site,
akin to MnP, which facilitates the oxidation of manganese ions, subsequently aiding in the
oxidation of phenolic lignin compounds. '3!3

Because of its hybrid attributes, VP demonstrates a distinct dual oxidative capacity.
This enables the enzyme to efficiently oxidize compounds with varying redox potentials,
including phenolic and non-phenolic lignin, as well as diazo compounds, in a non-selective
manner, using H,O» as an oxidizing agent.'*!"!3? These exceptional characteristics have
sparked significant interest in VP for a wide range of biotechnological applications, such as
designing biosensors, creating analytical kits, enhancing paper and pulp bleaching processes,

and engaging in bioremediation efforts.'3

1.6 Research objectives

The development of a cost-effective and efficient biorefinery system for
lignocellulosic biomass has been a long-standing challenge. A major hurdle lies in the
complexity of extracting valuable chemical compounds from lignin during the biomass

pretreatment process while simultaneously maximizing the yield of fermentable sugars
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through saccharification.

In this study, I focused on the pretreatment phase of lignocellulosic biomass,
employing a biological pathway due to its non-destructive nature and significantly reduced
environmental impact compared to other methods. Specifically, I harnessed the capabilities
of three ligninolytic peroxidases derived from white-rot fungi to catalyze lignin
depolymerization in native biomass. My objectives were to obtain valuable aromatic
monomers and enhance lignin removal from lignocellulosic biomass, ultimately improving
the efficiency of saccharification for hemicellulose and cellulose.

To achieve these goals, I utilized a heterologous expression system to produce large
quantities of MnP from Ceriporiopsis subvermispora, LiP from Phanerochaete
chrysosporium, and VP from Pleurotus eryngii in Pichia pastoris. Subsequently, I assessed
the catalytic activity of these peroxidases towards aromatic monomers and lignin model
dimers.

Specifically, I conducted an extensive analysis on MnP using a guaiacyl-type lignin
model dimer (GGE) as my substrate of interest. This thorough investigation encompassed a
series of analytical techniques, including reverse-phase high-performance liquid
chromatography (RP-HPLC), two-dimensional nuclear magnetic resonance spectroscopy
(2D NMR), and size-exclusion chromatography (SEC). These analyses were employed to
study the products resulting from MnP's catalytic activity on GGE, allowing us to propose a
comprehensive reaction mechanism describing the interaction between MnP and GGE.
Furthermore, I ventured into exploring the potential of MnP for the valorization of Kraft

lignin. To achieve this, I compared the characteristics of MnP-polymerized Kraft lignin with
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those of untreated Kraft lignin. My examination involved assessing the total phenolic content
using the Folin-Ciocalteu method, tracking changes in molecular weight through SEC, and
scrutinizing structural alterations using 2D NMR. In sum, my research delved into both the
mechanistic intricacies of MnP's action on lignin model dimer and its potential for enhancing
the value of Kraft lignin.

Continuing my investigation, I proceeded to apply MnP and LiP for catalyzing lignin
depolymerization in beech wood within a commercial batch bioreactor. To further enhance
the efficiency of lignin depolymerization, I introduced a novel membrane bioreactor, as
previously reported by Steinmetz et al.'>” I then meticulously compared the results obtained
from this approach with those from a conventional batch bioreactor. In my pursuit of deeper
insights, I employed a range of analytical techniques to analyze the products generated during
the lignin depolymerization process. These techniques included gas chromatography mass
spectrometry (GCMS) to identify the specific products formed, Klason lignin quantification
to evaluate the extent of delignification achieved, SEC to explore changes in lignin molecular
weight, and enzymatic hydrolysis experiments to assess alterations in saccharification
efficiency. This comprehensive suite of analyses provided a detailed understanding of the
impact of MnP and LiP on lignin depolymerization in beech wood performed using batch and
membrane bioreactors.

In the final phase of my research, I utilized VP to pretreat rice straw using the
membrane bioreactor, with the primary goal of reducing the lignin content within the
lignocellulosic biomass. Following this pretreatment step, I rigorously evaluated the effects

of delignification by VP using a multi-pronged approach. First, I utilized SEC to examine
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changes in lignin molecular weight. Additionally, Fourier transform infrared spectroscopy
(FTIR) was employed to investigate changes in chemical functional groups within the rice
straw after VP pretreatment. Furthermore, I employed scanning electron microscopy (SEM)
to probe changes in surface morphology. Subsequently, I assessed the saccharification
efficiency of the pretreated rice straw and quantified the resulting enhancement in bioethanol
yield when compared to untreated straw samples. This study provided valuable insights into
the effectiveness of VP in improving the overall efficiency of this bioconversion process,

marking a significant contribution to the field of lignocellulosic biomass utilization.
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Chapter 2

Understanding manganese peroxidase-catalyzed conversion of the lignin
structure and its application for the polymerization of Kraft lignin

Reproduced from Ref. ACS Sustain. Chem. Eng., 2024 with permission from the American
Chemical Society. (DOI:10.1021/acssuschemeng.3c05635)
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2.1 Introduction

Currently, there are two main sources of lignin available worldwide: native lignin and
technical lignin.!? Native lignin refers to the lignin naturally occurring in plant cells, while
technical lignin is generated as a byproduct during industrial processes. Among the various
types of technical lignin, Kraft lignin (KL) stands out as a widely available lignin byproduct
produced from the Kraft process in the pulp and paper industries, obtained by treating wood
chips in a mixture of sodium hydroxide and sodium sulfide under high temperature and
pressure. Traditionally, due to its high calorific value, KL has been primarily burnt for energy
generation.>* However, with the growing interest in lignin valorization, KL has emerged as
a potential raw material for the synthesis of high value-added products. In this context,
understanding the properties and potential applications of KL has become crucial in the quest
for sustainable and economically viable utilization of lignin resources.

KL is typically abundant in phenolic compounds resulting from the cleavage of ether
linkages in lignin during the Kraft process.’ Additionally, KL exhibits a diverse range of
molecular weights and a variety of functional groups.* This variation in its chemical
composition, molecular structure, and molecular weight distribution can present challenges
for specific applications.* Consequently, effective utilization of KL necessitates the
modification of'its chemical properties to tailor it for specific requirements. Researchers have
demonstrated that polymerizing KL enables the synthesis of lignin-based biomaterials, such
as hydrogels and dispersants.>° Presently, chemical treatments, such as oxidative treatment,
are employed to modify the chemical properties of KL by capitalizing on its high phenolic
content.* However, these chemical methods often require harsh reaction temperatures, which

may not always be economically feasible.” As an alternative approach, researchers are
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investigating biocatalytic pathways involving the use of natural enzymes to achieve the
desired structural modification of KL. Biocatalytic methods offer advantages in terms of
sustainability and environmental friendliness compared to traditional chemical treatments.

Manganese peroxidase (MnP) distinguishes itself through its remarkable functional
versatility, offering numerous industrial applications, including pulp delignification,
biobleaching, and pollutant degradation.®!? Furthermore, MnP exhibits higher selectivity in
modifying bonds within the lignin structure compared to other ligninolytic enzymes, making
it a promising biocatalyst for lignin valorization.'' MnP can be classified as short, long, and
extra-long subfamilies based on the length of their predicted C-terminal tail.'*!*

Ceriporiopsis subvermispora is a highly esteemed white-rot fungus known for its
remarkable lignin-modifying capabilities.!*!> Among white-rot fungi, C. subvermispora
stands out due to the presence of all three subfamilies of MnP (short, long, and extra-long) in
its genome, a unique characteristic.'*!¢ Despite the absence of LiP and VP, C. subvermispora
displays effective lignin modification with notable selectivity, suggesting that MnP plays a
significant role in its ligninolytic activity.!*!> Therefore, comprehending the enzymatic
properties of MnP as to lignin holds great potential for harnessing its inherent abilities as a
biocatalyst for lignin valorization.

In this study, I focused on MnP117436, a MnP derived from C. subvermispora
(CsMnP). MnP117436 was specifically selected due to its high abundance within the long
MnP subfamily of C. subvermispora, particularly when cultivated in a medium containing
aspen wood.!” Here, I aimed to elucidate the enzymatic properties of this CsMnP as to lignin

and investigate its potential as a biocatalyst for the polymerization of Kraft lignin (KL). To
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achieve this, I examined the enzymatic properties of CsMnP using guaiacylglycerol-3-
guaiacyl ether (GGE) as a phenolic -O-4' type lignin model compound. The progress of the
reaction was monitored using reverse-phase high performance liquid chromatography (RP-
HPLC). Additionally, I characterized the reaction products through size-exclusion
chromatography (SEC) and two-dimensional nuclear magnetic resonance (2D NMR)
spectroscopy analyses. Furthermore, 1 assessed the ability of CsMnP to catalyze the
polymerization of KL and analyzed the resulting products using a combination of the Folin-

Ciocalteu method, SEC, and NMR spectroscopy.

2.2 Results and Discussion
2.2.1 Analysis of reaction products by RP-HPLC

I investigated the enzymatic properties of CsMnP towards the phenolic subunits in
lignin using guaiacylglycerol-p-guaiacyl ether (GGE), a phenolic lignin model dimer, as the
substrate. To gain insight into the products resulting from the conversion of GGE catalyzed
by CsMnP, I employed a RP-HPLC system to separate the products based on their
hydrophobic characteristics (Figure 2.1A). In the absence of H>O., only the peak
corresponding to GGE (Figure 2.1A, red trace) was detected on the chromatogram. Following
the addition of H>O3, a gradual reduction in the intensity of the GGE peak and the appearance
of new product peaks (P1-5) were observed over the course of the reaction. I estimated the
GGE content at each time point by analyzing the peak area of GGE on the RP-HPLC
chromatogram (Figure 2.1B). The results showed a gradual decrease in GGE content over
the reaction time, from 100% at 0 h to 22% at 48 h (Figure 2.1B). Particularly, a rapid

decrease in GGE content was observed during the initial 12 h of the reaction, indicating that
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the reaction proceeded rapidly at the early stage of the incubation.
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Figure 2.1. Reverse-phase high performance liquid chromatography (RP-HPLC) analysis of the reaction
mixture of CsMnP and GGE. (A) RP-HPLC chromatograms of the reaction mixture collected at different
reaction time points (0, 6, 12, 24, and 48 h). The peaks corresponding to GGE and reaction product peaks 1 to
5 (P1 to P5) are denoted based on their retention time. GGE was eluted at 34.2 min (red trace), P1 at 39.5 min
(cyan trace), P2 at 40.9 min (brown trace), P3 at 43.5 min (green trace), P4 at 44.0 min (purple trace), and P5
at 45.3 min (orange trace). (B) The GGE content at each reaction time point is plotted. The GGE content at each
reaction time point was deduced from the peak area on the chromatogram. The GGE content at 0 h was defined

as 100%.

The intensity of P1 increased steadily from 0 to 24 h, after which it slightly decreased
(Figure 2.2A). This suggests that a compound in P1 might undergo further reactions, leading
to the formation of other products catalyzed by CsMnP. In the meantime, the intensities of
P2-5 exhibited a continuous increase from 0 to 48 h (Figure 2.2B-D). After 48 h of incubation,

the predominant product peak was P1, followed by P3, P2, P5, and P4 (in decreasing order).
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Figure 2.2. Evolution of the intensity of product peaks P1 (A), P2 (B), P3 (C), P4 (D), and P5 (E) obtained on
RP-HPLC of the reaction mixtures of CsMnP and GGE at different reaction time points (0, 6, 12, 18, 24, 36,
and 48 h).

I also investigated the influence of various chemical compounds on the conversion of
GGE by CsMnP (Table 2.1). When the reaction was conducted without additional MnSO4
(case 4), the conversion of GGE was 51%. Comparatively, the inclusion of 2 mM MnSO4
(case 1) increased the conversion of GGE to 64%, indicating the beneficial role of additional

manganese ions in enhancing the catalytic activity of CsMnP for lignin structure
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modification.!® Furthermore, it is noteworthy that CsMnP exhibited no catalytic conversion

of GGE in the absence of H»O: (case 5), underscoring the essentiality of H>O» for the

enzymatic activity of CsMnP.

Table 2.1. The degree of conversion of GGE by CsMnP after 24 h*

Case GGE CsMnP MnSO4 H,0, Remaining GGE (%)° Converted GGE (%)
1 + + + + 35714 643+1.4

2 - + + + ND ND

3 + - + + 100.0£2.5 0.0£2.5

4 + + - + 48.9+£0.8 51.1+£0.8

5 + + + - 100.0+ 1.1 0.0+1.1

In case 1, the reaction was performed at room temperature in a 500 pL reaction mixture containing | mM GGE,
0.694 mU CsMnP, 2 mM MnSOs, 0.5 mM DSS-d¢, 10% D0, and 0.125 mM H;0O,. Then, 0.125 mM H,O; was
added every 6 h until 24 h. In cases 2-5, the reactions were performed under the same conditions except for a
lack of some component in each case. "The remaining GGE content was deduced from the peak area of GGE
on the RP-HPLC chromatogram. The GGE content at 0 h was defined as 100%. The mean and standard

deviation were obtained from two independent experiments. ND = not detected.

2.2.2 Analysis of compounds contained in P1-5 by SEC

Following the identification of five major product peaks (P1-5) through RP-HPLC, I
conducted further investigations to determine the molecular weight of the compound present
in each peak using SEC. Initially, I separated P1-5 based on their elution profile on RP-HPLC,
collecting P1 from 39.2-40.5 min, P2 from 40.8-41.5 min, P3 from 43.1-43.9 min, P4 from
43.9-44.4 min, and PS5 from 45.2-45.6 min. Subsequently, individual analysis of P1-5 was
performed using SEC.

Table 2.2 presents the molecular weights of the compounds identified in P1 to PS5 as

determined by SEC analysis. Remarkably, the molecular weights of the compounds in P1 to
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P5 displayed an increasing trend, consistent with the observed increase in hydrophobic
characteristics in the RP-HPLC chromatogram. The compound in P1 displayed a M, of 656,
approximately twice the molecular weight of GGE (320), which contains two aromatic rings
(dimer). This suggests that the compound in P1 is a tetramer, containing four aromatic rings.
The compound in P2 was estimated to consist of five aromatic rings (pentamer), followed by
P3 and P4, which contained six aromatic rings (hexamer), and P5, which contained seven

aromatic rings (heptamer).

Table 2.2. SEC analysis to deduce the number-average molecular weights (Mn) of the

compounds in P1 to P5 obtained by RP-HPLC

Compound My Estimated number of aromatic rings
GGE 320 Two

Compound in P1 656 Four

Compound in P2 748 Five

Compound in P3 887 Six

Compound in P4 975 Six

Compound in P5 1107 Seven

I propose that CsMnP mediates a radical coupling reaction between GGEs, leading to
the formation of compounds containing even numbers of aromatic rings (P1: four, P3 and P4:
six) through the establishment of carbon-carbon and/or ether interunit linkages. Similar
polymerization reactions have been reported for laccase!*?° and VP?! using GGE as a
substrate. Meanwhile, the formation of compounds containing odd numbers of aromatic rings
(P2: five and P5: seven) can be attributed to two potential mechanisms. Firstly, CsMnP may

catalyze the cleavage of the ether linkage within the compounds containing an even number

46



of aromatic rings (P3 and P4), resulting in the liberation of a monomeric product and
subsequent formation of a compound containing an odd number of aromatic rings (P2). A
similar phenomenon was observed during the conversion of GGE by VP, where it was
hypothesized that the odd-numbered heptamer was produced through the release of a
monomer from an octamer via ether bond cleavage.?! Secondly, CsMnP might cleave the
ether linkage within GGE itself, generating a single aromatic ring that subsequently
undergoes polymerization with the compounds containing even numbers of aromatic rings
(P1 or P3/P4), leading to the formation of compounds containing odd numbers of aromatic

rings (P2 or P5).

2.2.3 NMR analysis of GGE

I acquired 2D 'H-'*C HSQC (Figure 2.3) and HMBC (Figure 2.4) spectra for GGE
and assigned the signals accordingly. Firstly, I referred to previous studies for signal
assignment of GGE,?>? and subsequently employed the HMBC spectra with "Jcy= 5 and 8
Hz for confirmation. The aromatic and aliphatic regions of the HSQC spectrum are shown in
Figure 2.3A, while the chemical structures of GGE with a phenolic ring labeled as "A," a

non-phenolic phenoxy ring as "B," and a glycerol chain as “C” are depicted in Figure 2B.
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Figure 2.3. (A) Aromatic (left) and aliphatic (right) regions of 2D 'H-'3C HSQC spectrum of GGE. (B)

Chemical structure of GGE. The signal assignments are summarized in Table 2.3.
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Figure 2.4. Superimposition of the 2D 'H-'3C HSQC (blue) and HMBC (red) spectra of GGE. The aromatic
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Table 2.3. The signal assignments of the 2D 'H-'>C HSQC spectrum of GGE

Label o0c/on (ppm/ppm) Assignment

Bowme 56.1/3.47 C/H in methoxy groups of non-phenolic ring B of GGE
Aome 56.3/3.50 C/H in methoxy groups of phenolic ring A of GGE
Ceymyt 61.7/3.67 C,/H,1 in B-O-4' substructures
Ceymy2 61.7/3.74 C,/Hy; in B-O-4' substructures
CeyHa 61.7/4.55 C«/Hy in B-O-4' substructures
Cewyl 72.9/3.67 C«/Hy in B-O-4' substructures
CcwHa 72.9/4.55 C«/Hq in B-O-4' substructures
CcwHs 72.9/6.66 C«/Hg in A-ring

Cewm 72.9/6.74 C«/H in A-ring

Cepryt 83.6/3.67 Cp/H, in B-O-4' substructures
Ceprmp 83.6/4.37 Cp/Hp in B-O-4' substructures
Ccpta 83.6/4.55 Cp/H, in B-O-4' substructures
AcoHa 111.9/4.55 C»/Hq in A-ring

Acoms 111.9/6.66 C»/He in A-ring

Acym 111.9/6.74 C»/H; in A-ring

Beoms 113.1/6.66 C»/He in B-ring

Beym2 113.1/6.70 C»/H; in B-ring

Acs/us 115.6/6.57 Cs/Hs in A-ring

Bcs/ns 116.8/6.76 Cs/Hs in B-ring

AceHa 121.2/4.55 C¢/Hq in A-ring

Ace/ 1o 121.2/6.66 C¢/He in A-ring

Acem 121.2/6.74 C¢/Hz in A-ring

Bces/ e 121.9/6.66 C¢/He in B-ring

Beemz 121.9/6.70 Ce/Hi 2 in B-ring

Beimi 123.0/6.72 Ci/H; in B-ring

Bci/ss 123.0/6.76 Ci/H; in B-ring

Aci/Ha 133.2/4.55 Ci/Hq in A-ring

Acims 133.2/6.57 Ci/Hs in A-ring

Acim 133.2/6.74 Ci/H; in A-ring

Acwms 145.2/6.57 C4/Hs in A-ring

Acams 145.2/6.66 C4/He in A-ring
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Acamn 145.2/6.74 C4/H; in A-ring

Ac3H-0Me 147.4/3.50 Cs/Howme in A-ring
Acims 147.4/6.57 C3/Hs in A-ring
Acsmz 147.4/6.74 C3/H; in A-ring
Bcame 147.5/6.66 C4/Hg in B-ring
Beame 147.5/6.70 C4/Hs in B-ring
Besm-ome 149.8/3.47 Cs/Howme in B-ring

In the aliphatic region (dx = 5.0-3.0 ppm) of the HSQC spectrum, I observed six
signals (Figure 2.3A) and assigned them based on prior studies.?® Specifically, the signals at
oc/on = 56.3/3.50 and 56.1/3.47 ppm were attributed to Aome and Bowme, respectively.
Additionally, two signals at dc/0r = 61.7/3.67 and 61.7/3.74 ppm corresponded to Ccymy1 and
Ccymy2, respectively. The remaining two signals at oc/oy = 72.9/4.55 and 83.6/4.37 ppm were
assigned to Ccwna and Ccpmg, respectively.

In the aromatic region (dy = 7.0-6.2 ppm) of the HSQC spectrum, I identified seven
signals (Figure 2.3A) and assigned them following previous studies.?® Specifically, the
signals at oc/oy=111.9/6.74,115.6/6.57, and 121.2/6.66 ppm were attributed to Aca/m2, Acsms,
and Aceme, respectively. Furthermore, four additional signals at oc/on = 113.1/6.70,
116.8/6.76, 121.9/6.66, and 123.0/6.72 ppm were assigned to Bcam2, Besms, Beoems, and
Bcimi, respectively.

In the aliphatic region (o = 5.0-3.0 ppm) of the HMBC spectra, I observed six signals
in the top-right and middle-right of Figure 2.4, each connecting two HSQC signals. The
HMBC signal at 5¢/0n = 72.9/3.67 ppm connected the HSQC signals Ccy/my1 and Ccama, while
that at 6c/0n = 83.6/3.67 ppm connected the HSQC signals Ccymyr and Cepmp (Figure 2.4).

Therefore, these HMBC signals were attributed to Ccomyr and Cepry1, respectively. In terms

51



of the symmetry of the HMBC spectrum, the HMBC signals at oc/0n = 61.7/4.55 and
83.6/4.55 ppm (Figure 2.4) were assigned to Ccyme and Ccp/he, respectively. In other words,
the presence of these HMBC signals confirmed the assignment of the HSQC signals
mentioned above (Figure 2.3A). Furthermore, the HMBC signals at 6c/0n = 111.9/4.55 and
121.2/4.55 ppm connected the HSQC signals Ccwne and Acomz, and Ccouna and Acems,
respectively, and were therefore assigned to Acame and Acema (Figure 2.4), confirming the
HSQC signal assignments in Figure 2.3A.

In the aromatic region (dz = 7.0-6.2 ppm) of the HMBC spectra, I identified seven
signals in the top-left and middle-left of Figure 2.4, each connecting two HSQC signals.
Considering the symmetry of the HMBC spectrum, the HMBC signals at 6c/0n = 72.9/6.74
and 72.9/6.66 ppm were assigned to Acyn2 and Acwns (Figure 2.4). The presence of these
HMBC signals validated the HSQC signal assignments in Figure 2.3A. The HMBC signal at
oc/on = 111.9/6.66 ppm connected the HSQC signals Acemns and Acomz, while that at dc/on =
113.1/6.66 ppm connected the HSQC signals Bcemns and Beamz (Figure 2.4). Therefore, these
HMBC signals were attributed to Aczns and Beams, respectively. Considering the symmetry
of the HMBC spectrum, the HMBC signals at 6c/on = 121.2/6.74 and 121.9/6.70 ppm were
assigned to Acemn2 and Beem2, respectively. Furthermore, the HMBC signal at dc/ony =
123.0/6.76 ppm connected the HSQC signals Bcsms and Beimi, and was therefore assigned
to Bci/ms. Again, the presence of these HMBC signals confirmed the HSQC signal assignment
in Figure 2.3A.

All the signals observed in the bottom panels of Figure 2.4 (aliphatic and aromatic

regions) of the HMBC spectra were correlation signals involving the quaternary carbons,
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specifically positions 1, 3, and 4 for ring A, and positions 3 and 4 for ring B. From these
signals, the assignments of the quaternary carbons were made.
The detailed signal assignment of the HSQC and HMBC spectra of GGE is presented

in Figure 2.4 and Table 2.3.

2.2.4 NMR analysis of a compound present in P1
To determine the chemical structure of the predominant compound in the P1 fraction,

I utilized 2D 'H-*C HSQC and HMBC spectra (Figure 2.5).

53



A GGE and P1 B Pl
Aliphatic “C  [Aromatic 1+ v ! Aliphatic v °C
A "’B()Mc 1 n 1 A 1 B(]]\’h‘
ome & Lo : ove ¢ %
60 1 e 1 1 1 60
1 1 n 1 1 ]
) 70 [A o \ C o 70
Cu/Ha . ” wH6 a/Ha | }
> P S A Y ,LI__________'__T____
80 L | S £
_-_-.Ccu:Hn o X -C CRHP . E
4.5 4.0 3.5 'H i : : :
Aromatic BC Lo ! L
Aczmz 110 A(“Q:”ﬂ : Ei Ei E E E 110
- «g» B, - <> By : | :
115 o ! Vo L 115
< B, » @) Besys \ | !
120 o 1 1 : L 120
B Acons e . Acsmis . :
o> B ‘ - . i
C1/HI1 125 *_ _____ : : 125
:A('ivnﬁ : :
'H . —
c : !
X . ! 135
X . ! 140
! v 145
o A I Acowe o R
lemmm e s o 4= -‘ﬂl- --=-1150
: : B['R«H»OML‘
! ' ; 155
1 1 :
68 66 64 62 'H 4.5 40 35 H

Figure 2.5. (A) Superimposition of the 2D 'H-'3C HSQC spectra of GGE (orange) and P1 (blue).

(B)

Superimposition of the 2D 'H-1*C HSQC (blue) and 2D 'H-'3C HMBC (red) spectra of P1. The grey signals

were not assigned. The signal assignments are summarized in Table 2.4. (C) The chemical structure of the

compound present in P1 deduced from the analysis.
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Table 2.4. The signal assignments of the 2D 'H-'>C HSQC and HMBC spectra of P1

Label o0c/on (ppm/ppm)  Assignment Relative to A2
Bowme 56.1/3.38 C/H in methoxy groups of non-phenolic ring
B of P1
Aome 56.7/3.62 C/H in methoxy groups of phenolic ring A of
P1

AcoHa 73.1/4.55 C«/Hq in B-O-4' substructures
Acwhs 73.1/6.25 Co/Hg in A-unit
Acwm2 73.1/6.80 Co/H; in A-unit
Acpmp 84.0/4.40 Cp/Hp in B-O-4' substructures
Acom 111.5/6.80 C»/H: in A-unit 1.00
Beomz 113.1/6.66 C»/H> in B-unit 1.15
Bes/ms 117.2/6.73 Cs/Hs in B-unit 1.05
Beces/ms 121.9/6.66 Ci/H; in B-unit 1.00
Acems 122.3/6.16 and Cs/He in A-unit 0.51

122.7/6.25 0.60
Acem 122.7/6.80 C¢/H in A-unit
Bemi 123.1/6.72 C¢/He in B-unit 1.06
Acsime 125.4/6.25 Cs/He in A-unit
Acim 133.1/6.80 Ci/Hz in A-unit
Acym 142.7/6.80 C4/Hz in A-unit
Beamos 147.7/6.66 C4/Hz in B-unit
Bcans 147.7/6.73 C4/Hs in B-unit
AcsH-0Me 148.1/3.62 Cs/Howme in A-unit
Acym 148.1/6.80 Cs/Hz in A-unit
Bes/m-oMe 149.7/3.38 Cs/Howme in B-unit
Besmz 149.7/6.66 Cs/H; in B-unit
Beami 149.7/6.72 Cs/H, in B-unit
Beams 149.7/6.73 Cs/Hs in B-unit

Initially, I compared the HSQC spectra of P1 and GGE (Figure 2.5A). In the aliphatic

region, I observed the signals of P1 with similar, if not identical, 'H and '*C chemical shifts
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to the Aome, Bome, Ccano, and Ccpmp signals of GGE (Figure 2.5A). Based on this
resemblance, I attributed these signals of P1 to Aome (dc/0r = 56.7/3.62 ppm), Bome (dc/0n =
56.1/3.38 ppm), Ccouna (6c/on = 73.1/4.55 ppm), and Ccpnp (0c/on = 84.0/4.40 ppm).
Similarly, in the aromatic region, the signals of P1 exhibited identical 'H and '*C chemical
shifts to the Bcomz, Besms, Beeoms and Beni signals of GGE (Figure 2.5A). These signals of
P1 were assigned to Beomz (dc/0n = 113.1/6.66 ppm), Besms (dc/or= 117.2/6.73 ppm), Beems
(0c/0n =121.9/6.66 ppm), and Bcimi (0c/on = 123.1/6.72 ppm). Additionally, a signal of P1
closely resembling the Acomz signal of GGE was identified (Figure 2.5A). Consequently, I
assigned this signal of P1 to Acomz (0c/0m = 111.5/6.80 ppm). Then, it was noted that a signal
corresponding to Acsms of GGE was absent in the P1 spectrum. Thus far, it is evident that
the structure of a compound in the P1 fraction is closely related to that of GGE. In the
subsequent analysis, I identified the signal corresponding to position 5, along with the signal
corresponding to position 6 of the phenolic ring A of P1.

In the P1 HSQC spectrum (Figure 2.5A), I observed two new signals (dc/on =
122.3/6.16 and 122.7/6.25 ppm) that were not present in the GGE spectrum. In the P1 HMBC
spectrum (Figure 2.5B, top-left), I identified two signals (0c/0x = 73.1/6.80 and 73.1/6.25
ppm) with correlations to the C, of HSQC. The first signal, 6c/0n = 73.1/6.80 ppm, exhibited
a correlation with Acomz in the HSQC, and was therefore assigned to Acoh2. Consequently, |
assigned the other signal, dc/0n = 73.1/6.25 ppm, to Acwns. As a result, one of the two new
signals in the P1 HSQC spectrum, oc/on = 122.7/6.25 ppm, was assigned to Acemns (Figure
2.5B).

Assignments for the chemical shifts of carbons at positions 1, 3, 4, and 6 of ring A
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were based on the resemblance in the HMBC spectrum between GGE and P1, illustrated at
the bottom left of Figure 2.5B. Moreover, the chemical shift of carbon at position 2 of ring A
had been previously assigned, as explained earlier. The HMBC signal at dc/on = 125.4/6.25
ppm indicated a two or three bond correlation between the proton at position 6 of ring A and
the carbon at position either 1, 2, 4, or 5 of the same ring, A. As dc = 125.4 ppm differed from
the chemical shift of already assigned carbons at positions 1, 2, and 4 of ring A, the HMBC
signal at dc/oy = 125.4/6.25 ppm was attributed to Acsme. Then, it turned out that a HSQC
signal for the position 5 of ring A of P1 was not present. Therefore, I concluded that the
proton of position 5 of ring A of P1 had undergone deprotonation.

Next, I analyzed the relative intensities of the HSQC signals of P1 (Table 2.4). All
signals of rings A and B were observed to be close to 1, except for the two new signals
(0c/on = 122.3/6.16 and 122.7/6.25 ppm) with approximately 0.5 intensity, respectively.
Since the latter signal was assigned to Acems, I concluded that the former one also
corresponds to Acemns. The differences in chemical shifts are probably due to conformational
variations. The molecular weight analysis of P1 indicated that the compound in P1 contains
four aromatic rings (Table 2.2). Since no HSQC signal other than the signals corresponding
to rings A and B was observed, it is supposed that the structure of P1 is symmetrical, except
for the Cs/Hs moiety of ring A.

Based on my analysis of HSQC and HMBC signals for P1, I propose that the primary
compound in P1 has a chemical structure consisting of two GGE portions connected by a 5-
5" linkage (Figure 2.5C). Several lines of evidence support this conclusion: Firstly, the SEC

analysis of P1 indicated a molecular weight consistent with two GGE portions. Secondly, the
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disappearance of the HSQC correlation for As (Figure 2.5A) suggests the deprotonation of
position 5 of the phenolic ring A of P1, which is indicative of the formation of a 5-5' linkage.
Lastly, I observed a shift in the '*C chemical shift for position 5 of phenolic ring A of P1 from
oc=115.6 (GGE) to 125.4 ppm (P1). This observation aligns with a previous NMR study by
Ralph et al., where the formation of a 5-5" carbon-carbon interunit linkage of identical dimers
resulted in a downfield perturbation of the carbon directly involved in the formation of the
interunit linkage.?* In conclusion, I revealed that a radical coupling reaction occurred
between two GGE molecules at Cs in phenolic ring A, resulting in the formation of P1, a 5-
5" biphenyl GGE (Figure 2.5C).

In my proposed reaction mechanism involving CsMnP and GGE (illustrated in Figure
2.6), the catalytic activity of CsMnP is initiated in the presence of H>O2, CsMnP compound
I being formed. CsMnP compound I then oxidizes Mn?" to Mn>" and generates CsMnP
compound I1.2°?7 Similarly, CsMnP compound II oxidizes Mn** to produce Mn>" and reverts
to ferric CsMnP, completing the catalytic cycle of CsMnP. The chelated Mn** ions produced
by CsMnP act as diffusible redox mediators, facilitating the oxidation of the phenolic
substrate (phenolic ring A) in GGE. This oxidation leads to the abstraction of a hydrogen
atom from the OH group on GGE, resulting in the formation of a GGE radical. Subsequently,
a radical coupling reaction occurs between two GGE radicals at Cs on phenolic ring A,
yielding a 5-5" biphenyl GGE. Further catalytic activity of CsMnP leads to additional

reactions, ultimately yielding products such as P2-5.
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Figure 2.6. A proposed reaction scheme for the conversion of GGE catalyzed by CsMnP and the catalytic cycle
of CsMnP.2>%

2.2.5 Application of CsMnP for KL polymerization

Having observed the polymerization ability of CsMnP as to a guaiacyl-type phenolic
lignin dimer, I further explored its potential for polymerizing KL. To compare the
characteristics of untreated KL (KL) and CsMnP-treated KL (CsMnP-KL), I conducted
analyses to determine their total phenolic contents using the Folin-Ciocalteu method,
estimated their molecular weights through SEC analysis, and performed structural analysis
using NMR spectroscopy.

Before initiating the enzymatic reaction with H>O, the phenolic content of KL was
determined to be 168.1 mg GAE/g KL (Table 2.5). After 24 hours of reaction, the phenolic
content of CsMnP-KL had decreased by 37% to 106.7 mg GAE/g KL. These findings suggest

that CsMnP initiated the oxidation of phenolic OH groups in KL, leading to the formation of
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highly reactive phenoxyl radicals.?®3° These radicals can undergo cross-reactions,
establishing new interunit linkages and causing the reduction in the phenolic content of

KL.28’29

Table 2.5. The phenolic contents, number-average (M) and weight-average (My) molecular

weights, and polydispersity (Mw/Mn) of untreated KL and CsMnP-treated KL (CsMnP-KL)*

Sample Phenolic content” Ma Mw Mw/Mn
(mg GAE/g KL)
KL
Oh 166.2 + 3.1 2844 14036 4.93
24 h 165.3+4.6 2872 14389 5.01
CsMnP-KL
Oh 168.1+5.9 3521 18831 5.35
24 h 106.7 4.5 15586 68574 4.40

“Reaction was performed at 30 °C for 24 h in a 50 mL reaction mixture containing 0.5 g KL, 2 mM MnSO,
0.25 mM H,0, and with or without 5 U CsMnP. Then, 0.25 mM H,O, was added every 12 h until 24 h. ®The
phenolic content was expressed as mg gallic acid equivalent (GAE) per 1 g of KL. The mean and standard

deviation were obtained from two independent experiments.

Subsequently, I conducted SEC analysis to determine the molecular weights of KL
and CsMnP-KL (Table 2.5). After 24 hours of reaction, the M, and My, of CsMnP-KL had
increased, while the polydispersity decreased from 5.35 to 4.4. Specifically, the My of
CsMnP-KL exhibited a 3.6-fold increase, increasing from 18,831 to 68,574. These results
indicate that CsMnP effectively catalyzed the polymerization of KL, resulting in the
formation of various new interunit linkages and the subsequent increase in My. Similar
increases in the My have been reported when laccase was employed for KL

polymerization.?>3!-** The higher molecular weight of CsMnP-KL enables new applications,
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such as lignin-based hydrogels, lignin-based dispersants, and thermoplastic blends,
enhancing thermal and mechanical performance.*-3

Next, I employed NMR spectroscopy to investigate the chemical structures of KL and
CsMnP-treated KL (CsMnP-KL). The HSQC spectra of KL and CsMnP-KL are shown in
Figures 2.7A and 2.7B, respectively, with the aliphatic and aromatic regions depicted in the
upper and lower panels, respectively. Signal assignments were made with reference to
relevant literature sources.’’>? In the aliphatic region, I identified HSQC correlations
corresponding to the methoxy group (-OMe), phenylcoumaran (B), resinol (C), diaresinol

(C"), B-O-4" (A), and xylan (X) present in KL (Figure 2.7). Additionally, correlations

corresponding to the guaiacyl-unit (G) were observed in the aromatic region.
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signal assignments are summarized in Table 2.6.
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Table 2.6. The signal assignments of the 2D 'H-'3C HSQC spectra of untreated KL and

CsMnP-treated KL (CsMnP-KL)

Label 0¢/0n (ppm/ppm) Assignment

C"p 48.8/3.19 Cp/Hp in diaresinol substructures
Bg 53.3/3.46 Cp/Hp in phenylcoumaran substructures
Cs 53.5/3.06 Cp/Hp in resinol substructures
-OMe 55.6/3.73 C/H in methoxy groups

Ay 59.5-59.7/3.4-3.7 C,/Hy in B-O-4' substructures

Aq 70.9/4.71 Co/Hq in B-O-4' substructures

Cy 71.0/3.79 and 4.16 C,/H, in resinol substructures

X 73.0/3.08 C»/H; in xylan

X3 74.3/3.34 C3/H3 in xylan

X4 75.9/3.52 C4/Hs in xylan

Ag 83.5/4.27 Cp/Hp in B-O-4' substructures

Co 84.9/4.64 Co/Hq in resinol substructures
G 110.9/6.98 C»/H; in guaiacyl unit

Gs 114.9/6.77 Cs/Hs in guaiacyl unit

Ge 119.0/6.80 Ce/He in guaiacyl unit

Following a 24-hour reaction, the signal intensities of phenylcoumaran, resinol, B-O-

4', and guaiacyl in CsMnP-KL exhibited a decrease compared to those of KL (Table 2.7).

Meanwhile, the signal intensities of xylan and diaresinol remained largely unaftected by

CsMnP treatment. The reduction in signal intensities for f-O-4', phenylcoumaran, and resinol

can be attributed to the cleavage of these substructures during treatment with CsMnP. This is

consistent with the previous study that demonstrated the cleavage of the B-aryl ether and B-

B’ resinol substructures when alkali lignin was treated with a commercial bacterial laccase.™
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Table 2.7. The relative amount of the lignin substructures present in CsMnP-treated KL

(CsMnP-KL) to those for untreated KL

Label Relative amount (%)
-OMe 59.7
B-0-4' (A) 43.8
Phenylcoumaran (B) 304
Resinol (C) 32.6
Diaresinol (C") 98.8
Xylan (X) 99.1
Guaiacyl (G) 43.5

*The relative amount of lignin substructures was calculated using Eq (2.1) below, based on the volume integrals
of the signals in the HSQC spectrum. The amount of lignin substructures present in untreated KL was defined

as 100%. Each signal volume was normalized based on the signal volume for DSS-de.

Equation 2.1. The relative amount of lignin substructures present in CsMnP-KL as
to those for untreated KL was determined based on the volume integrals of the signals in the
HSQC spectrum. [ Scemnp—ki i the volume integral of the signals for the lignin
substructure present in CsMnP-KL. [ Sg;. is the volume integral of the signals for the lignin

substructure present in untreated KL.

Relative amount (%) = ISC}";& x 100% 2.1)
KL

The reduction in signal intensity of the guaiacyl-unit suggests the deprotonation of
the benzenic ring in KL and polymerization, which aligns with the results obtained on SEC

analysis (Table 2.5). Similar trends of involving decreased or vanished aromatic proton

signals in NMR spectra have been noted in laccase-catalyzed polymerization of
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4041 and kraft lignin”?*2**. In these studies, the researchers attributed this

lignosulfonates
phenomenon to the creation of polymerized structures through a-5', 5-5', and 4-O-5' linkages.

Collectively, the outcomes of total phenolic content quantification, SEC analysis, and

NMR analysis consistently indicate CsMnP-catalyzed polymerization of KL.

2.3 Conclusions

In conclusion, my study using GGE and KL as substrates provides strong evidence
for the effectiveness of CsMnP as a biocatalyst for lignin phenolic subunit polymerization.
The results clearly show that CsMnP catalyzed the formation of a biphenyl GGE linked at
the 5-5' position of the phenolic ring, and also generated compounds up to heptamer length,
indicating that polymerization was the primary reaction. Additionally, CsMnP demonstrated
a remarkable ability to polymerize KL, resulting in a substantial 3.6-fold increase in
molecular weight and a noteworthy 37% reduction in phenolic content. NMR analysis
provided insights into the role of CsMnP in facilitating polymerization reactions on KL.
These significant findings shed new light on the enzymatic properties of CsMnP and
highlight its potential as a biocatalyst for lignin-based product synthesis through

polymerization reactions.

2.4 Experimental procedures
2.4.1 Cloning and expression of CsMnP in Pichia pastoris, and preparation of crude
CsMnP

The DNA template encoding the MnP enzyme from Ceriporiopsis subvermispora
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(designated as CsMnP, Joint Genome Institute protein code CsMnP10: 117436) was
synthesized by Thermo Fisher Scientific. The CsMnP gene was amplified through
polymerase chain reaction (PCR) and then ligated with the pPICZaA vector (Invitrogen,
USA) using Kpnl and Nofl restriction sites. Subsequently, the resulting pPICZaA-CsMnP
vector was linearized with Sacl and introduced into P. pastoris X-33 (Invitrogen, USA) by
electroporation. The transformants were cultured on YPDS agar medium (1% yeast extract,
2% peptone, 2% glucose, 1 M sorbitol, 2% agar, and 100 pg/mL zeocin) for three days at
30 °C. The positive clones were selected by performing colony PCR, a 1 mL-scale expression
check, and an activity assay.

To produce CsMnP, a single colony of the confirmed transformant was inoculated
into 100 mL of BMGY medium (1% yeast extract, 2% peptone, 1.34% yeast nitrogen base
with ammonium sulfate, 0.1 M potassium phosphate (pH 6), 0.4 pg/mL biotin, and 1%
glycerol) in a 500 mL baffled flask. The culture was then incubated at 30 °C and 200 rpm
shaking until the optical density at 600 nm (ODgoo) reached 6.0. To induce the expression of
CsMnP, the cells were harvested by centrifugation at 3,500 x g for 5 min and resuspended in
BMMY medium (1% yeast extract, 2% peptone, 1.34% yeast nitrogen base with ammonium
sulfate, 0.1 M potassium phosphate (pH 6), 0.4 pg/mL biotin, and 0.5% methanol)
supplemented with 1 mM CaCl,, which was pre-cooled at 15 °C, to achieve an ODggo of 1.0.
The induction was carried out at 15 °C. During the induction phase, 0.5% methanol and 0.2%
hemin stock solution (10 mg/mL hemin in a 0.1 M NH4OH solution) were added every 12 h.
After 72 h, the supernatant containing the secreted CsMnP was collected by centrifugation at

8,000 x g for 30 min. Subsequently, the supernatant was filtered with a 300-kDa cut-off
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membrane (Pall, USA) using a Minimate TFF system (OAPMP110, Pall) to eliminate cell
debris. The resulting cell-free supernatant was concentrated 40-fold and buffer-exchanged to
50 mM sodium malonate (pH 5) with a 10-kDa cut-off membrane (Pall, USA). This solution,

referred to as crude CsMnP, was stored at 4 °C for future use.

2.4.2 Activity assaying of CsMnP

The enzymatic activity of crude CsMnP was determined employing 2,6-
dimethoxyphenol (DMP) as the substrate. The reaction was conducted at 25 °C in a total
volume of 200 pL, with 50 mM sodium malonate (pH 5), 10 pL of crude CsMnP, 1 mM DMP,
1 mM MnSOs, and 0.1 mM HO,. To monitor the formation of the product (coerulignone),
the increase in visible light absorbance at 469 nm was measured using an Infinite® 200 PRO
(TECAN) spectrophotometer. The amount of coerulignone was determined using the molar
absorption coefficient of coerulignone (g469 =53,200/M cm).*? In this study, one unit (U) of
enzyme activity was defined as the amount of CsMnP required to catalyze the production of

1 umol of coerulignone per minute under the specified assay conditions.

2.4.3 Reaction of GGE with CsMnP

The enzymatic reaction of CsMnP with guaiacylglycerol-p-guaiacyl ether (GGE, TCI,
Japan) was performed in a 1 mL reaction mixture containing 50 mM sodium malonate (pH
5), 1 mM GGE, 0.694 mU CsMnP, and 2 mM MnSOs. The reaction was initiated by adding
0.125 mM H>O; and conducted at 25 °C. Then, 0.125 mM H»O; was added once every 6 h.

A total of seven samples were prepared for the reaction, which was terminated by heating at
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95 °C for 10 min at 0, 6, 12, 18, 24, 36, and 48 h, respectively. Following termination, all
samples were frozen and stored until further analysis. Two independent experiments were
performed to obtain the mean and standard deviation.

To analyze the individual reaction products, a large-scale enzymatic reaction was
carried out for 48 h using the same reaction composition. The reaction mixture volume was

adjusted to 25 mL.

2.4.4 Analysis and separation of reaction products by RP-HPLC

The reaction mixture collected at each time point was subjected to analysis using a
RP-HPLC system (Shimadzu, Japan) equipped with an SPD-20A UV-Vis detector set to
detect absorbance at 280 nm. To prepare the samples for analysis, acetonitrile (ACN) was
added to a final concentration of 5%, and the resulting mixture was filtered through a 0.2 pm
polytetrafluoroethylene (PTFE) membrane. For analysis, 20 pL of the filtered sample was
injected into a TSKgel ODS-80Twm (6.0 x 150 mm, Tosoh, Japan) analytical column, which
was maintained at 45 °C throughout the analysis. The mobile phases consisted of water
(eluent A) and ACN (eluent B), both containing 0.1% trifluoroacetic acid. The elution profile
used was as follows: an isocratic step at 5% B for 0-5 min, a linear gradient from 5% to 40%
B over 5-15 min, a linear gradient from 40% to 95% B over 15-40 min, an isocratic step at
95% B for 40-45 min, a linear gradient from 95% to 5% B over 45-46 min, and an isocratic
step at 5% B for 47-52 min. The flow rate was set at 0.5 mL/min. The GGE content was
determined based on the peak area on the chromatogram.

For further analysis, a 15 mL portion of the reaction mixture collected at 48 h was
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concentrated by lyophilization, and the resulting concentrate was dissolved in 1 mL of 5%
ACN. The solution was then filtered through a 0.2 pm PTFE membrane. Subsequently, 100
uL of the filtered sample was injected into the RP-HPLC system and separated using the
same elution profile as described earlier. The reaction products were individually collected,

lyophilized, and subjected to analysis by SEC and 2D NMR.

2.4.5 Molecular weight analysis of reaction products by SEC

To determine the molecular weights of the reaction products, each sample obtained
from the RP-HPLC as explained in the last paragraph of the previous section was dissolved
in tetrahydrofuran (THF). Subsequently, the samples were filtered through a 0.2 um PTFE
filter and injected into an HPLC system equipped with an SPD M20A photodiode array
detector. Three TSKgel SuperMultiporeHZ-M analytical columns (4.6 x 150 mm, Tosoh)
were connected in tandem for the analysis. The detection was done at 280 nm.

The analysis was performed at 40 °C using THF as the mobile phase, at a flow rate
of 0.35 mL/min. To estimate the molecular weights of the reaction products, a calibration
curve was constructed utilizing a series of polystyrene standards (PStQuickC, weight average
molecular weight (Mw) = 5970-2110000, Tosoh), 1-(3,4-Dimethoxyphenyl)-2-(2-
methoxyphenoxy)-1,3-propanediol (Mw = 334), and vanillin (My = 152).** These standards

aided in the determination of the molecular weights of the reaction products.

2.4.6 Structural analysis of the reaction product by 2D NMR

The reaction product obtained on RP-HPLC as explained above was dissolved in 270
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uL of D20 and 30 uL of DMSO-ds supplemented with 0.5 mM deuterated 4,4-dimethyl-4-
silapentane-1-sulfonic acid (DSS-ds). To elucidate its structural characteristics, [ acquired 2D
'H-13C heteronuclear single quantum coherence (HSQC) and 2D 'H-!*C heteronuclear
multiple bond correlation (HMBC) spectra at 298 K, employing standard Bruker pulse
sequences ‘hsqcetgpprsisp2.2’ and ‘hmbegplpndqf®, respectively. A 2D 'H-'3C HSQC
spectrum was recorded for GGE only, acting as a control.

All NMR spectra were recorded at 298 K using a Bruker Avance III HD 600 MHz
instrument equipped with a 5 mm cryogenic probe and Z gradient (Bruker BioSpin, MA,
USA). To calibrate the chemical shifts of the acquired HSQC spectra, I used DMSO as a
reference with ¢ 39.5 ppm and dx 2.49 ppm. Data processing, signal assignment, and volume
integration were performed using Bruker TopSpin 3.6.4 software. Each signal volume was

normalized based on the signal volume for DSS-ds.

2.4.7 Polymerization of KL by CsMnP

Polymerization of KL (471003, Sigma-Aldrich) was carried out using CsMnP. The
reaction was conducted in a 50 mL reaction mixture consisting of 50 mM sodium malonate
(pH 5), 0.5 gKL, 5 U CsMnP, and 2 mM MnSQg at 25 °C. To initiate the enzymatic reaction,
0.25 mM H>O» was added. The reaction proceeded for 12 h, after which an additional 0.25
mM H>O> was added, and the reaction was allowed to continue for another 12 h.
Subsequently, the pH of the reaction mixture was adjusted to 2.5 using hydrochloric acid,
resulting in the formation of a precipitate comprising the reaction products. This precipitate

was collected by centrifugation at 10,000 % g for 10 min and subjected to three washes with
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acidified water (pH 2.5).”* The resulting sample was then lyophilized. A control experiment
was also conducted following the same procedure but omitting CsMnP. The characteristics

of KL and CsMnP-treated KL (CsMnP-KL) were then compared.

2.4.8 Estimation of total phenolic content in KL
The total phenolic content of the samples was determined using the Folin-Ciocalteu

1.3 The samples were dissolved in

method, following the procedure described by Luisa et a
DMSO to achieve a concentration of 0.2 mg/mL. Subsequently, 100 pL aliquots of these
prepared samples were combined with 500 uL of Folin-Ciocalteu reagent, followed by the
addition of 400 pL of 0.7 M Na>COs. The resulting mixture was incubated at 50 °C for 10
min. Afterward, it was cooled to room temperature, and the absorbance at 760 nm was
measured using an Infinite® 200 PRO spectrophotometer. The total phenolic contents of the
samples were determined by comparing the absorbance values to a calibration curve

generated from a standard solution of gallic acid (1 to 200 mg/L). The results were expressed

as milligrams of gallic acid equivalent (GAE) per one gram of either KL or CsMnP-KL.

2.4.9 Molecular weight analysis of KL by SEC

To determine the molecular weights of KL and CsMnP-KL, the samples were
dissolved in a 10 mM NaOH solution and subsequently filtered through a 0.2 um PTFE filter.
The filtered samples were then injected into a HPLC system equipped with an SPD-20A UV-
Vis detector. Detection was carried out at 280 nm. For the analysis, I utilized a TSKgel

G3000PWxy analytical column (7.8 x 300 mm, Tosoh, Japan), which was maintained at a
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constant temperature of 35 °C. The mobile phase used in the chromatographic separation was
a 10 mM NaOH solution, and the flow rate was set at 0.5 mL/min. To estimate the molecular
weights of the samples, a calibration curve was constructed using a series of polystyrene

sulfonate sodium salt standards with known peak molecular weights (Mp) of 891 to 151000.

2.4.10 Structural analysis of KL by 2D NMR

For NMR analysis, I dissolved 20 mg of the samples in 300 puL of DMSO-ds
containing 0.5 mM DSS-ds. To acquire the 2D 'H-13C HSQC spectra, I employed the standard
Bruker pulse sequence ‘hsqcetgpprsisp2.2’ at 298 K. To calibrate the chemical shifts of the
acquired HSQC spectra, I used DMSO as a reference with dc 39.5 ppm and dx 2.49 ppm.
Data processing, signal assignment, and signal volume integration were performed using
Bruker TopSpin 3.6.4 software. To normalize each signal volume, I used the signal volume
for DSS-ds as a reference.

I estimated the amounts of B-O-4', phenylcoumaran, and resinol by analyzing the
volumes of their Cqo-Hq correlation peaks.*®*’ Similarly, the amount of diaresinol was
estimated from the volume of the Cp-Hp correlation peak. To estimate the amount of xylan, I
analyzed the volume of C3-Hj3 correlation peak. Lastly, the amount of a G-unit was estimated

based on the volume of the C>-H: correlation peak.
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Chapter 3

Enhanced depolymerization of beech wood lignin and its removal with
peroxidases through continuous separation of lignin fragments

Reproduced from Ref. Green Chem., 2023, 25, 7682-7695 with permission from the Royal
Society of Chemistry. (DOI: 10.1039/D3GC01246H)
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3.1 Introduction

Woody biomass, a second-generation biomass packed with valuable organic
compounds such as cellulose, hemicelluloses and lignin, is abundantly available on earth.!
Recent consensus on the success of future biorefineries relies on the complete valorization
of all these organic compounds in the biomass. Although high-value-added products from
polysaccharides are extensively realized, lignin is heavily underutilized due to the absence
of an economically feasible lignin depolymerization technique.> When an effective lignin
depolymerization process is developed, a complete biorefinery process involving lignin
valorization will result.>”’

Currently available lignin depolymerization processes can be classified into physical,
chemical, and biological treatments.®!! Biological treatment exhibits excellent potential as it
bypasses the need of harsh chemicals and reaction conditions. In nature, lignin is biologically
degraded by microorganisms such as fungi and bacteria, fungi being the major lignin
degraders.'>"'* White-rot fungi are particularly intriguing as they are able to degrade lignin
by secreting a variety of lignin-degrading enzymes, such as laccase,'>?° manganese
peroxidase (MnP), lignin peroxidase (LiP), and versatile peroxidase (VP).?!-?°

One of the major obstacles for lignin depolymerization by these enzymes is the co-
occurrence of lignin depolymerization and repolymerization reactions.’®?” The radical
formation catalyzed by ligninolytic enzymes lead to either the cleavage of lignin interunit
linkages or undesirable repolymerization of lignin fragments through free radical coupling.
The occurrence of radical coupling seriously limits the efficacy of enzymatic

depolymerization.?®°
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To date, various ingenious strategies have been developed to improve the efficiency
of lignin depolymerization, such as the stabilization or suppression of reactive intermediates
using an auxiliary enzyme,?* base-catalyst,*® and solvent,*"*? or by limiting the accessibility
and mobility of reactive lignin moieties by performing the reaction in the solid-state.*
Recently, a membrane bioreactor that was designed for a laccase-catalyzed reaction by
Steinmetz et al.>* successfully shifted the technical lignin reaction from polymerization to
depolymerization. In the membrane bioreactor, reactive lignin fragments generated by
laccase were continuously isolated from the reaction system, which reduced the
repolymerization reaction and enhanced the efficiency of lignin depolymerization. This
approach is expected to be favorable also for a peroxidase-catalyzed reaction. Here, the
effects of lignin fragment isolation on not only lignin depolymerization but also lignin
removal through the peroxidase-catalyzed reaction were examined using various analytical
methods. It is also notable that the effect of the peroxidase-catalyzed reaction was examined
for a natural woody biomass in this study.

Here, I investigate the benefit of separating lignin fragments for the peroxidase-
catalyzed lignin depolymerization of a natural woody biomass, beech wood, by comparing
the reaction in a conventional batch bioreactor and that in the membrane bioreactor. For the
reaction, heterologously-expressed white-rot fungal peroxidases, MnP of Ceriporiopsis
subvermispora (also known as Gelatoporia subvermispora) and LiP of Phanerochaete
chrysosporium, were used. In order for a sustainable and economical approach, both enzymes
are used without any chromatographic purification and the reaction is performed at room

temperature with a low enzyme dosage (2 U per 1 g of beech wood).
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Size-exclusion chromatography (SEC) analysis of the products released into the
aqueous phase demonstrated a tremendous increase in the total amount of water-soluble
lignin fragments attained by using the membrane bioreactor. Gas chromatography mass
spectrometry (GCMS) analysis on the fragments revealed the presence of a variety of short
aliphatic and aromatic compounds as constituents.

Then, the solid residues in the reaction vessels for batch and membrane bioreactors
were analyzed. Lignin quantification by Klason lignin and UV-Vis spectroscopic methods
indicated the enhanced lignin removal for the membrane bioreactor. Furthermore, the SEC
analysis demonstrated the significant enhancement of lignin depolymerization achieved by
applying the membrane bioreactor, which results in an increase in the yield of low molecular
weight lignin. Additionally, two-dimensional nuclear magnetic resonance spectroscopy (2D
NMR) also supported the significant lignin removal from the solid residues for the membrane
bioreactor.

Overall, this study demonstrated remarkable improvement in peroxidase-catalyzed
depolymerization of beech wood lignin when performed in the membrane bioreactor as
opposed to the batch bioreactor. Isolation of highly reactive lignin fragments is suggested to
be the key to accomplish greater lignin depolymerization of a native biomass without the

requirement of harsh chemicals or solvents.
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3.2 Results and discussion
3.2.1 Peroxidase-catalyzed lignin depolymerization in batch and membrane bioreactors
Milled beech wood (MBW), prepared by size reduction and extractives removal, was
used as a natural lignocellulosic substrate for evaluating peroxidase-catalyzed lignin
depolymerization using either a batch or membrane bioreactor. Crude MnP or LiP, which
were heterologously expressed in Pichia pastoris, was used for this evaluation. The reaction
using the batch or membrane bioreactor was performed for eight hours, as illustrated in
Figure 3.1. In the batch bioreactor (Figure 3.1a), the enzymatic reaction proceeded without
any separation of reaction components. 0.2 mM H>O; was added at the beginning and 0.1
mM after four hours of reaction for the batch bioreactor. On the other hand, in the reaction
using the membrane bioreactor (Figure 3.1b), low molecular weight components including
depolymerized products were continuously separated from the reaction mixture by
ultrafiltration through a regenerated cellulose (RC) membrane with a 3000 molecular weight
cut off MWCO). 80 mL of buffer containing 0.2 mM H>0O, and 1 mM MnSO4 was added
every hour of reaction for the membrane bioreactor. The pressure inside the membrane
bioreactor was kept constant, the filtration rate remaining constant at around 80 mL h’!

throughout the reaction, indicating no fouling or clogging of the RC membrane.
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a Batch Reaction vessel b Membrane Reaction vessel
Displaced air ™ > 3kDa
with N, Cofactors - < 3 kD
Buffer MnP or LiP & 2
Cofactors Milled beech wood 3 kDa cut-off
MnP or LiP

Milled beech wood

9 (9

Figure 3.1. Schematic drawing of bioreactors used for the enzymatic reaction. (a) Batch bioreactor. (b)

Membrane

Membrane bioreactor.

3.2.2 Analysis of aromatic products released into the aqueous phase

Water-soluble products that were released into the aqueous phase through a
peroxidase-catalyzed reaction were analyzed by SEC with UV absorbance detection at 280
nm. For the batch bioreactor, the water-soluble products were obtained from the supernatant
of the reactant after 8 h incubation of MBW with either MnP (Figure 3.2a, black line) or LiP
(Figure 3.2b, black line). In the case of both MnP and LiP, a peak (denoted as B_19 in Figure
3.2) was detected at 18.8 min. As B_19 was not detected for the control sample, which was
obtained by performing the experiments without either a peroxidase (Figure 3.2a and 3.2b,
cyan line) or MBW (Figure 3.2c), B 19 is regarded as being a peak of a reaction product
derived from MBW through a peroxidase-catalyzed reaction. The UV absorbance at 280 nm
of the product indicated that it contains aromatic groups. This suggests that the product is a
lignin fragment derived from MBW. Sulfonated polystyrene whose molecular weight is 894
appeared at 14.2 min in the same SEC experiment, while guaiacol whose molecular weight

is 124 did at 21.0 min. This indicates that the molecular weights of products corresponding
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to B 19 are between 124 and 894. These results indicate that both MnP and LiP successfully
catalyzed the depolymerization of MBW in the batch bioreactor and produced a water-soluble

lignin fragment.
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Figure 3.2. SEC analyses of the reaction products released into the aqueous phase of milled beech wood (MBW)
treated with peroxidases in batch and membrane bioreactors. (a-c) The SEC profiles for the reaction products
released into the aqueous phase for the batch bioreactor. MBW was reacted with either MnP (a) or LiP (b) for
8 h. The cyan lines in (a) and (b) are controls; MBW was incubated without an enzyme for 8 h. Either MnP or
LiP was also incubated without MBW for 8 h (¢), which is also a control. (d-f) The SEC profiles for the reaction
products released into the aqueous phase for the membrane bioreactor. MBW was reacted with either MnP (d)

or LiP (e), and for each of them, the SEC profile of the filtrate collected after 1 hour is shown. The cyan lines
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in (d) and (e) are controls; MBW incubated without an enzyme and filtrate was collected after 1 h. Either MnP
or LiP was incubated without MBW and the filtrates were collected after 1 h (f), which were also controls. The
major peak at 18.8 min is highlighted in orange. The asterisks in (c) and (f) denote the position of B 19 and
M 19, respectively. Peaks highlighted in gray are not of interest as they were also detected for the control

sample without MBW. (g) The total amounts for B 19 and M_19 estimated according to Egs. (3.1) and (3.2).

For the membrane bioreactor, the filtrate, which passed through the 3000 MWCO
membrane during the depolymerization of MBW by either MnP or LiP, was collected every
one-hour. The filtrate obtained after the first one-hour for either MnP (Figure 3.2d, black line)
or LiP (Figure 3.2¢, black line) was analyzed by SEC. In both chromatograms, a product peak
(denoted as M_19) was detected at 18.8 min. A corresponding peak was not detected for the
control sample, which was obtained by performing the experiment without either a
peroxidase (Figure 3.2d and 3.2e, cyan line) or MBW (Figure 3.2f). M_19 was also detected
in the filtrate fractions collected at following time points (Figure 3.3). It was noticed that the
retention time of M_ 19 matched that of B_19 detected in the case of the batch bioreactor.
These results confirmed that a water-soluble lignin fragment with a molecular weight
between 124 and 894 was also produced in the membrane bioreactor. This indicated that the
water-soluble lignin fragment could be separated from the reaction system through the RC
membrane over the course of the reaction. As the intensity of M 19 peak decreased
monotonically over the incubation time (Figure 3.3), the reaction was suggested to occur

mainly at an early stage of incubation.
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Figure 3.3. Evolution of product M_19 in the filtrate fraction during the incubation of MBW with either MnP

(yellow line) or LiP (blue line) as analyzed by SEC.

The total amounts of the products detected at 18.8 min were quantified on the basis
of their absorbance at 280 nm. The total amount of products at 18.8 min for the batch
bioreactor, TAg 19, was deduced using Eq. (3.1). The total amount of products at 18.8 min
for the membrane bioreactor, TAy; 19, was deduced using Eq. (3.2). As the molar extinction
coefficient differs for each product, only a rough estimation of amounts of products can be
obtained by this method. TApy ;9 reached 28-fold of TAg ;9 in the case of the MnP-
catalyzed reaction (Figure 3.2g). Similarly, in the case of the LiP-catalyzed reaction, TAy 19
reached 18-fold of TAg 19 (Figure 3.2g). Thus, in the cases of both MnP and LiP, the ability
to produce water-soluble lignin fragments from MBW was significantly enhanced by

applying continuous product separation using the membrane bioreactor.

3.2.3 Identification of the depolymerized products in the filtrate
To identify the products obtained after the depolymerization of MBW catalyzed either
by MnP or LiP, I performed a GCMS analysis. The depolymerized products in the filtrate

fraction, M_19 (Figure 3.2d and 3.2e), were concentrated and analyzed. I employed a
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similarity search approach by comparing the product spectrum with those available in the
NIST mass spectra library, using a similarity index threshold of 80% or higher. The identified

compounds are listed in Table 3.1.

Table 3.1. The main depolymerized products of beech wood lignin obtained in the filtrate

fraction
No. Structural formula Name Molecular Involved enzyme
formula
1 e O\H/\H/O\ Propanedioic acid, CsHgO4 LiP
o o dimethyl ester
2 o oH Monomethyl malonate C4HO4 LiP
T Y
o o
3 HSC\/O\H/\H/OH Ethyl hydrogen CsHgOq4 MnP
5 o malonate LiP
4 ? Benzenepropanoic acid, CioH120, MnP
methyl ester LiP
o——
5 Acetic acid, 2- C1oH 1202 MnP
° phenylethyl ester LiP
C o
6 Syringol CsHi1003 MnP
\O/Q\O/
OH
7 / Vanillin CsH;z0; MnP
> LiP
(0]
—4
H
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8 / Veratryl aldehyde CoH 1003 LiP
(o)
J

For MnP-catalyzed depolymerization of MBW, an aliphatic compound (No. 3) and

several aromatic compounds (No. 4-7) were identified. MnP-catalyzed reaction produced
aromatic products like syringol and vanillin, which were subsequently isolated from the
reaction vessel through the membrane.

For LiP-catalyzed depolymerization of MBW, a variety of aliphatic (No. 1-3) and
aromatic (No. 4-5 and 7-8) compounds were identified. The products such as vanillin and
veratryl aldehyde were produced from the LiP-catalyzed reaction and isolated from the
reaction vessel.

It is worth nothing that syringol was obtained only for MnP-catalyzed
depolymerization of MBW, whereas veratryl aldehyde was obtained only for LiP-catalyzed
depolymerization of MBW.

Furthermore, methylated compounds like No. 4, 5, 7, and 8 were observed. Such
methylated compounds have been reported in a study by Zhang et al., where methyl vanillate,
methyl 3-(3,5-di-tert-butyl-4-hydroxyphenyl)propionate, and veratryl alcohol were formed

from the enzymatic hydrolysis of corn stover lignin using laccase, MnP and LiP.>
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Compound 1: Propanedioic acid, dimethyl ester
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Compound 3: Ethyl hydrogen malonate
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Figure 3.4 The EI mass spectra of the main depolymerized products of beech wood lignin obtained in the

filtrate fraction.
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Compound 4: Benzenepropanoic acid, methyl ester

100

] 100 0
2 80 -
7 o
g 60
R= 40 - Molecular formula: CioH1202
T.; Exact mass: 164.20
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45 ‘ |
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Compound 5: Acetic acid, 2-phenylethyl ester

100 + 104 o
2 80 A
601 4 OI
E 40 - Molecular formula: CioH1202
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78 ‘ 164
0 T I || T T T T T
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Compound 6: Syringol
100 ~ 196
‘g 80 1 \O O/
g 60 ™S
g Molecular formula: Ci1HiOsSi
— 40 1 Exact mass: 226.35 211
&3 226
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Figure 3.5 The EI mass spectra of the main depolymerized products of beech wood lignin obtained in the

filtrate fraction.
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Compound 7: Vanillin
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Compound 8: Veratryl aldehyde
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Figure 3.6 The EI mass spectra of the main depolymerized products of beech wood lignin obtained in the

filtrate fraction.

3.2.4 Lignin removal from MBW through the peroxidase-catalyzed reaction

As the release of water-soluble lignin fragments through the peroxidase-catalyzed
reaction in the batch and membrane bioreactors was confirmed, I next calculated the
percentages of lignin (LP) in the solid residues (RES) in the reaction vessels for the batch
and membrane bioreactors, RESy,icn and RES emprane, respectively. Here, the LPs of
RESpatcn and RES; embrane Were quantified by a conventional Klason lignin method and a
recently reported UV-Vis spectroscopic method (Table 3.2 and Table 3.3).%” Firstly, the LP of

MBW before the reaction was found to be 24.5 + 0.4 and 26.9 + 0.3% by the Klason lignin

94



and UV-Vis spectroscopic methods, respectively. In the case of the batch bioreactor, the LP
of RESpacch obtained for MnP (RESMIF, ) decreased to 21.4 +0.6% (22.3 +0.7%) according
to the Klason lignin method (UV-Vis spectroscopic method). The change in LP relative to
MBW was calculated using Eq. (3.4) as being —12.6 = 0.6% (—17.3 = 1.7%) (Table 3.3 and
Figure 3.7). On the other hand, the LP of RES},, obtained for LiP (RES{;;lich) decreased
to 19.8 £ 0.3% (19.4 + 0.9%) according to the Klason lignin method (UV-Vis spectroscopic
method). The change in LP correspond to —19.2 + 0.8% (—27.7 £ 2.5%). On the contrary, the
LP of RESp,icn of a control sample that was obtained for the experiment without a
peroxidase (RESbI\I;tgrll VM€ was much closer to the LP of MBW; the change in LP was —6.9
+0.8% (—0.4 £ 1.0%) according to the Klason lignin method (UV-Vis spectroscopic method).
This indicates that the decreases of the LP of RESMIE and RESHP . were achieved
through the catalytic activities of MnP and LiP. This indicates that both MnP and LiP could

catalyze the lignin removal from MBW even in the batch bioreactor to some extent.

Table 3.2. Chemical composition of solid residues based on Klason lignin analysis

Sample Recoveries? (%) Cellulose (%) Hemicellulose Lignin
(%) content (%)
MBW - 364+ 1.6 31.7+23 245+04

Batch bioreactor

No enzyme 96.5 36.1+1.9 31415 228+04
MnP 92.5 36.7+ 1.0 31.9+0.8 21.4+0.6
LiP 92.9 36.5+22 31.7+£1.2 19.8+0.3

Membrane bioreactor

No enzyme 96.1 36.2+ 1.7 31.6 0.4 229+0.2
MnP 89.6 378+ 1.4 31.5+£0.9 16.9+0.6
LiP 88.3 38.6+0.6 32.1+2.1 143+0.5

*Recoveries (%) of the residues after the reaction relative to the starting material.
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Table 3.3. Quantification of lignin in solid residues (RES)?

Sample Klason lignin UV-vis spectroscopy Change in LP (%)"
(%) lignin (%) Klason lignin UV-vis lignin
MBW 245+04 26.9+0.3 - -
Batch bioreactor
No enzyme 22.8+04 26.8+0.3 —-6.9+0.8 —04+1.0
MnP 21.4+0.6 22.3+0.7 -12.6 0.9 -17.3+£1.7
LiP 19.8+0.3 19.4+0.9 -19.2+£0.8 —27.7+2.5
Membrane bioreactor
No enzyme 229+0.2 26.8+0.3 —-6.6+£0.8 -0.1+2.1
MnP 16.9+0.6 16.2+£0.5 -31.1+24 -39.7+£1.7
LiP 14.3£0.5 142+1.0 —41.5+1.9 —46.7+3.4

®Means * SD (standard deviation) were obtained from technical duplicates. ®Change in percentage of lignin

(LP) was calculated according to Eq. (3.4).

a Klason b UV-Vis
; 0 -

5 & -101

il &

c c o~

88 8207

g £ &€ -30 |

==y £

5% 5% 40
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& _501 mBatch & _50 1 mBatch
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-60 } - | -60 } - |
MnP LiP MnP LiP

Figure 3.7. The change in percentage of lignin (LP) of MBW achieved through peroxidase treatment in the
batch and membrane bioreactors. (a and b) The change in LP achieved through the MnP and LiP treatments,
which was calculated using Eq. (3.4), based on the LP of the initial MBW and the LP after the treatment with a

peroxidase. The LP was determined by the Klason lignin (a) and UV-Vis spectroscopy (b) methods.

In the case of the membrane bioreactor, the LP of REScmprane Obtained for MnP

(RESMnP ) was 16.9 + 0.6% (16.2 £ 0.5%) according to the Klason lignin method (UV-

membrane

Vis spectroscopic method); the change in LP corresponds to —31.1 +2.4% (—39.7 + 1.7%). A
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comparison of the decrease in LP obtained for the batch bioreactor and membrane bioreactors
showed that the latter is 2.5-fold (2.3-fold) more effective for MnP.

Meanwhile, the LP of RESyemprane Obtained for LiP (RESLP ) was 14.3 +
0.5% (14.2 + 1.0%) according to the Klason lignin method (UV-Vis spectroscopic method);
the change in LP corresponds to —41.5 + 1.9% (—46.7 + 3.4%). A comparison of the decrease
in LP obtained for the batch and membrane bioreactors showed that the latter is 2.2-fold (1.7-
fold) more effective for LiP. Therefore, the lignin removal from MBW catalyzed by both
MnP and LiP using the membrane bioreactor significantly outperformed that with the batch

bioreactor. Notably, the lignin removal was higher in the reaction catalyzed by LiP than that

by MnP in both bioreactors.

3.2.5 Molecular weight distribution of lignin in the solid residues

Next, the distribution of the molecular weights of lignin contained in the solid fraction
was investigated by SEC analysis. Firstly, cellulolytic enzyme lignin (CEL) was isolated
through enzymatic digestion of polysaccharides from untreated MBW, RESMRE = RESLIP |
RESMDP  ane-and RESLP . . individually. Then the obtained CELs were acetylated. The
molecular weight distribution of the acetylated CEL of MBW appeared to be bimodal (Figure
3.8, cyan line). Similarly, the molecular weight distribution of the acetylated CELs of both
RESMIP. and RESLR,, was also bimodal (Figure 3.8, orange line). Therefore, I drew a line
at a retention time corresponding to the molecular weight of 1000 in Figure 3.8 (dotted line),

and defined the fractions larger and smaller than 1000 as the high molecular weight lignin

(HML) and low molecular weight lignin (LML), respectively. The relative amount, or
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proportion, of HML and LML was estimated from the peak area of each fraction (Table 3.4).
The proportion of HML in MBW was 88.2%. The proportions of HML for RES}RF,  and
RESLF ., turned out to be decreased to 68.0 and 74.3%, respectively. This is equivalent to
the increases in the proportions of LML for RESM®P and RESLP . to 32.0 and 25.7%,
respectively, from 11.8% for MBW. Such changes in the proportions of HML and LML were
not observed for RESbN;t;rllzy M€ for which MBW was similarly incubated in the batch
bioreactor without a peroxidase. Therefore, the peroxidase-catalyzed reaction led to a shift
of the molecular-weight distribution from HML to LML, which indicates the
depolymerization of HML had proceeded through a peroxidase-catalyzed reaction. Next, the
weight-average molecular weight (My) of each fraction was calculated. The My, of HML for
RESMMP and RESLP . decreased to 7968 and 8501 g mol”, respectively, from 11336 g
mol! for MBW, which also indicates the depolymerization of HML had proceeded through a
peroxidase-catalyzed reaction. On the other hand, the My of LML was not drastically
different before and after the reaction. The My of LML of around 230 g mol™ is in the range
of the molecular weights of monomeric and dimeric lignin units. Overall, both MnP and LiP

were demonstrated to catalyze the lignin depolymerization in MBW even in the batch

bioreactor.
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Figure 3.8. Molecular weight distributions of lignin in the solid residue (RES) after peroxidase treatment of
MBW. (a) SEC profiles of the acetylated cellulolytic enzyme lignin (CEL) extracted from the RES after

treatment with MnP in batch (RESMIP, | orange line) and membrane (RESMIP . gray line) bioreactors. (b)

SEC profiles of the acetylated CEL extracted from the RES after treatment with LiP in the batch (RESLF |
orange line) and membrane (RESLE oray line) bioreactors. SEC profiles of the acetylated CEL extracted
from the initial MBW supplied to the bioreactors are presented in (a) and (b) (blue line). The high molecular
weight lignin (HML) and low molecular weight lignin (LML) fractions are defined as lignin with molecular

weights greater and lower than 1000 (elution time at 16 min, dotted line), respectively.
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Table 3.4. Molecular weight analysis of HML and LML fractions based on SEC of acetylated

CEL obtained from solid residues (RES) of MBW

Sample Fraction % My (g mol'))  Mau (g mol') PDI (Mw/Mny)
MBW HML 88.2 11336 5497 2.1
LML 11.8 224 151 1.5

Batch bioreactor

No enzyme HML 90.7 11090 5466 2.0
LML 9.3 213 153 1.4
MnP HML 68.0 7968 5059 1.6
LML 32.0 243 172 1.4
LiP HML 74.3 8501 5102 1.7
LML 25.7 232 174 1.3

Membrane bioreactor

No enzyme HML 89.8 11890 5922 2.0
LML 10.2 218 153 1.4
MnP HML 62.6 6155 4416 1.4
LML 37.4 255 182 1.4
LiP HML 49.0 6313 4518 1.4
LML 51.0 235 169 1.4

Likewise, a bimodal-shaped molecular weight distribution was also observed in the
case of the membrane bioreactor (Figure 3.8, gray line). The proportions of HML for
RESMoP . and RESLP . turned out to be decreased to 62.6 and 49.0%, respectively,
from 88.2% for MBW. This is equivalent to the increases in the proportions of LML for
RESMOP e and RESHP . to 37.4 and 51.0%, respectively, from 11.8% for MBW.
Additionally, the My of HML for RESMIP, and RESLIP . decreased to 6155 and 6313 g

mol™!, respectively, from 11336 g mol™! for MBW. It is apparent that the decreases in the
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proportion and My, of HML were more drastic for the membrane bioreactor than for the batch

bioreactor.

3.2.6 Analysis of lignin substructures in the solid residues by NMR spectroscopy

To obtain chemical and structural insights into lignin contained in untreated MBW,
RESMIP - RESLP ., RESMOP ., and RESLP .1 performed gel-state 2D 'H-'*C
heteronuclear single-quantum coherence (HSQC) analysis (Figures. 3.9 and 3.10). In the
spectrum of RESbN;tCe}?Zyme, typical signals of S-, G-, and a-oxidized S (S'-) units were
detected in the aromatic region (Figure 3.9a, upper panel). Meanwhile, typical signals of
lignin interunit linkages, p-O-4', B-p’, and B-5’, and polysaccharide signals were detected in
the aliphatic region (Figure 3.9a, lower panel). No new peak was observed in the spectrum
of either RESMIP,  (Figure 3.9b) or RESLF ., (Figure 3.9c) when compared with the
spectrum of RESbN:tgﬁlzyme (Figure 3.9a). This suggests that there is no notable structural

modification of either lignin or polysaccharide in the solid residues caused by the peroxidase-

catalyzed reaction.
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Figure 3.9. NMR analysis of RES after the peroxidase treatment in the batch bioreactor. (a-c) 2D 'H-'*C HSQC
spectra of the RES obtained after the treatment of MBW with the batch bioreactor in three different solution
conditions; no enzyme (a), and with either MnP (b) or LiP (c). The upper and lower panels in (a-c) are the
aliphatic and aromatic regions of each HSQC spectrum, respectively. (d) The main lignin substructures
identified in HSQC spectra, which are color-coded as for the spectra. Gray signals represent unassigned signals,
which mainly originated from polysaccharides. A complete list of the identified substructures can be found in
Table 3.5. Relative amounts of lignin substructures (S, G, S', B-O-4" and C-C’) in RES obtained after treatment

with MnP (a) and LiP (b) relative to RES treated without an enzyme determined by Eq. (3.7).

102



Table 3.5. Assignment of the lignin 'H-"2C correlation signals of the HSQC NMR spectrum

Label 0¢/0u (ppm/ppm) Assignment

Bg 53.3/3.46 Cp—Hp in phenylcoumaran substructures

Cp 53.5/3.06 Cp—Hp in resinol substructures

-OMe 55.6/3.73 C—H in methoxy groups

Ay 59.5-59.7/3.4-3.7 C,—H, in B-O-4' substructures

B, 62.6/3.73 C,—H, in phenylcoumaran substructures

Aq (G) 70.9/4.71 Co—Hgq in B-O-4' substructures linked to a guaiacyl unit
G, 71.0/3.79 and 4.16 C,—H, in resinol substructures

Aq(S) 71.8/4.81 Co—Hgq in B-O-4' substructures linked to a syringyl unit
Ap (G) 83.5/4.27 Cp—Hjp in B-O-4' substructures linked to a guaiacyl unit
Cq 84.9/4.64 Co—Ha in resinol substructures

A (S) 85.9/4.09 and 86.9/3.97 Cp—Hp in B-O-4' substructures linked to a syringyl unit
B. 86.8/5.46 Co—H, in phenylcoumaran substructures

Sa6 103.8/6.71 Cr6—Hz, in syringyl unit

S 106.2/7.23 and 7.07 Cr6—Hz6 in Ci—oxidized syringyl unit

G 110.9/6.98 C,—H, in guaiacyl unit

Gs 114.9/6.77 Cs—Hs in guaiacyl unit

Gs 119.0/6.80 Cs—He in guaiacyl unit
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Figure 3.10. NMR analysis of RES after the peroxidase treatment in the membrane bioreactor. 2D 'H-13C
HSQC spectra of the RES obtained after the treatment of MBW with the membrane bioreactor in three different
solution conditions; no enzyme (a), and with either MnP (b) or LiP (c). The upper and lower panels in (a-c) are
the aliphatic and aromatic regions of each HSQC spectrum, respectively. Gray signals represent unassigned
signals, which mainly originated from polysaccharides. Relative amounts of lignin substructures (S, G, S', B-

0-4' and C-C') in RES obtained after treatment with MnP (a) and LiP (b) relative to RES treated without an

enzyme determined by Eq. (3.7).

The contents of B-O-4', B-f', and B-5' interunit linkages were estimated from the
volume of their Co-Hq correlations in the aliphatic region (B-O-4' from Agy; B-p’ from Co; B-

5" from By). Then, I expressed the amount of each interunit linkage as a fraction of the total

lignin interunit linkages with reference to literatures (Table 3.6
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Table 3.6. Lignin interunit linkages from integration of 'H-'2C correlation peaks in the HSQC

spectra of the residues after enzymatic reaction in batch and membrane bioreactor®

Batch bioreactor Membrane bioreactor

No enzyme MnP LiP No enzyme MnP LiP
Interunit
linkages
(%)
B-0-4' (A) 87.5 91.1 91.5 89.3 100.0 100.0
B-5'(B) 4.1 32 2.5 3.2 nd nd
B-p' (C) 8.4 5.7 6.0 7.5 nd nd

*The volume of each signal was normalized as to the signal volume of DSS-de. ®Expressed as a percentage of

the total lignin interunit linkage types A-C. °nd = not detected

Next, relative amounts of lignin substructures (S-, G-, and S'-units, f-O-4" and some
of the C-C' interunit linkages, C-C' (B-p’ and -5")) upon peroxidase-catalyzed reaction were
estimated based on Eq. (3.7) (Figure 3.11). In the case of RES{\)’;‘%Eh, the quantities of S-, G-,
and S'- units decreased to 42, 30, and 64%, respectively, of those for RESE;tcel? M (Figure
3.11). The quantities of B-O-4" and C-C' interunit linkages decreased to 35 and 21%,
respectively, of those for RES]I:;t;?Zy ™€ (Figure 3.11). Likewise, in the case of RESLIE ., .
the quantities of S-, G-, and S'- units decreased to 56, 43, and 70%, respectively (Figure 3.11).
The quantities of B-O-4" and C-C’ interunit linkages decreased to 54 and 30%, respectively
(Figure 3.11). The decreases in the relative amounts of lignin substructures were suggested

to be the result of lignin removal from MBW achieved due to the peroxidase-catalyzed

reaction in the batch bioreactor.
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Figure 3.11. Semi-quantitative analysis of the lignin substructures on the basis of 2D 'H-'3C HSQC experiments.
(a and b) Relative amounts of lignin substructures (S, G, S’, B-O-4" and C-C') in RES obtained after treatment
with MnP (a) and LiP (b) relative to RES treated without an enzyme determined by Eq. (3.7). The relative
amount was determined based on the volume integrals of the HSQC correlation peaks. The amounts of p-O-4
and C-C' (B-p’ and B-5') interunit linkages were estimated on the basis of the volume of the C,-H, correlation.
The amounts of S- and S'-units were estimated from the half values of the volumes of the C,6-H, 6 correlation,

whereas that of the G-unit was estimated from the volume of the C,-H, correlation. n.d.; not detected.

I then analyzed the spectra of RESecmprane- NO new peak was observed in the

spectrum of either RESMBP ~—  (Figure 3.10b) or RESLP (Figure 3.10c) when

embrane

compared with the spectrum of RESEZ;%?;T: (Figure 3.10a). Therefore, as was the case

in the batch bioreactor, notable structural modification was not observed for either lignin or

polysaccharide in the solid fractions.
As for the relative amounts of lignin substructures, the S-, G-, and S'- units for

RESMIP e decreased to 7, 1, and 1%, respectively, of those for RESNO W™ (Figure

3.11). Whereas, the quantity of the B-O-4' interunit linkage decreased to 6% of that for

RESE‘;&%?;T: , and those of C-C' interunit linkages were less than the detection limit (Figure
3.11). In the case of RESLP . the quantities of the S-, G-, and S'- units decreased to 12,

3, and 5%, respectively (Figure 3.11). Whereas, the quantity of the B-O-4" interunit linkage
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decreased to 10% and those of C-C’ interunit linkages were less than the detection limit
(Figure 3.11). Overall, for both MnP and LiP, the reduction in the relative amounts of lignin
substructures was much more pronounced for the membrane bioreactor than for the batch
bioreactor, which may reflect the higher extent of lignin removal in the case of the membrane

bioreactor.

3.2.7 Enzymatic hydrolysis of solid residues

To assess the hydrolysis efficiency following MnP- and LiP-catalyzed lignin
depolymerization of MBW, I performed an enzymatic hydrolysis experiment using a
commercial cellulase cocktail (CellicCtec2) and quantified the total reducing sugar content
produced from the hydrolysis reaction.

For untreated MBW, the measured total reducing sugar content was 0.78 mg mL"!
(Figure 3.12). In the batch bioreactor, the production of reducing sugar increased to 1.17 mg
mL"! for RESMP and 1.36 mgmL™' for RESLIF . (Figure 3.12). These results demonstrate
that lignin depolymerization by MnP and LiP in the batch bioreactor improved the hydrolysis

efficiency of carbohydrates in the residue compared to untreated MBW.

Iii
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Figure 3.12. The reducing sugar released from the hydrolysis of MBW and RES obtained from batch and
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In the membrane bioreactor, the production of reducing sugar further increased to
1.80 mg mL"! for RESMP and 2.11 mgmL"' for RESLP . (Figure 3.12).
This finding suggests that lignin depolymerization by MnP and LiP in the membrane

bioreactor resulted in additional enhancements in hydrolysis efficiency for the carbohydrates

in the residue, surpassing both untreated MBW and the batch bioreactor.

3.3 Discussions

For the enzymatic depolymerization of grass lignin using laccase, accumulation of
water-soluble lignin upon the reaction was reported by Hilgers et al.'® Similar to that report,
in the present study, water-soluble lignin fragments were also detected in the aqueous phase
after the MnP- and LiP-catalyzed reactions in the batch bioreactor (Figures. 3.2a and 3.2b).
Therefore, both MnP and LiP used in this study successfully catalyzed the lignin
depolymerization to produce water-soluble lignin fragments. However, such lignin fragments
produced through enzymatic depolymerization are reportedly highly reactive and hence
undergo a series of complex reactions, which leads to either further depolymerization of
lignin chains, or radical recoupling resulting in lignin repolymerization.***> Thereby, the
yield of the lignin fragments in the batch bioreactor was supposed to be highly dependent on
the balance between depolymerization and repolymerization. To overcome this problem, I
used the membrane bioreactor to continuously isolate the reactive lignin fragments to
enhance the lignin depolymerization efficiency. As expected, the total amounts of water-

soluble lignin fragments significantly increased with the membrane bioreactor, 28-fold for
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MnP and 18-fold for LiP, respectively (Figure 3.2g), indicating that the isolation of lignin
fragments could increase the efficiency of lignin depolymerization.

The GCMS analysis on M 19 in the filtrate fractions revealed the presence of
depolymerized products produced by either MnP- or LiP-catalyzed depolymerization of
MBW, which were subsequently isolated from the reaction vessel through the membrane
(Table 3.1). Among the products, monomeric aromatic compounds such as syringol and
vanillin have various industrial applications. This makes the continuous isolation of these
fine chemicals from the reaction vessel through the membrane desirable especially for large-
scale biocatalytic lignin depolymerization process. However, it should be noted that the use
of a membrane bioreactor is associated with lower concentrations of the targeted products
due to the larger reaction volumes involved. Although I successfully detected the presence of
these fine chemicals using a high-sensitivity GCMS system, it was still necessary to
concentrate M_19 for accurate GCMS analysis. Therefore, further research is necessary to
develop a more cost-effective method for the efficient separation and purification of these
products, ultimately enhancing their overall yield.

The quantification of lignin in RES showed a decrease in LP of MBW due to MnP-
and LiP-catalyzed reactions. A higher degree of lignin removal was achieved in the
membrane bioreactor relative to in the batch bioreactor for both MnP and LiP (Figure 3.7 and
Table 3.3). These results suggested that the aforementioned higher production of water-
soluble lignin fragments in the membrane bioreactor led to the greater lignin removal from
MBW. Additionally, the quantification of lignin in RES indicated a significant improvement

in the efficiency of lignin depolymerization achieved by the membrane bioreactor.
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Upon the MnP- and LiP-catalyzed reactions, a reduction in the HML proportion for
RES was observed (Figure 3.8 and Table 3.4). This finding suggests the depolymerization of
HML by both MnP and LiP. The reduction was more significant for the membrane bioreactor
than for the batch bioreactor. These observations further supported that the efficiency of
lignin depolymerization was highly improved by the membrane bioreactor.

Compared to untreated MBW, the increase in the amounts of reducing sugar produced
from MBW after treatment with MnP and LiP in both batch and membrane bioreactors
indicates the positive effect of reduced lignin content in the sample on enhancing the
hydrolysis efficiency of lignocellulosic biomass. Notably, the hydrolysis efficiency of sample
obtained from the membrane bioreactor is higher than those from the batch bioreactor. This
observation aligns with findings from a previous study, where the improved hydrolysis yield
was attributed to the enhanced accessibility of carbohydrates to the hydrolytic enzymes.*
These results underscore the possible application of RES obtained after treatment with MnP
and LiP, particularly for membrane bioreactor, as a promising approach for efficient
lignocellulosic biomass hydrolysis.

In this study, my primary objective was to investigate the potential advantages of
continuous separation of lignin fragments from the reaction medium using a membrane
bioreactor, in comparison to a conventional batch bioreactor. Thus, I employed a lower
biomass loading to ensure proper biomass dispersion in the reaction vessel and faster
separation of lignin fragments through the membrane. Although I did not specifically

examine the standard conditions utilized in industrial batch-scale processes, I anticipate that

110



an improvement in lignin depolymerization would likely be observed under such industrial
reaction conditions as well.

Upon the MnP- and LiP-catalyzed reactions, a reduction in the My, of HML for RES
was also observed (Figure 3.8 and Table 3.4). The reduction was more significant for the
membrane bioreactor as well than for the batch bioreactor. This is another indication of the
higher efficiency of lignin depolymerization by the membrane bioreactor. I did not insist that
my system reduced the condensation of lignin. I did not argue whether the amount of the
condensation of lignin formed through the C-C’ bonds increases or not, by my system. My
intention was to propose the enhanced depolymerization of lignin and its removal by my
system on the basis of the SEC profile (Figure 3.8) and quantification of lignin by Klason
lignin/UV-vis spectroscopy lignin (Table 3.3), respectively.

The NMR spectroscopic analysis of RES also demonstrated the enhanced lignin
removal by the membrane bioreactor, because a more drastic reduction in the lignin signal
volume was observed for the membrane bioreactor than for the batch bioreactor (Figures. 3.9
and 3.10). It is noteworthy that the solubilities of the samples in DMSO may vary due to their
different chemical compositions. Even though I used the same sample preparation method,
if the residues obtained from the membrane bioreactor had lower solubility in DMSO, this
could have also contributed to the lower lignin signal intensity observed in the NMR spectra.
As a result, there may have been an underestimation of the relative amount of lignin
substructures, which may result in an overestimation of lignin removal.

As far as the spectra observed are concerned, the extent of the reduction in signal

volume does not drastically differ between the interunit linkage and aromatic regions (Figure
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3.11). This means aromatic rings of lignin are not cleaved by the reaction. Additionally, NMR
analysis of lignin substructures suggested that no notable structural modification occurred
for the lignin remaining in RES. It is deduced that most of the remaining lignin in RES still
maintains its native structure.

For the membrane bioreactor, MnP- and LiP-catalyzed reactions were compared.
Firstly, the lignin removal was more effective for the LiP-catalyzed reaction (Figure 3.7 and
Table 3.3). Secondly, the reduction in the HML proportion was more drastic for the LiP-
catalyzed reaction (Table 3.4). LiP seems to be superior to MnP.

In addition to the lignin repolymerization issue, acquiring a large quantity of
peroxidase for biological lignin valorization is another task to be overcome.?® Heterologous
expression using a yeast like Pichia pastoris is generally superior to homologous expression
in terms of large-scale protein production. In this study, lignin depolymerization was
successfully achieved with heterologously expressed peroxidases. Furthermore, these
peroxidases had the ability to depolymerize lignin even without costly purification and at a
low enzyme load relative to the reported enzymatic lignin removal.'*!7 These results imply
that enzymatic depolymerization is an applicable approach for economical biomass

utilization.

3.4 Conclusions
In summary, I demonstrated the advantage of the membrane bioreactor for lignin
depolymerization through the peroxidase-catalyzed reaction. The isolation of lignin

fragments using the membrane bioreactor can significantly enhance the depolymerization of
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beech wood lignin and its removal. To the best of my knowledge, this is the first report of a
significant enhancement of biocatalytic lignin depolymerization of a natural lignocellulosic
biomass realized with a membrane bioreactor using MnP and LiP. Furthermore, while my
investigation focused on the enzymatic aspect, I firmly believe that the membrane bioreactor
concept holds promise for broader applications in lignin conversion, including chemical
processes.

Additionally, the enhanced lignin removal from MBW in membrane bioreactors
catalyzed by either MnP or LiP must be favorable from the biorefinery perspective, where a
lesser inhibitory effect of lignin on the saccharification of carbohydrates is expected,
ultimately yielding a higher saccharification efficiency. Overall, the enzymatic reaction
carried out with continuous isolation of reactive lignin fragments should be a huge milestone

towards a sustainable yet efficient biorefinery.

3.5 Experimental procedures
3.5.1 Preparation of milled beech wood

Beech wood chips (Shinseisangyo, Japan) were pulverized and sieved to a particle
size of less than 40-mesh. After being Soxhlet-extracted with acetone for 24 h, the wood
powder was dried overnight at 40 °C. The resulting powder was ball-milled using a Fritsch
P-6 planetary mono mill, 1 g of the sample being added to an 80 mL agate jar containing 100
g of 3 mm ZrO; beads. The milling was performed under a nitrogen environment at 550 rpm

for 1.5 h (90 cycles of 1 min milling with 1 min intervals). The milled solid was repeatedly
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washed with Milli-Q at a loading of 5% (w/w) until a near-colorless supernatant was obtained,

which was lyophilized to yield MBW.

3.5.2 Preparation of crude MnP and LiP

MnP and LiP were expressed in Pichia pastoris. The genes encoding MnP of
Ceriporiopsis subvermispora (Joint Genome Institute (JGI) protein code: 117436) and LiP
of Phanerochaete chrysosporium (JGI protein code: 2989894) were codon-optimized for P.
pastoris and synthesized by Thermo Fisher Scientific. The genes were each subcloned into
the pPICZoA (Invitrogen, USA) vector to obtain pPICZaA-MnP and pPICZaA-LiP vectors.
These vectors were linearized with Sacl restriction enzyme and introduced individually into
P, pastoris X-33 (Invitrogen, USA) by electroporation. Transformed clones for MnP and LiP
were confirmed by colony PCR, a small-scale expression check, and activity assaying. The
cloned transformants for MnP and LiP were used for the preparation of crude MnP and crude
LiP solutions; the same procedure was used for their preparation. The transformant for either
MnP or LiP was cultivated on YPDS agar medium (1% yeast extract, 2% peptone, 2% glucose,
1 M sorbitol, 2% agar, and 100 pg mL! zeocin) for 3 days at 30 °C. An isolated zeocin-
resistant colony was cultured in BMGY medium (1% yeast extract, 2% peptone, 1.34% yeast
nitrogen base with ammonium sulfate, 0.1 M potassium phosphate (pH 6), 0.4 ng mL™! biotin,
and 1 vol% glycerol) at 30 °C with 200 rpm shaking until ODeoo reached 6. The cells were
collected by centrifugation at 3,500 x g for 5 min, and resuspended to an ODgoo of 1.0 in
BMMY medium (1% yeast extract, 2% peptone, 1.34% yeast nitrogen base with ammonium

sulfate, 0.1 M potassium phosphate (pH 6), 0.4 ug mL™! biotin, and 0.5 vol% methanol) to
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induce protein expression. The induction was conducted at 15 °C. During the induction,
methanol and a hemin stock (10 mg mL™! hemin in a 0.1 M ammonia solution) were added
to give final concentrations of 0.5% and 0.35%, respectively; this was repeated every twenty-
four hours. After three days the culture was centrifuged at 4,400 x g for 30 min to obtain a
supernatant containing the secreted enzyme. Then the supernatant was filtered with a 300-
kDa cut-off membrane (Pall, USA), concentrated 20-fold, and buffer-exchanged to 50 mM
sodium malonate (pH 4.5) with a 10-kDa cut-off membrane (Pall), all using a Minimate TFF
system (OAPMP110, Pall). The resulting solution, either the crude MnP or crude LiP, is used
for further experiments.

The enzymatic activities of the obtained crude MnP and crude LiP were assayed using
2,6-dimethoxyphenol as a substrate. The enzymatic reaction was performed at 25 °C for 30
min. The formation of the product (coerulignone) was monitored spectroscopically as the
increase in the visible light absorbance at 469 nm using Infinite® 200 PRO (TECAN). One
unit of peroxidase activity was defined as the formation of 1 umol of coerulignone (€469 nm=

53.2mM ™! cm™!) per min. Peroxidase was prepared freshly before each enzymatic reaction.

3.5.3 Peroxidase-catalyzed lignin degradation in the batch bioreactor
Peroxidase-catalyzed reactions for MBW were carried out in screw-capped glass
bottles containing 500 mg of MBW, 1 mM MnSOs4, and 2 U of either MnP or LiP (Figure
3.1a). The total volume of the solution was adjusted to 200 mL with sodium malonate (pH
4.5). The air in the bottle was replaced with nitrogen gas to mimic the environment in the

later mentioned membrane bioreactor. The enzymatic reaction was initiated by the addition
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of hydrogen peroxide (H>0O) at 0.2 mM and conducted with magnetic stirring at room
temperature. After four hours, fresh H>O» (half of the original dose, i.e., 0.1 mM) was added
followed by incubation for another four hours. In control experiments, the same procedures
were performed with solutions, that did not contain either peroxidase or MBW. After eight
hours of incubation, a supernatant and solid residue (RESp,i,) Were separated by
centrifugation. The supernatant was frozen until analysis. The RESy,i, obtained for MnP
(RESMIP ) LiP (RESEP ), and without peroxidases (RESEgtiEZyme), were washed with
Milli-Q by repeated suspension at a loading of 2% (w/w) and centrifugation (4,400 x g for

10 min) until a near-colorless supernatant was obtained, which was lyophilized.

3.5.4 Peroxidase-catalyzed lignin degradation in the membrane bioreactor
Peroxidase-catalyzed reactions for MBW were also carried out in a membrane
bioreactor, which comprised a 400 mL ultrafiltration stirred cell (Millipore 5124, Merck)
equipped with a 3000 cut-off RC membrane disc (PLBC07610, Merck) with a diameter of
76 mm (Figure 3.1b). The initial components of the reaction mixture were identical to those
for the aforementioned batch bioreactor. The reaction was initiated by the addition of H>O»
at 0.2 mM and conducted with magnetic stirring at room temperature for eight hours.
Immediately after starting the reaction, the surface of the reaction mixture was pressurized at
4 bars with nitrogen to enhance the filtration, the initial filtration rate being 80 mL h™!. The
filtrate passed through the RC membrane was fractionated every one-hour. Every one-hour,
80 mL of sodium malonate (pH 4.5) containing 1 mM MnSO4 and 0.2 mM H>O; was added

to the reactor. In control experiments, the same procedures were performed with solutions
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that did not contain either peroxidase or MBW. The collected filtrates were frozen until
further analysis. The solid fraction remaining in the membrane bioreactor (RES,embrane)

was collected. The RESembrane Obtained for MnP (RESMIF ) LiP (RESLP . ).

no enzyme
membrane

and without peroxidases (RES ), were washed with Milli-Q by repeated suspension
at a loading of 2% (w/w) and centrifugation (4,400 x g for 10 min) until a near-colorless

supernatant was obtained, which was lyophilized.

3.5.5 SEC of the products released into the aqueous phase

The products released into the aqueous phase in the batch and membrane bioreactors
were subjected to SEC. A sample was diluted with 10 mM NaOH in a 1:1 ratio and then
filtered with a 0.2 um hydrophilic polytetrafluoroethylene (PTFE) membrane. 20 pL of the
sample was injected into a high-performance liquid chromatography (HPLC) system
(Shimadzu, Japan) equipped with an SPD-20A UV-Vis detector 280 nm absorbance being
used for detection. A TSKgel G3000PWxr (7.8 mm [.D. x 300 mm, Tosoh, Japan) analytical
column was used, which was held at 35 °C throughout the analysis. The mobile phase was a
10 mM NaOH solution at a flow rate of 0.5 mL min™.

A series of polystyrene sulfonate sodium salt standards (peak molecular weight (Mp)
= 891-65400), syringol (Mp = 154), and guaiacol (M, = 124) were used as calibration
standards. The calibration standards were used for estimating the molecular weight of the
products.

The total amount of products detected at 18.8 min for the batch bioreactor (TAg 19)

was estimated with Eq. (3.1), where Ig 14 the area of product peak detected at 18.8 min on
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SEC, and Vgypernatant the total volume of the supernatant collected from the batch
bioreactor.
TAg 19 = IB.19 X Vsupernatant (3.1)
The total amount of products detected at 18.8 min for the membrane bioreactor
(TAM 19) was estimated with Eq. (3.2), where i is the number of filtrate fraction collected
every one hour, Iy 19; the area of the product peak detected at 18.8 min on SEC for filtrate
fraction i, and Vjratei the volume of fraction i.
TAm_ 19 = 2i (IM_19i X Viltrate,) (3.2)
TAg 10 and TAy 19 have arbitrary units and are used to compare the amounts of

products detected at 18.8 min on SEC.

3.5.6 GCMS analysis of the depolymerized products in the filtrate

To obtain product M_19, the filtrate fractions were pooled and lyophilized. The
resulting solid was dissolved in 10 mM NaOH and injected into an HPLC system.
M_19 was collected based on the elution profile and subsequently neutralized to pH 7
before being lyophilized again. To prepare for GCMS analysis, the dried M_19 sample
was dissolved in ethyl acetate and trimethylsilylated with N,O-
Bis(trimethylsilyl)trifluoroacetamide with 1 vol% chlorotrimethylsilane and pyridine.
The trimethylsilylated sample was then concentrated under nitrogen gas for analysis
by GCMS.

For the GCMS analysis, 1 pL of the trimethylsilylated sample was injected in split

mode into a GCMS-QP2010SE system (Shimadzu, Japan) equipped with a DB-5MS column
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(30 m x 0.25 mm id, 0.25 pum film thickness; Agilent Technologies). The injection
temperature was set at 250 °C, and the carrier gas was helium at a flow rate of 1.0 mL min'.
The initial column temperature was held at 50 °C for 3 min, then increased to 280 °C at a
rate of 6 °C min!, and held for 3 min. The mass spectrometer was operated in electron impact
ionization mode with ionizing energy of 70 eV, an ion source temperature of 250 °C, and an
interface temperature of 300 °C. The mass scanning range was set to m/z 40-900.

Putative identification of the lignin depolymerization products was established by
comparing the mass spectra of the unknown components to those available in the NIST mass

spectral library. Products with a similarity index above 80% were listed in Table 3.1.

3.5.7 Chemical composition analysis of the solid residues
The percentages of lignin (LPs) of MBW, RESp.icn, and RESemprane Were

d!®374 and the UV-Vis spectroscopic method.*’

determined by both the Klason lignin metho
The quantification by both methods was performed in duplicate.

The Klason lignin method was carried out based on a previously reported
method.® Briefly, 70 mg of a sample was hydrolyzed with 0.7 mL of 72% w/w sulfuric
acid for 1 h at 30 °C. Then, it was diluted with 7.7 mL of hot water and further
hydrolyzed for 3 h at 100 °C. After hydrolysis, the sample was filtered and washed
extensively with Milli-Q, and then dried at 105 °C until a constant weight was reached.

The LP was obtained as a percentage of the dried solid remaining after hydrolysis

relative to the initial sample weight.
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The UV-Vis spectroscopic method was performed based on the method
established by Zhang et al. recently, with several modifications.*> Measurement was
performed using a UV-Vis spectrophotometer (Shimadzu UV-1900i, Japan) with
quartz cuvettes of 1 cm path-length. 5 mg of a sample was incubated in 1 mL of 8%
LiCI/DMSO (w/w) at room temperature for 24 h with stirring. After the 24 h
incubation, the mixture was diluted to 1 mg/mL with 8% LiCI/DMSO and then stirred
at 80 °C for another 48 h. The resultant solution was further diluted accordingly to
adjust the absorbance to within the range of 0.2-0.8. With the 8% LiCI/DMSO solvent
as a blank control, the diluted samples were scanned in the range of 200-800 nm. The
absorbance value of each sample was determined at 276 nm. The LP of the sample
was calculated with Eq. (3.3) where A is the absorbance at 276 nm for the diluted
sample, V the total volume of the diluted sample, d the dilution ratio, € the deduced
extinction coefficient of hardwood lignin (13.235 L g™t cm™), L the length of the light

path (1 cm), and m, (5 mg) the weight of the sample incubated in 8% LiCI/DMSO.

AXVxd
EXLXmg

LP =

X 100% (3.3)

On the basis of the LP value determined by either the Klason lignin or UV-Vis
spectroscopic method, the change in LP for each sample was calculated according to the

following Eq. (3.4),% where LPy is the initial LP of MBW, and LP the LP of each sample.

LP - LP,
LPy

Change in LP = X 100% (3.4)

The cellulose and hemicellulose contents were determined using a HPLC system
(Shimadzu, Japan) equipped with a refractive index detector (RID-20A, Shimadzu).*** The

content of cellulose and hemicellulose were determined using Eq. (3.5) and Eq. (3.6),
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respectively, from the hydrolysis liquor obtained from the filtration step in the Klason lignin
experiment. The content of cellulose (glucan) and hemicellulose (xylan, galactan, arabinan,
and mannan) were determined using a HPLC system (Shimadzu, Japan) equipped with a
refractive index detector (RID-20A, Shimadzu). The analysis was performed utilizing an
Aminex HPX-87H (Bio-Rad Laboratories, Hercules, CA, USA) analytical column
maintained at 60 °C. The mobile phase consisted of a 5 mM H2SOj4 solution at a flow rate of
0.6 ml min!. To quantify the compounds present in the sample, a calibration curve was
established using standards with varying concentration (0.1 to 4 mg mL™") of glucose, xylose,
galactose, arabinose, and mannose. Before analysis, samples were diluted four-fold with 5
mM H>SO4 and filtered through a 0.2 um hydrophilic polytetrafluoroethylene (PTFE)

membrane. For analysis, 10 pL of each sample was injected into the HPLC system.

% Cellulose = — 84D 5 100%, (3.5)

Msubstrate,dry

Myylan tMgalactan tMarabinan ¥ mannan
xylan g x100%  (3.6)

% Hemicellulose = -
substrate,dry

3.5.8 SEC for solid residues

The molecular weight distributions of lignin in MBW, RESy.cn, and RESembrane
were determined by SEC. Before being subjected to SEC analysis, a sample was pretreated
as follows. 10 mg of the sample was treated twice with 5.6 FPU of a cellulolytic enzyme
cocktail (CellicCtec2, Novozymes, Denmark) in 50 mM sodium citrate (pH 5) at 50 °C for
72 h to yield cellulolytic enzyme lignin (CEL). 1 mg of CEL was then acetylated by
incubation in 500 pL of a 1:1 v/v mixture of anhydrous pyridine and acetic anhydride for 48

h at room temperature with stirring. The acetylated sample was then co-evaporated with
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toluene to remove the reagents. The obtained acetylated CEL was dissolved in
tetrahydrofuran, and the soluble fraction was passed through a 0.2 um PTFE filter. 10 puL of
the filtered sample was injected into a HPLC system equipped with an SPD M20A photo
diode array detector and three tandemly connected TSKgel SuperMultiporeHZ-M analytical
columns (4.6 mm [.D. x 150 mm, Tosoh). The analysis was performed at 40 °C using
tetrahydrofuran as a mobile phase at a flow rate of 0.35 mL min’!.

A series of polystyrene standards (PStQuickC, weight average molecular weight (Mw)
=5970-2110000, Tosoh), 1-(3,4-Dimethoxyphenyl)-2-(2-methoxyphenoxy)-1,3-propanediol
(My = 334), and vanillin (My, = 152) were used to construct a calibration curve. My,, number
average molecular weight (M), and polydispersity index (PDI) were calculated using a

LabSolutions software (Shimadzu).

3.5.9 Structural analysis of MBW solid residue by 2D NMR

The lignin substructures in MBW, RESy.¢ch, and RESemprane Were analyzed by
the gel-state 2D NMR method described by Shawn et al.*® Without performing cellulase
treatment, 60 mg of the sample (RESy,icn and RES embrane) Was transferred to a 5 mm
NMR tube and swollen with 500 pL of DMSO-ds containing 0.4 mM deuterated 4,4-
dimethyl-4-silapentane-1-sulfonic acid (DSS-ds). The sample was sonicated for 1-5 h, during
which the temperature of the ultrasonic bath was maintained below 40 °C, to obtain a
homogeneous gel. NMR spectra were recorded using a Bruker Avance III HD 600 MHz
instrument equipped with a 5 mm cryogenic probe and Z gradient (Bruker BioSpin, MA,

USA). Acquisition of 2D 'H-13C HSQC spectra was performed using a standard Bruker pulse
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sequence ‘hsqcetgpsisp2.2’ at 313 K. Signals were calibrated using DMSO as a reference (6C
39.5 ppm; 0H 2.49 ppm). Data processing, signal assignment, and signal volume integration
were performed with Bruker TopSpin 3.6.4 software. DSS-d¢ was used as the internal
chemical shift and quantification reference; the volume of each signal was normalized as to
the signal volume of DSS-ds. A semi-quantitative analysis of the volume integrals of the
HSQC correlation peaks was performed according to the literatures.*’**® The contents of p-
0O-4', B-B’, and B-5' interunit linkages were estimated from the volume of their Cq-Hq
correlations in the aliphatic region. The contents of S- and S’-units were estimated from the
half values of the volume of their C6-H26 correlations, whereas that of the G-unit was
estimated from the volume of the C;-H: correlation in the aromatic region. The signal
assignments of the 2D NMR spectra were obtained according to the literatures.'®4748

The relative amounts of lignin substructures per control was calculated with Eq. (3.7),
where [ Scy is the HSQC integral for the lignin substructure for RES,. 2™™ or
RES ™™ and [ Spgs the HSQC integral for the lignin substructure for either REShore,

membrane

LiP MnP LiP
RESbatch’ RESmembrane’ or REsmembrane-

Relative amounts of lignin substructures per control = ﬁﬂ X 100% 3.7
ctrl

3.5.10 Enzymatic hydrolysis of solid residues

The hydrolysis of MBW, RESyaich, and RESembrane Was conducted using a
commercial cellulolytic enzyme cocktail (CellicCtec2, Novozymes, Denmark). 5 mg of the
lyophilized dried sample (MBW, RESy;ich, and RES embrane) Was treated with 0.02 FPU

of CellicCtec2 in 500 puL of 50 mM sodium citrate (pH 5) at 50 °C for 24 h with shaking.
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After the 24 h-incubation, the samples were centrifuged at 10,000 x g for 5 min to separate
the hydrolysate. The amount of reducing sugar released in the hydrolysate was determined
using the dinitro salicylic acid method, with glucose used as the standard for comparison and

quantification.*’
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Chapter 4

Enhancing bioethanol production from rice straw through
environmentally-friendly delignification using versatile peroxidase

Reproduced from Ref. J. Agr Food. Chem., 2024 with permission from the American
Chemical Society. (DOI: 10.1021/acs.jafc.3c¢07998)
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4.1 Introduction

In recent years, the global economy has experienced rapid growth and
industrialization, leading to a significant increase in energy consumption. Unfortunately, this
surge in energy demand has primarily been met by heavily relying on fossil fuels, which are
notorious for their harmful impact on the environment.! Consequently, there is an urgent need
to find an alternative energy source that is both sustainable and environmentally friendly.
One promising way to replace fossil fuels in the pursuit of cleaner energy is biofuels such as
bioethanol which are known to be carbon-neutral.> Upon combustion, biofuels such as
bioethanol produce fewer harmful pollutants such as sulfur dioxide and particulate matter, in
comparison to conventional fossil fuels.** Besides, bioethanol also exhibits substantial
potential as a chemical building block in biorefineries, where it can serve as a precursor for
the production of valuable fine chemicals like olefins, gasoline, and syngas.™®

Bioethanol can be produced from various raw materials, and one with great potential
is lignocellulosic biomass. Among the available options, rice straw (RS) stands out as an
abundant and promising lignocellulosic biomass resource for bioethanol production.’”# RS
possesses a high content of polysaccharides, including cellulose (32-47%) and hemicellulose
(19-27%), making it highly suitable for bioethanol production.® For the production of
bioethanol, cellulose is required to be converted into fermentable sugars.’ One increasingly
popular method for this conversion is an enzymatic pathway, which offers advantages such
as lower energy requirements and an environmentally friendly process.!® In this pathway,

cellulase, an enzyme with cellulolytic activity, is utilized during the saccharification stage to
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convert cellulose into glucose.!! The resulting glucose is then fermented into bioethanol using
yeast.!l12

However, saccharification of RS in its untreated state presents a significant challenge
due to the presence of lignin.!* Lignin impedes cellulase’s access to cellulose, resulting in
poor saccharification efficiency. To overcome this limitation, pretreatment of RS becomes
necessary to break down lignin and to enhance cellulase's accessibility to cellulose.!*
Traditionally, physical and chemical treatments, such as steam explosion, or organosolv, acid,
or alkali treatment, have been employed to degrade lignin in RS.!> However, these processes
often require high reaction temperatures and the use of harsh chemicals, leading to several
notable drawbacks, including high energy consumption and adverse environmental
impacts.'®!7

Biological treatment offers a promising alternative to the use of harsh chemicals and
reaction conditions. Biological treatment involves the use of fungi, bacteria, or their
ligninolytic enzymes to delignify biomass, which has gained significant interest for
enhancing enzymatic saccharification and fermentation processes.'® Lignin degrading
microorganisms produce various ligninolytic enzymes, including laccase, lignin peroxidase,
manganese peroxidase, and versatile peroxidase (VP; EC 1.11.1.16)."%% VP is a heme-
containing ligninolytic peroxidase considered a hybrid of both manganese and lignin
peroxidases.?! Its functional versatility stems from three distinct active sites for substrate
oxidation: the first site converts Mn?* to Mn**, serving as a diffusible mediator; the second
site is a low-redox potential heme-dependent binding pocket; and the third site contains a

surface-reactive tryptophan radical with high redox potential, which is connected to the heme

134



via a long-range electron-transfer pathway.??>* In the presence of hydrogen peroxide, VP can
oxidize a wide range of substances, including phenolic and non-phenolic compounds, dyes,
and lignin.?!

While VP holds great promise for diverse biotechnological applications, its utilization
in native biomass delignification and subsequent bioethanol production remains limited. One
primary challenge is the efficient production of active VP.?> Although homologous
expression systems have been used, they suffer from drawbacks such as low expression levels
and time-consuming enzyme production.” In contrast, heterologous expression systems,
particularly in hosts like bacteria and yeast, offer distinct advantages such as rapid large-scale
enzyme production compared to homologous systems.”® Among these heterologous
expression systems, yeast-based recombinant expression, such as Pichia pastoris based
expression, offers numerous benefits, including rapid growth, high recombinant protein
yields, post-translational modification capabilities, secretory expression, and ease of genetic
manipulation.?’ This positions P. pastoris as an attractive host for recombinant VP production.

In this study, my aim was to express VP in P. pastoris and to investigate its potential
as a biocatalyst for delignifying raw biomass material, specifically RS. My approach
involved several key steps. First, I optimized the expression of soluble VP in P, pastoris while
ensuring sufficient heme incorporation. Subsequently, I evaluated the catalytic activity of the
expressed VP, employing various lignin-like monomeric and dimeric compounds as
substrates. Finally, I investigated VP’s capability to catalyze the delignification of RS using

a membrane bioreactor, which was previously reported to be more effective in catalyzing
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lignin depolymerization compared to a batch bioreactor,”® and assessed the resulting

enhancements in saccharification yield and bioethanol production.

4.2 Results and Discussion
4.2.1 Optimization of VP expression for activity

Ligninolytic peroxidases, including manganese peroxidase, lignin peroxidase and VP,
are heme-containing enzymes crucial for catalyzing the H20O:-dependent oxidative
degradation of lignin.?® Hence, it is imperative to ensure the sufficient incorporation of hemin
into VP during the expression stage to achieve a high level of VP activity. Previous research
by Lin et al. demonstrated that adequate hemin incorporation into manganese peroxidase
significantly increased its activity.”> Given the similarity between VP and manganese
peroxidase as ligninolytic peroxidases, | anticipated that VP could similarly benefit from
hemin incorporation. To achieve a high level of VP activity, I explored methods for hemin
incorporation during cultivation. Different hemin stock solutions were prepared by dissolving
hemin in various solvents (Figure 4.1A), and I determined VP expression levels in the culture

supernatants using a VP activity assay with DMP as the substrate.
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Figure 4.1. Effect of hemin addition strategies on the level of VP activity. (A) The effect of various hemin
stocks on the level of VP activity. Four hemin stocks were prepared by dissolving hemin in KOH, NaOH,
NH4OH, and DMSO, respectively. Hemin was introduced cumulatively at 12-hour (orange bars) or 24-hour
(grey bars) intervals, resulting in a final concentration of 100 mg hemin/L culture after 72 hours of induction.
(B) The effect of the amount of hemin added on the level of VP activity. Hemin stock (dissolved in NH4OH)
was introduced cumulatively at 12-hour intervals, the final concentration reaching 0 to 1,000 mg hemin/L

culture after 72 hours of induction. VP activity for (A) and (B) was determined using DMP as the substrate.

Figure 4.1A illustrates that directly introducing solid hemin into the culture medium
or using no hemin at all resulted in almost no enzymatic activity towards DMP. This indicates
a limited presence of active VP in the culture supernatant, likely due to the poor solubility of
solid hemin in the pH range of 4 to 7, which hinders its dispersion in the medium.?
Consequently, hemin incorporation into VP was not accomplished, resulting in almost no
expression of active VP.

To address this issue, I explored an alternative approach by preparing four distinct
hemin stock solutions through the dissolution of solid hemin in KOH, NaOH, NH4+OH, and
DMSO. These hemin stocks, respectively, were sequentially added to the medium during the
cultivation, either every 12 hours (indicated by orange bars) or 24 hours (indicated by grey

bars). This gradual addition aimed to prevent abrupt pH fluctuations that could harm Pichia
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cells. Ultimately, after 72 hours of induction, I achieved a final concentration of 100 mg
hemin/L culture.

The results, as depicted in Figure 4.1A, showed a significant improvement in active
VP expression in P. pastoris. The solubilization of hemin in these solvents facilitated its
dispersion in the medium, leading to improved hemin incorporation into VP and
consequently resulting in elevated levels of VP activity. Several studies have also shown that
introducing hemin during the cultivation improved hemin incorporation into manganese
peroxidase, resulting in a higher level of manganese peroxidase activity.”>* Notably, the
hemin stock solution prepared using NH4OH and added every 12 hours gave the highest level
of VP activity, displaying enzymatic activity of 3.3 U/L.

Next, I explored the impact of the quantity of added hemin on the VP activity (Figure
4.1B). An increase in hemin quantity was positively correlated with VP activity, reaching 3.3
U/L at a final concentration of 100 mg hemin/L culture after 72 hours of induction (Figure
4.1B). However, a further increase in the hemin concentration led to a decline in VP activity.

I applied these optimized conditions for the production of crude VP in the following

and evaluated VP’s enzymatic activity using both monomeric and dimeric substrates.

4.2.2 Optimizing VP enzymatic activity using monomeric and dimeric substrates
In this section, I aimed to determine the optimal conditions for maximizing VP
enzymatic activity. To achieve this, I used three distinct substrates: VA, DMP, and guaiacol

(Figure 4.2), and varied the pH from 3 to 7. The findings, summarized in Table 4.1,
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demonstrate that VP exhibited enzymatic activity across the entire pH range for all three

substrates. The highest enzymatic activity was observed at pH 4 for all substrates.
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Figure 4.2. Oxidation of veratryl alcohol (A), 2,6-dimethoxyphenol (B), and guaiacol (C) by VP.
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Next, I explored the impact of MnSO4 on VP’s enzymatic performance at pH 4. The
addition of 2 mM MnSOs resulted in a substantial increase in VP’s enzymatic activity for all
three substrates (Table 4.1). In the presence of manganese ions and their chelators such as
malonate, VP oxidizes Mn?* to Mn*", which, in turn, serves as a diffusible mediator

catalyzing the oxidative reaction on the substrates.?!
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Table 4.1. Enzymatic activity of VP towards various substrates®

Conditions VP activity (U/L)
VAP DMP" Guaiacol

Sodium tartrate 125 mM
pH 3 26+5 38+1 15+2

Sodium malonate 50 mM

pH 4 88+7 101 +3 35+£2

pH5 40+5 73+3 31+1

pH 6 15+3 5242 2+1

pH7 11+£3 46+ 6 21+4
MnSO4 (mM)

0.0 7+3 9+2 242

2.0 88+7 101 +3 35+£2

20ne unit (U) of VP activity was defined as the amount of enzyme required to catalyze the conversion of 1 pmol
of substrate per minute under the assay conditions. All activity assays were performed in 200 pL reaction
solution containing 1 mM substrate, 0.5 mM H,0,, 2 mM MnSQOs, and 10 uL VP (0.1 mU/uL VP), unless stated
otherwise. Activity assays for varying concentrations of MnSO4 were performed in 50 mM sodium malonate
(pH 4). All reactions were performed thrice at 25 °C to obtain the mean and standard deviation. "VA, veratryl

alcohol; DMP, 2,6-dimethoxyphenol.

Then, I investigated VP’s enzymatic performance with phenolic dimer substrates
(GGE and SGE, Figure 4.3) while varying the concentration of H>O; (Table 4.2). The results
revealed that in the absence of H»O;, there was no conversion of either GGE or SGE,
highlighting the essential role of H>O> in VP's enzymatic function. At 1 mM H0,, the
conversion rates of GGE and SGE reached 53% and 27%, respectively (Table 4.2). Increasing
the H,O> concentration to 50 mM led to a decline in the conversion rates of both GGE and

SGE. This decline can be attributed to VP’s deactivation at high H,Ox concentrations.> When
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VP was absent from the reaction mixture containing 50 mM H>O», no conversion of GGE
and SGE was observed, conclusively attributing the achieved conversion rates in this study

to VP’s catalytic activity (Table 4.2).
OH OCHj4
HsCO:Q)j/O f
HO HO
guaiacylglycerol-B-guaiacyl ether

OCH;

OH
H;CO 0] i
HO HO
OCH3
syringylglycerol-B-guaiacyl ether

Figure 4.3. Chemical structures of guaiacylglycerol-p-guaiacyl ether (GGE) and syringylglycerol-f-guaiacyl
ether (SGE).

Table 4.2. Conversion of GGE and SGE achieved using VP*

Conversion (%)

H20: (mM) GGE SGE
0 n.c. n.c.
1 5341 27+2
50 41 +3 34+1
50 (no VP) n.c. n.c.

*The reaction was performed in 50 mM sodium malonate (pH 4) containing 1 mM substrate, 2 mM MnSOg, and

0.694 mU VP. H>O, was added to the final concentrations given in Table 2. Conversion was estimated based on
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the peak areas of the substrates on the RP-HPLC chromatograms after 12 h of reaction. All reactions were
performed twice at 30 °C to obtain the mean and standard deviation. "GGE, guaiacylglycerol-B-guaiacyl ether;

SGE, syringylglycerol-B-guaiacyl ether; n.c., no conversion.

4.2.3 Delignification of RS using VP

In the following experiment, I utilized expressed VP as a biocatalyst to facilitate the
delignification of RS using a membrane bioreactor. In this study, a membrane bioreactor was
chosen as the reaction vessel due to its established superiority in promoting lignin
degradation compared to batch bioreactor systems, as demonstrated in my recent study.’® A
membrane bioreactor continuously separates the degraded lignin from the reaction mixture
through a regenerated cellulose membrane whose cut-off is 1 kDa to prevent
repolymerization and thus improve lignin degradation. The delignification process involved
incubating crude VP with RS at 30 °C for 24 hours. To establish a baseline for comparison, I
also conducted a parallel incubation without VP. After the 24-hour reaction period, I analyzed
the RS residue obtained with both treatments: one with VP (VP-RS) and the other without
VP (Ctrl-RS), which served as a control.

I determined the lignin contents in Ctrl-RS and VP-RS and compared them to the
initial lignin content in raw RS. With the control treatment (Ctrl-RS), where VP was absent,
I observed a negligible change in lignin content, with an insignificant reduction from 22% in
raw RS to 21% in Ctrl-RS (Table 4.3). This suggests that, in the absence of VP, lignin removal
was minimal. Conversely, when RS was treated with VP (VP-RS), there was a substantial
reduction in lignin content, it decreasing from the initial 22% in raw RS to 16% in VP-RS

(Table 4.3). The delignification rates, calculated using Eq. (4.1), were 7% and 35% for Ctrl-
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RS and VP-RS, respectively (Table 4.3). A similar delignification rate of 32% was achieved
in a laccase-mediated system, in which lignin degradation in milled wheat straw was

catalyzed at 40 °C in an oxygen gas-pressurized reactor for 24 hours.*°

Table 4.3. Composition analysis of raw rice straw (RS), and RS treated with (VP-RS) and

without VP (Ctrl-RS)

Sample Recovery (%)* Glucan (%) Xylan (%) Lignin (%) Delignification (%)
Raw RS - 29+3 18 £2 22+3 -
Ctrl-RS 97 29+ 1 18+1 21+2 7
VP-RS 90 311 18+1 16 £2 35

*Recovery (%) represents the weight of residue obtained after the reaction relative to the weight of starting

material.

Overall, my results demonstrate the effectiveness of VP as a biocatalyst in facilitating
the degradation of lignin within RS under mild and environmentally friendly reaction

conditions at 30 °C.

4.2.4 Effect of VP treatment on enzymatic saccharification of RS

After successfully delignifying RS through VP treatment in the membrane bioreactor,
I investigated its impact on enzymatic saccharification efficiency in comparison to Ctrl-RS.
I used a cellulolytic enzyme cocktail to saccharify VP-RS and Ctrl-RS, and the resulting
saccharified products were analyzed for the glucose (Figure 4.4A) and reducing sugar (Figure

4.4B) contents.
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Figure 4.4. Time courses of the concentrations of glucose (A) and reducing sugar (B) produced on

saccharification of Ctrl-RS (cyan) and VP-RS (orange) using a cellulolytic enzyme cocktail.

In Figure 4.4A, the cyan line represents the glucose concentration in the saccharified
product of Ctrl-RS, while the orange line corresponds to that of VP-RS, throughout the
reaction time. The results clearly show an increase in glucose production from VP-RS
compared to that from Ctrl-RS. After 96 hours of enzymatic saccharification, VP-RS yielded
a glucose concentration of 4.5 mg/mL, whereas Ctrl-RS yielded only 3.1 mg/mL, indicating
1.5-fold enhancement in glucose production for VP-RS (Figure 4.4A).

Figure 4.4B illustrates the production of reducing sugar on the enzymatic
saccharification of Ctrl-RS and VP-RS. Reducing sugars serve as intermediary feedstock for
downstream bioethanol conversion, and their quantity reflects the depolymerization of
cellulose/hemicellulose in RS during the enzymatic saccharification process.*! After 96 hours
of enzymatic saccharification, VP-RS yielded 6.8 mg/mL of reducing sugar, while Ctrl-RS
produced 4.6 mg/mL, indicating 1.5-fold enhancement in reducing sugar production for VP-

RS (Figure 4.4B).
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The increased levels of glucose and reducing sugars obtained for VP-RS in
comparison to those for Ctrl-RS indicate enhancement of the cellulose/hemicellulose
saccharification efficiency by the VP treatment. This improvement can be attributed to the
degradation and removal of lignin in VP-RS, which likely exposes cellulose to cellulase more
effectively, facilitating better cellulase access to cellulose in VP-RS.?? This positive effect of
VP treatment on enzymatic saccharification aligns with findings from other studies involving
different lignocellulosic materials and enzymes. For instance, studies involving laccase-
treated sugarcane bagasse/straw!® and rice straw>> demonstrated that delignification of these
materials significantly improved cellulase saccharification efficiency. This underscores the
pivotal roles of degradation and removal of lignin in enhancing the digestibility of cellulose
in lignocellulosic materials.>*

It was found in other studies that delignification of lignocellulosic biomass by laccase
can mitigate the non-productive adsorption of cellulase to lignin, which results in higher
enzymatic saccharification efficiency.'®? It is likely that the delignification of RS by VP
might also similarly mitigate the non-productive adsorption of cellulase to lignin, resulting
in the higher enzymatic saccharification efficiency observed (Figure 4.4). In these studies,
laccase treatment increased the level of carboxylic acids on the lignocellulosic substrate
surface, reducing non-specific adsorption of negatively charged cellulase to lignin due to the
electrostatic repulsion.!®*3¢ This reduction in competitive adsorption allows greater
cellulase availability, thereby enhancing the efficiency of cellulose breakdown into glucose

and reducing sugars.
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In conclusion, my findings indicate that VP treatment not only reduces the lignin
content in RS but also positively affects the interaction between cellulase and cellulose,
resulting in improved enzymatic saccharification efficiency and higher yields of glucose and
reducing sugars. This knowledge underscores the potential of VP treatment as a valuable
method for enhancing the bioconversion of lignocellulosic biomass into valuable products,

such as bioethanol.

4.2.5 Molecular weight analysis of delignified RS

Following the observation of RS delignification through the VP treatment, which was
revealed by Klason lignin analysis, I investigated the molecular weight of RS lignin using
SEC. As shown in Table 4.4, the results revealed a significant reduction in lignin molecular
weight for VP-RS (3737) compared to those for Ctrl-RS (5140). This represented a 27%

decrease in lignin molecular weight in VP-RS.

Table 4.4. Number-average (Mn) and weight-average (Mw) molecular weights, and

polydispersity (Mw/Mn) of Ctrl-RS and VP-RS

Sample Mw Mn Myw/Ma
Ctrl-RS 5140 2635 2
VP-RS 3737 2204 2

The decrease in lignin molecular weight after VP treatment suggests that VP catalyzed
the cleavage of lignin interunit linkages, resulting in a lower lignin molecular weight

compared to for Ctrl-RS. This observation is consistent with previous studies on laccase-
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treated RS lignin and manganese peroxidase-treated beech wood lignin, both of which also
demonstrated a reduction in lignin’s molecular weight. This reduction was attributed to the

successful depolymerization of lignin into smaller lignin fragments.?%>’

4.2.6 FTIR spectroscopy analysis of raw and delignified RS

FTIR spectroscopy was employed to characterize the difference in chemical
functional groups present in Ctrl-RS and VP-RS. The spectra, with the cyan line representing
Ctrl-RS and the orange line representing VP-RS, are shown in Figure 4.5. I assigned the

peaks by referencing literature (Table 4.5).3%3843

Table 4.5. Absorption peaks for rice straw lignin in the Fourier transform infrared spectrum

Wavenumber (cm™) Bands assignment
3350 Hydroxyl O-H stretching vibration
1650~1507 Aromatic ring C=C stretching
1423 C-H deformation
1325 Syringyl ring C-O stretching
1252 Guaiacyl ring C-O stretching
1032 C-O stretching
100 100
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Figure 4.5. Left: FTIR spectra of Ctrl-RS (cyan) and VP-RS (orange). Right: Expansion of the 2000 to 500 cm"
! region of the FTIR spectra.
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The broad peak observed at 3350 cm™! was attributed to O-H stretching, arising from
hydrogen bonds within cellulose, hemicellulose, and lignin (Figure 4.5).3**3 The reduction
in the intensity of this peak after VP treatment can be explained as the partial removal of
lignin from RS and/or the disruption of hydrogen bonds within cellulose/hemicellulose.***

Distinct lignin-specific peaks were identified at wavenumbers 1650 cm™ and 1507
cm’!, which correspond to the aromatic skeletal vibration of lignin characterized by
conjugated C=C, alkenyl C=C stretch and aryl switched C=C functionalities (Figure
4.5).383942 Notably, these peaks exhibited a noticeable decrease in intensity for VP-RS
compared to Ctrl-RS, indicating the partial removal of lignin from RS catalyzed by VP.

A characteristic peak at 1423 cm™! was attributed to the C-H deformation within
methoxy groups inherent in lignin and hemicellulose (Figure 4.5).4%*** The decrease in
intensity of this peak following VP treatment provides indicative evidence of lignin removal
attributed to the VP treatment.*?

Characteristic peaks positioned at 1325 cm™ and 1252 cm™ were assigned to C-O
stretching vibrations unique to syringyl and guaiacyl lignin, respectively (Figure 4.5).414
The noticeable reduction in peak intensities for these vibrations after VP treatment provides
compelling support for the removal of both syringyl and guaiacyl lignin constituents from
RS. Furthermore, a relevant lignin-related peak observed at 1032 cm’!, which signifies C-O
stretching, exhibited reduced intensity in VP-RS in comparison to Ctrl-RS, which is also
consistent with lignin removal.3>341

The outcomes indicated by FTIR analysis conclusively validated the delignification

of lignin from RS achieved by VP treatment. Consequently, VP treatment effectively reduces

148



the recalcitrance of RS, promoting the subsequent enzymatic saccharification discussed in

section 4.2.4.

4.2.7 Morphological characterization of raw and delignified RS

SEM images of Ctrl-RS and VP-RS were captured and evaluated (Figure 4.6),
revealing distinctive differences in structural appearance between the two samples. Ctrl-RS
(Figure 4.6A) exhibits a well-defined, compact, and crystalline structure, with a firm and
tightly packed surface. In contrast, VP-RS (Figure 4.6B) displays a markedly different
morphology. The structure of VP-RS appears rough, with evident distortions and a porous
nature. These observations align with similar findings in other studies, where laccase-induced

lignin degradation of rice straw and sugarcane tops resulted in surface disruption, increased

33,42

porosity, and structural deformation.

—
10 pm

Figure 4.6. SEM images of Ctrl-RS (A) and VP-RS (B).

This distortion can be attributed to the removal of lignin from RS, resulting in the

disruption of the cellulose-hemicellulose-lignin matrix following VP treatment.** The higher
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porosity observed in VP-RS allows for better permeability and accessibility, resulting in a
larger surface area compared to in Ctrl-RS. This increased porosity in VP-RS facilitates
improved accessibility of cellulases to the cellulose, explaining the higher yields of glucose
and reducing sugars observed during the enzymatic saccharification of VP-RS, as discussed

previously in section 4.2.4.

4.2.8 Effect of VP treatment on ethanol production from RS

Having successfully demonstrating the delignification of RS by VP in the previous
sections, [ investigated its impact on bioethanol production through simultaneous
saccharification and fermentation. In this process, I employed a cellulolytic enzyme cocktail
comprising a blend of commercial cellulase (Celluclast 1.5L) and glucosidase to convert the
cellulose within RS into glucose, which was simultaneously fermented by S. cerevisiae into
bioethanol.!!

The results, depicted in Figures 4.7A, 4.7B, and 4.7C, illustrate the concentrations of
glucose, xylose, and ethanol produced during the simultaneous saccharification and
fermentation of Ctrl-RS and VP-RS. Remarkably, the concentrations of glucose, xylose, and

ethanol derived from VP-RS surpassed those obtained from Ctrl-RS.
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Figure 4.7. Time courses of the concentrations of glucose (A), xylose (B), and ethanol (C) produced on the

simultaneous saccharification and fermentation of Ctrl-RS (cyan) and VP-RS (orange).

Figure 4.7A shows that glucose concentrations rapidly increased for both Ctrl-RS and
VP-RS in the initial 12 hours of incubation, followed by gradual decreases as the incubation
time progressed. At 12 hours of incubation, a substantial difference in glucose production
became evident. VP-RS yielded a glucose concentration of 12.2 mg/mL, whereas Ctrl-RS
only produced 8.2 mg/mL, indicating 1.5-fold enhancement in glucose production for VP-
RS (Figure 4.7A). The decrease in glucose concentration beyond 12-hours for both Ctrl-RS
and VP-RS indicates glucose consumption by S. cerevisiae surpasses the glucose production.

Meanwhile, the production of xylose from Ctrl-RS and VP-RS displayed a steady

increase over the course of incubation (Figure 4.7B). After 96 hours of incubation, VP-RS
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yielded a xylose concentration of 1.8 mg/mL, while Ctrl-RS produced 1.6 mg/mL, signifying
1.1-fold enhancement in xylose production for VP-RS (Figure 4.7B). In my study, I used a
wild-type S. cerevisiae which does not consume xylose for its metabolic activity, hence, the
xylose concentration did not decrease over the fermentation period.

The production of ethanol from Ctrl-RS increased steadily until the incubation time
of 72 hours, followed by a decline thereafter (Figure 4.7C). Meanwhile, the production of
ethanol from VP-RS increased steadily until the incubation time of 48 hours, followed by a
decline thereafter (Figure 4.7C). At 48 hours of incubation, VP-RS had produced 7.8 mg/mL
ethanol, whereas Ctrl-RS had yielded 5.4 mg/mL, signifying a noteworthy 1.4-fold increase
in ethanol production for VP-RS (Figure 4.7C).

The elevated bioethanol production in VP-RS, compared to Ctrl-RS, can be attributed
to the effective delignification of RS by the VP treatment, which results in effective
saccharification. This was verified through Klason lignin quantification, SEC, FTIR, and
SEM analyses. The delignification process disrupted the cellulose-hemicellulose-lignin
matrix in RS, as corroborated by the SEM analysis discussed in section 4.2.7. This disruption
significantly increased the internal surface area, enhancing cellulose accessibility to cellulase
and substantially boosting the fermentable sugar yield. This higher yield of fermentable sugar
1s supposed to be directly translated into a greater quantity of bioethanol produced from VP-

RS.
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4.3 Conclusions

In this study, [ harnessed the potential of VP, expressed in P. pastoris, as a biocatalyst
for effectively delignifying RS at 30°C. My results unveiled 35% delignification of RS by
VP (Table 4.3), demonstrating its effectiveness as an eco-friendly delignification biocatalyst.
Following the delignification process, I conducted enzymatic saccharification for VP-RS,
resulting in a 1.5-fold increase in glucose production and a 1.5-fold increase in reducing sugar
production compared to those for Ctrl-RS. Additionally, SEC, FTIR, and SEM analyses
demonstrated that VP disrupted the cellulose-hemicellulose-lignin matrix within RS. This
disruption led to increased porosity and an expanded internal surface area, which, in turn,
enhanced the cellulase accessibility to cellulose. These structural changes significantly
improved the efficiency of enzymatic saccharification in VP-RS. Furthermore, this
heightened efficiency in enzymatic saccharification is directly translated into a substantial
1.4-fold increase in bioethanol production for VP-RS compared to that for Ctrl-RS. In
summary, my study highlights the potential of VP as a biocatalyst for both RS delignification

and the enhancement of bioethanol production through an environmentally friendly approach.

4.4 Experimental procedures
4.4.1 Cloning and expression of VP gene in Pichia pastoris

The VP gene sequence from Pleurotus eryngii (UniprotKB/Swiss-Prot: 094753.1,
VP) was codon optimized for expression in Pichia pastoris and synthesized by Thermo
Fisher Scientific. Subsequently, the VP gene was amplified using the polymerase chain

reaction (PCR) and ligated into the pPICZaA vector (Invitrogen, USA) at the Kpnl and Xbal
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restriction sites. The resulting construct, named pPICZaA-VP, was linearized with Sacl and
introduced into competent P. pastoris X-33 (Invitrogen, USA) through electroporation.
Transformants were then cultivated on YPDS agar medium (containing 1% yeast extract, 2%
peptone, 2% glucose, 1 M sorbitol, 2% agar, and 100 pg/mL zeocin) at 30 °C for three days.
Positive clones were identified using a combination of colony PCR, a 1 mL-scale expression

check, and an activity assay.

4.4.2 Optimizing the expression of VP

For the optimization of VP expression, a single colony of the confirmed transformant
was inoculated into 10 mL of BMGY medium (1% yeast extract, 2% peptone, 1.34% yeast
nitrogen base with ammonium sulfate, 0.1 M potassium phosphate (pH 6), 0.4 pg/mL biotin,
and 1% glycerol). The culture was then incubated at 30 °C with 200 rpm shaking until the
optical density at 600 nm (ODsoo) reached 4.0. To induce the expression of VP, the cells were
harvested by centrifugation at 3,500 x g for 5 min and resuspended in 10 mL of BMMY
medium (1% yeast extract, 2% peptone, 1.34% yeast nitrogen base with ammonium sulfate,
0.1 M potassium phosphate (pH 6), 0.4 ng/mL biotin, and 0.5% methanol) supplemented
with 1 mM CaCl,. The induction was carried out at 15 °C.

During the induction phase, hemin dissolved in different solvents was added to the
BMMY medium. A total of five different hemin addition methods were tested. Three hemin
stock solutions were prepared by dissolving 10 mg of hemin in 1 mL of 0.1 M KOH, 0.1 M
NaOH, and 0.1 M NH4OH. Meanwhile, hemin dissolved in DMSO was prepared by

dissolving 32.6 mg of hemin in 1 mL of DMSO. Lastly, solid hemin was added directly to
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the BMMY medium. Hemin stock was introduced cumulatively at 12 or 24 h intervals to
reach a final concentration of 100 mg hemin per 1 L of BMMY medium after 72 h induction.
In parallel, methanol (0.5% of culture volume) was also cumulatively added at 12 h intervals.
As a control, induction without any addition of hemin was also performed. After 72 h
induction, the supernatant containing the secreted VP was collected by centrifugation at
12,000 x g for 5 min and the enzymatic activity of crude VP was determined using 2,6-
dimethoxyphenol (DMP) as the substrate.

Next, optimization of the amount of hemin addition during the induction phase was
performed. Hemin stock (10 mg/mL hemin in 0.1 M NH4OH) was added every 12 h to reach
a final concentration of 0 to 1000 mg of hemin per 1 L of BMMY medium after 72 h of
induction. In parallel, methanol (0.5% of culture volume) was also cumulatively added at 12
h intervals. After 72 h of induction, the activity of secreted VP was determined using 2,6-

dimethoxyphenol (DMP) as the substrate.

4.4.3 Production of VP

To produce VP, a single colony was inoculated into a 1 L baffled flask containing 200
mL of BMGY medium (1% yeast extract, 2% peptone, 1.34% yeast nitrogen base with
ammonium sulfate, 0.1 M potassium phosphate (pH 6), 0.4 pg/mL biotin, and 1% glycerol).
The culture was maintained at 30 °C with constant agitation at 200 rpm until the optical
density at 600 nm (ODsoo) reached 4.0. At this point, the cells were harvested through
centrifugation at 4,500 x g for 5 min and then resuspended in BMMY medium (1% yeast

extract, 2% peptone, 1.34% yeast nitrogen base with ammonium sulfate, 0.1 M potassium
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phosphate (pH 6), 0.4 ng/mL biotin, and 0.5% methanol) to achieve an ODgoo of 1.0 to induce
VP expression. During induction, a hemin stock solution (10 mg hemin dissolved in 1 mL of
0.1 M NH4OH) was added cumulatively at either 12-hour or 24-hour intervals, a final
concentration of 100 mg hemin per 1 L of BMMY medium being reached after 72 hours of
induction. In parallel, methanol (0.5% of culture volume) was also added cumulatively at 12-
hour intervals. The induction phase was performed at 15 °C for 72 hours.

After 72 hours, the culture supernatant containing secreted VP was collected by
centrifugation at 8,000 x g for 30 minutes. Subsequently, the supernatant was filtered through
a 300-kDa cut-off membrane (Pall, USA) using a Minimate TFF system (OAPMP110, Pall)
to remove cell debris. The resulting cell-free supernatant was concentrated 40-fold and then
underwent buffer exchange to 50 mM sodium malonate (pH 4) using a 10-kDa cut-off
membrane (Pall, USA). The resulting solution, referred to as crude VP, was stored at 4 °C for

future use.

4.4.4 Enzymatic activity assessment of VP using monomeric substrates

The enzymatic activity of crude VP was evaluated using three monomeric substrates:
veratryl alcohol (VA), 2,6-dimethoxyphenol (DMP), and guaiacol (Figure 4.2). The assays
were conducted at 25 °C in 200 pL of reaction mixture containing 10 pL of crude VP, 1 mM
substrate, MnSO4 (0 or 2 mM), and 0.5 mM H>0.. The pH conditions were adjusted using
either 125 mM sodium tartrate (for pH 3) or 50 mM sodium malonate (for pH 4-7).

For VA, the formation of veratryl aldehyde was monitored by measuring the increase

in absorbance at 310 nm using a UV-Vis spectrophotometer (Shimadzu UV-1900i1, Japan).
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For DMP and guaiacol, the formation of the dimeric product was monitored by measuring
the increase in absorbance at 469 nm (DMP) and 470 nm (guaiacol) using an Infinite® 200
PRO spectrophotometer (TECAN). The product’s quantity was determined using the molar
absorption coefficient of each product: VA (€310 =9,300/M cm), DMP (&4690 = 24,800/M cm),
and guaiacol (g470 = 26,600/M cm).**8

Enzyme activity was expressed in units (U), defined as the amount of VP required to

catalyze the production of 1 umol of product per minute under the specified assay conditions.

4.4.5 Enzymatic activity assessment of VP using dimeric substrates

The enzymatic activity of crude VP was evaluated using two dimeric substrates:
guaiacylglycerol-p-guaiacyl ether (GGE, TCI, Japan) and syringylglycerol-B-guaiacyl ether
(SGE, Merck) (Figure 4.3). The reaction was performed at 25 °C in a 1 mL reaction mixture
containing 50 mM sodium malonate (pH 4), 1 mM substrate, 0.694 mU VP, and 2 mM
MnSO4. Reactions were initiated by adding H,O; (0-50 mM), followed by incubation for 12
hours. After 12 hours, the reactions were terminated by heating at 95 °C for 10 minutes.

The resulting products were analyzed using a reverse-phase high-performance liquid
chromatography (RP-HPLC) system (Shimadzu, Japan), equipped with an SPD-20A UV-Vis
detector set to monitor absorbance at 280 nm. To prepare the samples for RP-HPLC analysis,
acetonitrile (ACN) was added to the reaction product (GGE or SGE treated with VP) to adjust
the final concentration to 5% ACN, and the resulting mixture was filtered through a 0.2 pm
polytetrafluoroethylene (PTFE) membrane. For analysis, 20 pL of the filtered sample was

injected into a TSKgel ODS-80Twm (6.0 x 150 mm, Tosoh, Japan) analytical column, which
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was maintained at 45 °C throughout the analysis. The mobile phases consisted of water
(eluent A) and ACN (eluent B), both containing 0.1% trifluoroacetic acid. The elution profile
used was as follows: an isocratic step at 5% B for 0-5 min, a linear gradient from 5 to 40%
B over 5-15 min, a linear gradient from 40 to 95% B over 15-40 min, an isocratic step at 95%
B for 40-45 min, a linear gradient from 95 to 5% B over 45-46 min, and an isocratic step at
5% B for 47-52 min. The flow rate was set at 0.5 mL/min.

Conversion of the substrate was estimated based on its peak area on the
chromatograms before and after the reaction. Two independent experiments were performed

to determine the mean and standard deviation.

4.4.6 Preparation of rice straw

Rice straw (RS) obtained from Nagano, Japan, was finely pulverized and sieved to
achieve a particle size smaller than 40-mesh. The resulting straw powder was subjected to
Soxhlet extraction with acetone for 24 hours, followed by overnight drying at 40 °C. The
resulting solid was thoroughly washed with water until the supernatant became nearly

colorless. The solid was subsequently lyophilized, yielding the raw RS used in this study.

4.4.7 VP-catalyzed delignification of rice straw

The delignification of RS using VP was performed using an ultrafiltration stirred cell
(UFSC40001, Merck) equipped with a 76 mm diameter, 1 kDa cut-off RC membrane disc
(PLACO07610, Merck).?® The reaction mixture was composed of 5 g RS, 2 mM MnSO4, and

15 U VP, in a total volume of 300 mL, adjusted to a pH of 4 with 50 mM sodium malonate.
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The reaction was initiated by adding 1 mM H>O» and conducted with magnetic stirring at
30 °C for 24 hours. At the start of the reaction, the mixture’s surface was pressurized to 4 bar
with air, which resulted in a filtration rate of approximately 15 mL/h. Every 6 hours, 90 mL
of 50 mM sodium malonate (pH 4), containing 2 mM MnSQO4 and 1 mM H>O», was added to
the reaction vessel. The same procedure was followed in the control experiment, except VP
was omitted.

After 24 hours, the solid residue remaining in the reaction vessel was collected. The
solid residue obtained on treatment with VP (VP-RS) and without VP (Ctrl-RS) was
thoroughly washed with water until a nearly colorless supernatant was obtained.
Subsequently, the washed residue was suspended to a concentration of 0.25 g/mL using 50
mM sodium citrate (pH 4.8) for subsequent saccharification and fermentation experiments.
For composition, SEC, SEM, and FTIR analyses, the washed solid residue was lyophilized

prior to further analysis.

4.4.8 Composition analysis of rice straw by the Klason lignin method

The cellulose, hemicellulose, and lignin contents of raw RS, Ctrl-RS, and VP-RS
were determined using the laboratory analytical procedure (LAP) established by the National
Renewable Energy Laboratory (NREL).* In brief, a 100 mg sample was subjected to
hydrolysis with 1 mL of 72% w/w H2SO4 for 1 hour at 30 °C. Subsequently, the solution was
diluted to 4% w/w H2SOs using hot water and then autoclaved for 1 hour at 121 °C. The
resulting hydrolyzed sample was filtered to separate the hydrolysis liquor from the acid-

insoluble residue.
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The hydrolysis liquor was used to determine acid-soluble lignin through UV-
spectroscopy at a wavelength of 282 nm.>* The glucan and xylan contents of the hydrolysis
liquor were measured using a high-performance liquid chromatography (HPLC) system, as
detailed in a subsequent section.

The acid-insoluble residue, collected through the filtration was thoroughly washed
with water, followed by drying at 105 °C until a constant weight was attained, after which it
was weighed. This dried acid-insoluble residue was then subjected to heating at 575 °C for 6
hours in a muffle furnace to determine the ash content. The difference in weight between the
acid-insoluble residue and ash content represented acid-insoluble lignin in the sample. The
summation of acid-insoluble and acid-soluble lignin represented the total lignin content of
the sample.

The extent of delignification achieved was calculated using Eq. (4.1), where
Miignin in raw RS T€Presents the total lignin mass within raw RS, and Myignin in sample the

total lignin mass within the sample (VP-RS and Ctrl-RS).*

Delignification (%) — Mlignin in raw RS ~Mlignin in sample x 100 (41)

Mignin in raw RS

4.4.9 HPLC analysis

The contents of glucose, xylose, and ethanol in the samples were determined using a
HPLC system (Shimadzu, Japan) equipped with a refractive index detector (RID-20A,
Shimadzu). The analysis was performed utilizing an Aminex HPX-87H (Bio-Rad
Laboratories, Hercules, CA, USA) analytical column maintained at 60 °C. The mobile phase

consisted of a 5 mM H>SO4 solution at a flow rate of 0.6 ml/min. To quantify the compounds
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present in the samples, a calibration curve was established using standards with varying
concentrations of glucose, xylose, and ethanol. Prior to analysis, samples were diluted four-
fold with 5 mM H>SOs4 and filtered through a 0.2 um hydrophilic polytetrafluoroethylene
(PTFE) membrane. Subsequently, 10 pL of each sample was injected into the HPLC system

for analysis.

4.4.10 Molecular weight analysis of treated rice straw

The molecular weight distributions of lignin within Ctrl-RS and VP-RS were
determined using size-exclusion chromatography (SEC). A sample (Ctrl-RS or VP-RS) was
pretreated as follows. The sample was ball-milled using a Fritsch P-6 planetary mono mill,
500 mg of the sample being added to an 80 mL agate jar containing 100 g of 3 mm ZrO;
beads. The milling was performed under a nitrogen environment at 550 rpm for 1.5 h (90
cycles of 1 min milling with 1 min intervals). The milled solid was repeatedly washed with
water and then lyophilized. 10 mg of the lyophilized solid was treated twice with 1.5 FPU of
a cellulolytic enzyme cocktail (CellicCtec2, Novozymes, Denmark) in 50 mM sodium citrate
(pH 4.8) at 50 °C for 72 h to yield cellulolytic enzyme lignin (CEL). CEL was then acetylated
by incubation in 500 uL of a 1:1 v/v mixture of anhydrous pyridine and acetic anhydride for
24 h at 50 °C with shaking. The acetylated sample was then co-evaporated with toluene to
remove the reagents. The obtained acetylated CEL was dissolved in tetrahydrofuran, and the
soluble fraction was passed through a 0.2 um PTFE filter. 10 uL of the filtered sample was
injected into a HPLC system equipped with an SPD M20A photo diode array detector and

three tandemly connected TSKgel SuperMultiporeHZ-M analytical columns (4.6 x 150 mm,
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Tosoh, Japan). The analysis was performed at 40 °C using tetrahydrofuran as a mobile phase
at a flow rate of 0.35 mL/min.

Calibration curves were constructed using a series of polystyrene standards
(PStQuickC, weight-average molecular weight (My) = 5970-2110000, Tosoh), 1-(3,4-
Dimethoxyphenyl)-2-(2-methoxyphenoxy)-1,3-propanediol (Mw = 334), and vanillin (My, =
152). LabSolutions software (Shimadzu) was employed to determine the My, number-

average molecular weight (M), and polydispersity index (Mw/M,) for the samples.

4.4.11 Structural morphology analysis of treated rice straw

The structural morphology of the Ctrl-RS and VP-RS samples was assessed using a
scanning electron microscope (SEM). The samples were uniformly spread on a conductive
adhesive strip with a thickness of less than 1 cm. Subsequently, a gold coating was applied
to the samples, which were then subjected to SEM analysis using a VE-9800 SEM instrument

from KEYENCE, Japan.

4.4.12 Fourier transform infrared spectroscopy analysis of treated rice straw

Fourier transform infrared spectroscopy (FTIR) was employed to evaluate changes in
functional groups resulting from VP-treatment. FTIR spectra of Ctrl-RS and VP-RS samples
were generated using a PerkinElmer UATR Two FTIR spectrometer. Scans were conducted

within the spectral range of 4000-400 cm™ with a detector resolution of 2 cm™.
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4.4.13 Enzymatic saccharification of treated rice straw

Enzymatic saccharification of RS was conducted using a cellulolytic enzyme cocktail
comprising cellulase (Celluclast 1.5L, Novozymes, Denmark) and glucosidase from
Aspergillus niger. The saccharification was carried out in a 10 mL reaction mixture in a
Falcon tube, containing 50 mM sodium citrate (pH 4.8), 0.3 g sample (Ctrl-RS or VP-RS),
0.4 FPU Celluclast 1.5L (equivalent to 2 FPU/g substrate), and 1.2 U glucosidase (equivalent
to 6 U/g substrate). The reaction was performed for 96 hours at 30 °C with continuous
shaking. To prevent microbial contamination, sodium azide (20 mg/L) was included in the
reaction mixture.

At specific time points (0, 24, 48, 72, and 96 hours), samples were collected and
subsequently centrifuged at 12,000 x g for 5 minutes to separate the supernatants for analysis.
Glucose concentrations were determined using the HPLC system described earlier. The
concentration of reducing sugar was determined using the dinitro salicylic acid method

(DNS), with glucose as the standard for quantification.>!

4.4.14 Simultaneous saccharification and fermentation of treated rice straw

The simultaneous saccharification and fermentation (SSF) of RS was conducted using
Saccharomyces cerevisiae strain D452-2.°%% The process was carried out in a flask,
containing a fixed volume of 30 mL of 50 mM sodium citrate (pH 4.8), containing S.
cerevisiae (ODgoo = 0.5), 1% yeast extract, 2% peptone, 3 g of the sample (Ctrl-RS or VP-

RS), 24 FPU of Celluclast 1.5L (equivalent to 8 FPU/g substrate), and 24 U of glucosidase
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(equivalent to 8 U/g substrate). The SSF process was conducted at 30 °C with continuous

shaking for 96 hours.

Samples were collected at designated time intervals (0, 24, 48, 72, and 96 hours), and

subsequently centrifuged at 12,000 x g for 5 minutes to separate the supernatants for analysis.

The concentrations of glucose, xylose, and ethanol produced during the SSF were determined

using the HPLC system described earlier.
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In this study, I successfully expressed three distinct ligninolytic enzymes: MnP, LiP,
and VP in Pichia pastoris and demonstrated their catalytic activities across various substrates.
My investigation primarily centered on evaluating their potential for the valorization of
lignocellulosic biomass, shedding light on new possibilities for sustainable biomass
valorization.

Chapter 2 delves into the intricate catalytic mechanisms of CsMnP, with a specific
emphasis on its application in the valorization of Kraft lignin. Through a rigorous exploration
of CsMnP's enzymatic characteristics using a phenolic-type lignin model dimer (GGE) as the
substrate, I uncovered valuable insights. Notably, I observed that CsMnP's catalytic activity
requires the presence of hydrogen peroxide (H20:) and can be further enhanced by the
addition of MnSO4. My analysis of reaction products, facilitated by RP-HPLC, SEC, and 2D
NMR techniques, unveiled the formation of polymerized products derived from GGE.
Additionally, I successfully identified a predominant product as a biphenyl GGE linked at
the 5-5" position of the phenolic ring. Furthermore, my examination of CsMnP's application
in the polymerization of Kraft lignin unveiled a significant reduction in phenolic content and
a substantial increase in molecular weight compared to the pre-reaction state. NMR analysis
provided further support for this successful polymerization. Overall, Chapter 2 presents novel
insights into CsMnP's enzymatic properties and its potential as a biocatalyst for synthesizing
lignin-based products through polymerization reactions.

Chapter 3 presents a pivotal investigation into the application of MnP and LiP as
biocatalysts for lignin depolymerization in beech wood. Addressing the challenge of reactive

lignin fragments repolymerization, I introduced a membrane bioreactor equipped with a 3
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kDa membrane to efficiently separate these fragments from the reaction medium. The results
were impressive, with up to a 2.5-fold increase in lignin removal compared to conventional
batch bioreactors, all achieved without the need for additional chemicals or solvents. This
enhanced depolymerization process, coupled with the successful isolation of valuable
aromatics like vanillin, holds great promise for downstream applications in the production of
valuable biochemicals. Moreover, the saccharification efficiency of the remaining
lignocellulosic materials significantly improved, highlighting the substantial advantages of
employing a membrane bioreactor for lignin depolymerization.

Chapter 4 introduces a promising approach utilizing versatile peroxidase (VP) for
lignin removal from rice straw, a valuable agricultural residue with substantial potential for
bioethanol production. VP's selective lignin removal, facilitated within a membrane
bioreactor, resulted in a remarkable 35% delignification of rice straw at 30 °C. This process
disrupted the cellulose-hemicellulose-lignin matrix within rice straw, increasing porosity and
the internal surface area, ultimately enhancing cellulase accessibility to cellulose. As a result,
glucose and bioethanol production exhibited remarkable increases, with VP-treated rice straw
outperforming its counterpart by up to 1.5-fold and 1.4-fold, respectively. These findings
emphasize the environmentally friendly potential of VP for delignifying rice straw and
significantly improving bioethanol production.

In summary, my study successfully developed methodologies for the expression of
MnP, LiP, and VP using Pichia pastoris and confirmed their catalytic activity. The
applications of these peroxidases for the valorization of technical lignin and lignocellulosic

biomass open exciting avenues for sustainable biomass utilization. Looking forward, my
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research aims to further manipulate the outcomes of peroxidase-catalyzed reactions towards
high-value bioproducts. Additionally, I intend to explore the synergistic potential of MnP, LiP,
and VP to achieve even more efficient lignin delignification. This research paves the way for

greener and more sustainable pathways in biomass utilization.
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